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Abstract
Title of Dissertation: Evaluation Of Calcium Homeostasis Within The mdx Skeletal
Muscle
Dissertation Directed By: Dr. Christopher Ward, PhD, Associate Professor,
University of Maryland School of Nursing

Background: Duchenne muscular dystrophy is a terminal X-linked muscle wasting
disease occurring in 1 out of every 3,500 live male births. Currently, no cure exists.
However, current data implicate a relationship between reactive oxygen species (ROS),
Ca2+, and membrane permeability possibly affecting the muscle degeneration associated
with DMD.
Design: I assayed myoplasmic ROS during field-stimulated contractions using a green
fluorescent protein targeted to the mitochondrion. Its fluorescence changed depending
on the oxidizing or reducing conditions within the mitochondrion. My findings
suggested the mitochondria are not the primary source of intracellular ROS generation
during field-stimulated contractions. Instead, NADPH oxidase may provide an
important source for ROS generation during unloaded contraction. I then evaluated the
sensitivity of Excitation Coupled Calcium Entry (ECCE) to ROS, using manganese
(Mn2+) quench (a surrogate to Ca2+ influx), after treating the muscle fibers with
oxidizing or reducing solutions.
Results: Exogenous H2O2 treatment of myofibers did not alter either the basal or ECCE
Ca2+ permeability in the WT fibers when compared to the non-treated controls.
Oxidation with H2O2 did not significantly affect the basal Ca2+ permeability in the mdx
fibers, but did greatly increase ECCE permeability by almost 8 fold greater than WT

basal rate with 100 μM [H2O2]. In opposition to oxidation, scavenging ROS with nacetylcysteine decreased Mn2+ permeability during ECCE in mdx muscle.
The TRP channel inhibitor BTP2, reduced the Mn2+ permeability during basal
conditions and Mn2+ permeability during ECCE in mdx muscle fibers by 87% and
96%, p <.05, respectively. In WT fibers, BTP2 reduced Mn2+ permeability ECCE by
67%, p<.05, but did not inhibit the basal permeability.
Conclusions: The experimental results reveal the ECCE pathway is exuberant in mdx
muscle. Furthermore, ECCE is ROS sensitive and contributes to the altered Ca2+
homeostasis in mdx skeletal muscle. The increased ROS generation in mdx skeletal
muscle may directly or indirectly mediate TRPC activity to generate the Ca2+
dyshomeostasis associated with dystrophin deficiency.
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CHAPTER 1 STATEMENT OF PROBLEM
1.1

Introduction

Duchenne muscular dystrophy (DMD) is a degenerative muscular disease
deriving from an X-linked genetic mutation thereby inhibiting the proper translation of
the 427 kDa protein, dystrophin (Koenig et al., 1987; Koenig, Monaco, & Kunkel,
1988). Dystrophin deficiency forms the genetic basis for DMD, but the secondary
effects related to the loss of this protein are the primary causes for the skeletal muscle
degeneration associated with its pathology. The incidence of DMD is approximately 1
case per 3,500 live male births (Emery, 1991) with the worldwide prevalence averaging
approximately 1 case per 15,000 male live births (Emery, 1991).
In general, males born with DMD mutations generally live until their late 20’s
or early 30’s. Initially, newborns with DMD do not exhibit an overt phenotype
noticeable by parents. However, by 18 months of age astute parents may notice slower
mobility. Dystrophin deficient children are often seen as having difficulty walking or
running as quickly as peers, and they may seem “clumsy” (Emery, 2002b). By the 2nd
to 4th year of life, gross ambulatory and muscle structure differences will be noticeable.
Pseudohypertrophy in the calf muscles secondary to fibrosis or fat deposition will
provide a larger than average muscle circumference. If suspicions exist about the
possibility of DMD, serum samples can be analyzed for elevated creatine kinase,
alanine aminotransferase, or aspartate aminotransferase, indicating muscle damage if
present in the serum. Direct genetic analysis of primary mutation sites can also provide
a diagnosis within 95% confidence (Bushby, 1992) .
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By the end of the first decade of life, the degeneration of peripheral muscles in
the lower extremities induces contractures. In the early teenage years, children with
DMD are most often wheel-chair bound and likely suffer from severe scoliosis (Do,
2002; A. Y. Manzur, M. Kinali, & F. Muntoni, 2008). In many cases, spinal
deformities, due to postural muscle myopathy, limit the ability to exhale, thereby
increasing the chance for respiratory complications secondary to infections. Ventilation
assistive devices may be used to increase insufflations to help decrease this possibility
(A.Y. Manzur, M. Kinali, & F. Muntoni, 2008). Ultimately, those with DMD die
between the ages of 20 to 30 years most likely from either cardiac or respiratory
difficulties (Emery, 2002b)
1.2

Dystrophin Protein Characteristics

The initial positional cloning analysis provided structural knowledge of the
dystrophin protein (Monaco et al., 1986). The dystophin gene encompasses
approximately 2.2 Mbps, whose final protein product is 3685 amino acids in length
(Ervasti & Sonnemann, 2008). The dystrophin protein (Figure 1.2.1) is a rod shaped
(Koenig, Monaco, & Kunkel, 1988) monomeric (Le Rumeur, Winder, & Hubert, 2010)
protein binding to β- dystroglycan at the dystroglycan (DGC) complex. Dystrophin has
4 hinge regions, an N-terminus actin binding domain (ABD1) binding the F-actin
cytoskeletal structure, 24 spectrin like repeats separated into three distinct coiled-coil
regions (Koenig, et al., 1988) of which another region binds (ABD2) to F-actin
(Amann, Renley, & Ervasti, 1998; Renley, Rybakova, Amann, & Ervasti, 1998). A
cysteine rich domain is located directly medial to the C-terminus domain, which
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Figure 1.1 Skeleton diagram for dystrophin.
Key domains emphasized, (adapted from Le Rumeur et al., 2010) : ABD1(2): actin binding domains 1,2,
NH2: Amino terminus, LBD1(2), lipid binding domains 1, 2, CRD: Cysteine rich domain, COOH:
Carboxyl terminus, β DGC: beta-dystroglycan, DS: Dystrobrevin/Syntrophin domain, H 1- 4: Hinge
regions 1 - 4 (Le Rumeur, et al., 2010).

contains binding sites to α1-syntrophin and α-dystrobrevin at this end. The dual protein
structure of α and β dystroglycan form a portion of the dystrophin associated complex
(DAPC), including the proteins dystrophin, sarcospan, the sarcoglycans, αdystrobrevin, α and β syntrophin, nitric oxide synthase, caveolin-3 and laminin-α2
(Ibraghimov-Beskrovnaya et al., 1992) (Figure 1.2.2).
β - dystroglycan (β DG) forms a single pass transmembrane protein crossing
the sarcolemma. After crossing the sarcolemma, β DG attaches to α-dystroglycan (αDG). The DGC, comprised of α and β dystroglycan, spans the sarcolemma with α-DG
connecting the costameric intracellular F-actin cytoskeleton to the laminin-α2 receptor.
The entire DAPC connects the basement membrane (Ervasti & Campbell, 1993) to the
actin cytoskeletaon. With multiple binding sites and associated proteins, the exact
intracellular and extracellular functions for this DAPC have not been completely
detailed, but dystrophin forms an integrated part of its structure (Figure 1.2.2).

3

Figure 1.2 Dystrophin Associated Protein Complex.
Putative binding partners with dystrophin. NH2: Amino terminus, COOH: Carboxyl terminus, CRD:
cysteine rich domain. Dystrophin forms an integral structure for maintaining binding relationships most
likely required for force transmission and intracellular signaling pathways. Please note the lipid binding
domains are not shown binding to dystrophin for clarity.

In cases when the complete 427kD isoform of dystrophin is absent, as in DMD
in humans or within the dystrophin deficient DMD murine model (mdx), the proteins
within the DGC are concurrently expressed less. For example, the dystrophin associated
proteins sarcoglycan and dystroglans have decreased gross protein expression (Crosbie
et al., 1999; A. K. Peter, Miller, & Crosbie, 2007) as well as the normally syntrophin
bound nitric oxide synthase (nNOS). The decreased amount of structural protein
expression forms the basis for the “weakness” of the dystrophin deficient skeletal
muscle.
However, not all dystrophin deficient mammals express similar pathogenic
genotypes. Dystrophin deficiency may induce different compensatory molecular
pathways. Proteins may become up-regulated to partially compensate for the lack of
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dystrophin expression. For example, in the mdx mouse, the autosomal homologous
protein utrophin is up-regulated (Angela K. Peter et al., 2009) , thereby limiting the
muscle weakness as they age. In human fetal muscle, utrophin is expressed in place of
dystrophin, but in adults, it is primarily expressed at neuromuscular and myotendinous
junctions where it offers little protection from the lack of dystrophin. Current research
is directed at the induction of the utrophin promoter in humans as a curative therapy.
This strategy has shown success in the mdx mouse model (Moorwood et al., 2011).
The exact purpose of dystrophin and how its absence advances the pathogenic
progression of muscle degeneration seen in dystrophin deficient skeletal muscle are still
subject to debate. However, two key hypotheses exist, described by “structural” or
“signaling” characteristics: 1) In the ‘structural’ hypothesis, dystrophin forms a key
scaffold in the large macromolecular DAPC, allowing force transduction from the
myofibrillar contractile apparatus to the extracellular connective tissue (Moens,
Baatsen, & Marechal, 1993; Petrof, 1998). In this configuration, dystrophin maintains
structural integrity of the muscle fiber and subsequent loss of the protein results in
mechanical weakening of the sarcolemma and increased fragility of the muscle fiber to
contraction. 2) In the ‘signaling’ hypothesis, dystrophin represents a key protein within
the DAPC “signalplex”. Without dystrophin, the disorganization of the DGC results in
a dissolution of critical signaling proteins responsible for mediating intracellular
secondary signaling pathways (Tidball & Wehling-Henricks, 2004b, 2007; Xiong,
Zhou, & Jarrett, 2009)
However, a combination of both of these pathways most likely contributes to
the onset and progression of the muscle damage associated with dystrophin deficiency.
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Furthermore, muscle damage is known to activate the immune/inflammatory response
(Tidball & Wehling-Henricks, 2005) which in-turn contributes significantly to the
primary pathology of myofiber necrosis and repair. In Figure 1.2.3, the morphological
differences between dystrophin deficient and normal skeletal muscle are shown.

Figure 1.3 Eosin/hematoxylin staining of tibialis anterior (TA) transverse section.
Panel A shows an eosin (red) and hematoxylin (blue) stained transverse cross section of a tibialis anterior
muscle from a normal WT adult mouse. The arrow points to a normal nucleus located on the periphery of
the sarcolemma. Note, no central nucleated fibers are evident and the fiber cross section is normal. Panel
B. This fiber shape is not uniformly normal in the mdx mouse TA muscle. The lower left arrow indicates
centrally nucleated fibers (CNFs) in the mdx sample, indicating muscle fiber regeneration unlike the WT.
The top arrow in Panel B points to an area of fibrosis with macrophage infiltration and irregularly shaped
muscle fibers (Lovering, Porter, & Bloch, 2005b).
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1.3

Calcium dysregulation in DMD

At rest, intracellular Ca2+ within the skeletal muscle cytoplasm remains at a very
low concentration (50 – 100 nM) (Launikonis, Murphy, & Edwards, 2010). The
maintenance of this [Ca2+ ]i is an important responsibility of the muscle cell. Following
activation and Ca2+ activated contraction, multiple mechanisms remove Ca2+ from the
cytosol; the sarcoplasmic reticulum ATPase pump (SERCA), the sodium-calcium
exchanger (NCX), and plasma membrane calcium ATPase pumps (PMCA). If Ca2+
homeostasis becomes altered and Ca2+ remains elevated, pathological consequences can
occur. As postulated for DMD, increased cytosolic [Ca2+] may induce several pathways
responsible for the muscle degeneration in DMD, such as calpain activation (Alderton
& Steinhardt, 2000) or increased ROS generation (Howl & Publicover, 1990; Martins,
Shkryl, Nowycky, & Shirokova, 2008; Shkryl et al., 2009).
In addition to the ion-motive PMCA pump (high Ca2+ affinity low flux) and the
NCX (low Ca2+ affinity high flux), intracellular Ca2+ binding proteins such as
parvalbumin (Gailly, Hermans, Octave, & Gillis, 1993; Gillis, 1996) act to keep free
Ca2+ low. Following contraction however, the primary modulation of [Ca 2+]i occurs via
sequestration of Ca2+ into the sarcoplasmic reticulum (SR) by the SERCA pump
(Baylor & Hollingworth, 2003) (Figure 1.3.1).
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Figure 1.4 External Ca2+ entry pathways and ROS sources.
SAC, SOCE, and ECCE represent possible entry pathways increasing intracellular [Ca 2+] . Elevated [Ca2+]
(large grey starburst) may induce a feedforward ROS generation Ca2+ entry cycle. Ca2+ activates calpains
degrading myofibrillar proteins with the eventual result of muscle fiber necrosis. Ca 2+enters the
mitochondria through the Ca2+ uniporter inducing ROS generation and eventual mitochondrial swelling.
SOD (not shown for clarity) dismutes O2.- from the mitochondria into H2O2 thereby activating the nF-κβ
transcription factor. The Iκβ subunit is phosphorylated and ubiquitinated for degradation. The p50/p65
subunits are then available to enter the nucleus and bind to promoter regions of genes responsible for
proinflammatory products such as TnF-α. IL-1β and IL-6 cytokines are also recruited and further stimulate
nF-κβ activation forming a feewforward cycle (Kumar et al., 2003)Ca2+ also activates the PLA2 enzyme
thereby metabolizing membrane phospholipids. Membrane damage occurs (red membrane phospholipids)
allowing more Ca2+ entry.
Abbreviations: NADPH: Nicotinamide adenine dinucleotide phosphate (reduced). NADP +:
Nicotinamide adenine dinucleotide phosphate (oxidized, loss of hydride anion H -). H2O2: Hydrogen
peroxide. SOD: Superoxide dismutase. GPCR: G protein coupled receptor. O2: Molecular oxygen O2.- :
Superoxide. PLA2: Phospholipase A2. ROS: Reactive oxygen species. P450: cytochrome P450
epoxygenase. nNOS: Nueronal nitric oxide synthase. ONOO-: Peroxynitrite. nF-κβ: Nuclear factor – κβ.
Iκβ: Inhibitory κβ. p50: active protein subunit of transcription factor nF-κβ. p65: active protein subunit of
transcription factor nF-κβ. Ca2+ : Calcium. COOH: Carboxyl terminus. NH2 : Amino terminus. PLC:
Phoshpolipase C enzyme. Βγ: Dipeptide subunit complex activated by GPCR. Gα: Activated second
messenger with GTPase activity. PiP2 : Phosphotidylinositol (4,5) – bisphosphate. DAG: Diacylglycerol.
IP3: 1,4,5 – triphosphate IP3R: IP3 receptor. TRP: Transient receptor potential channel. SERCA:
Sarcoplasmic reticulum ATPase pump. STIM: Stromal interacting molecule – 1. ORAI: STIM1 activated
pore protein allowing Ca2+ entry. RyR1: Ryanodine receptor, Ca2+ release channel. DHPR:
Dihydropyridine receptor, voltage sensor for depolarization. TnF-α: Tumor necrosis factor α, cytokine
activating nF-κβ. IL-1β: Interleukin – 1 beta cytokine activating nF-κβ and inflammatory pathways. IL-6:
Interleukin-6, cytokine activator of inflammatory pathways.
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Altered Ca2+ signaling has shown to correlate with the muscle fiber
degeneration phenotypic of DMD. Indicative signs of Ca2+ dyshomeostasis in DMD
include elevated [Ca2+]i in human DMD myotubes (Imbert, Cognard, Duport, Guillou,
& Raymond, 1995) and elevated [Ca2+]i in mdx myotubes (Hopf, Turner, Denetclaw,
Reddy, & Steinhardt, 1996b). Additionally, Turner et al., (1988, 1991) evaluated the
Ca2+ indicator dye fluorescence, fura-2, within mdx and normal adult single muscle
fibers. Their calculations indicated the mdx skeletal muscle fibers did express elevated
levels of resting [Ca2+ ]i levels (P. R. Turner, P. Y. Fong, W. F. Denetclaw, & R. A.
Steinhardt, 1991; Turner, Westwood, Regen, & Steinhardt, 1988).
While not all research could duplicate the global elevation in [Ca2+ ]I (Gailly,
Boland, Himpens, Casteels, & Gillis, 1993; Gillis, 1996; Pressmar, Brinkmeier,
Seewald, Naumann, & Rudel, 1994), analysis of the subsarcolemmal microdomain
revealed elevated [Ca2+] (Mallouk & Allard, 2002; Mallouk, Jacquemond, & Allard,
2000; P. R. Turner, P. Fong, W. F. Denetclaw, & R. A. Steinhardt, 1991). The reasons
for the increased Ca2+ levels were unclear. Turner (1991) and Steinhardt (2000) favored
the evidence of cationic leak channels to explain the increased flux from the
extracellular space (Alderton & Steinhardt, 2000; P. R. Turner, et al., 1991; Turner, et
al., 1988). However, these channels were not identified. Additionally, the increased
[Ca2+]i in the mdx muscle fibers may have occurred from less SERCA pump activity.
To test this possibility, Turner (1991) compared the post tetanic decay coefficients
between the WT and mdx muscle fibers and found they were similar, thus supporting
the potential for a Ca2+ influx pathway.
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Several pathways have been shown to allow increased sarcolemmal Ca2+ entry
in mdx skeletal muscle. Store Operated Calcium Entry (SOCE) describes the
extracellular Ca2+ current entry after depletion of the Ca2+ stores within the
sarcoplasmic reticulum (SR). This pathway has been shown to be operant in nonexcitable cells such as endothelial cells. SOCE in non-excitable cells commonly occurs
with the G protein coupled receptor to the phospholipase C/ diacyglycerol/ inositol
1,4,5 trisphosphate (PLC/DAG/IP3) pathway (Hoth & Penner, 1992; Parekh, Fleig, &
Penner, 1997).The IP3 is the effector ligand binding to the IP3 receptor (IP3 R) located
on the endoplasmic reticulum (ER). However, the physiologic activity of SOCE has
been questionable in excitable cells such as skeletal muscle because some researchers
have shown its time course of activation can take between seconds to tens of seconds
and to be inhibited by depolarization (Kurebayashi & Ogawa, 2001). However, in vitro
evidence has demonstrated that mdx muscle fibers display a SOCE current three times
greater than that in WT muscle (Edwards, Friedrich, et al., 2010).
In addition to a store sensitive mechanism, Ca2+ entry is also activated by
mechanical stretch. Initial studies of this mechanosensitive current revealed osmotic
stress (Shkryl, et al., 2009) or pipette suction could induce a greater inward Ca2+ current
in mdx that WT (Franco & Lansman, 1990a, 1990b). Individual channel analysis
revealed channels with higher conductance states in mdx myotubes compared to WT
myotubes (Franco & Lansman, 1990a, 1990b).
Recently, a novel voltage dependent Ca2+ entry pathway, termed Excitation
Coupled Calcium Entry, has been shown to be present within immature muscle cells
(Cherednichenko et al., 2004; Hurne et al., 2005). My work validated that ECCE also
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was operant in single adult skeletal muscle fibers (Cherednichenko et al., 2008). This
Ca2+ entry mechanism had not previously been associated with the normal excitationcontraction (EC) coupling paradigm for skeletal muscle. Following activation and SR
Ca2+ release the muscle cell sequesters Ca2+ back into the SR as well as pumping Ca2+
out of the cell (as described above). In this regard ECCE likely serves to maintain SR
[Ca2+] as the cell constantly looses a very small portion of its Ca2+ store with each
contraction. Contraction dependent injury is a hallmark of the dystrophic phenotype.
We believe that if ECCE was altered in DMD, it could contribute to excessive Ca2+
influx during contraction and could therefore contribute to the deleterious elevated
[Ca2+] in mdx skeletal muscle.
1.4

Reactive Oxygen Species in DMD

Reactive oxygen species (ROS) have been shown to modulate multiple
processes in skeletal muscle such as, transcription factor activity, ion transport,
apoptosis, metabolism (R. G. Allen & Tresini, 2000). In skeletal muscle, ROS
production exists within a homeostatic balance to modulate force production (Reid,
2001). Within skeletal muscle, ROS may oxidize proteins such as the calcium release
channel (Aracena-Parks et al., 2006; Hidalgo, Sanchez, Barrientos, & Aracena-Parks,
2006), SERCA pump (Lehotsky, Kaplan, Murin, & Raeymaekers, 2002; Squier, 2001;
Trebak, Ginnan, Singer, & Jourd'heuil, 2010) lipids (Spiteller, 2010), or DNA (Ragu et
al., 2007) enzymes CaMKinase (Franklin, Rodriguez–Mora, LaHair, & McCubrey,
2006; Pinto, de Sousa, & Sorenson, 2011), myofilament proteins (troponin complex
(Hardie & Minke, 1995)); all critical aspects of muscle excitation-contraction coupling.
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Superoxide (O2.-) is a common ROS molecule within skeletal muscle (Reid,
2001). However, O2.- has limited intrinsic reactivity and its negative charge limits its
membrane permeability, but its spontaneous dismutation or enzyme catalyzed
dismutation (See Formula 1) form the membrane permeable H2O2 (Cadenas & Packer,
2002).
1.4.1

Fenton Haber-Weiss Reaction

Formula 1

O2.- + O2 .- + 2H+ → H2O2 + O2

Formula 2

Fe2+ + H2O2 → HO- + OH∙ + Fe3+

The formation of H2O2 provides the catalyst for several processes. First, H2O2
forms the substrate for the production of the extremely reactive hydroxyl radical (OH∙)
via the Fenton reaction with divalent metal cations, but mainly with ferrous iron (Fe2+)
(Formula 2). This hydroxyl radical can then form irreversibly oxidized protein
sulfhydryls indicative of protein “damage” (Cadenas & Packer, 2002; Thomas &
Mallis, 2001) (See Formulas 3 and 4).
1.4.2

Irreversible Protein Oxidation

Formula 3

protein-SOH + (Ox) → protein SO2H

sulfinic acid

Formula 4

protein-SO2H + (Ox) → SO3H

sulfonic acid

Physiological reduction and oxidation of sulfhydryl moieties are required for
proper protein function (Thomas & Mallis, 2001). However, excessive oxidation can
induce a pathogenic response. For example, it has been shown, H2O2 acts as second
messenger to activate the transcriptional nf-KB pathway via a stretch dependent
mechanism (Kumar & Boriek, 2003). This pathway is important because excess
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activation of nf-KB promotes degeneration of skeletal muscle (Reid & Li, 2001b).
Within the context of DMD, the elevated ROS activity may provide the basis for the
pathogenic progression of the skeletal muscle degeneration (Tidball & WehlingHenricks, 2007).
1.5

Ca2+ and ROS as co-factors in DMD

ROS generation may synergistically act with Ca2+ signaling to induce cellular
changes phenotypic for DMD and mdx skeletal muscle (Figure 1.3.1) (Howl &
Publicover, 1990; Shkryl, et al., 2009; N. P. Whitehead, Yeung, & Allen, 2006).
Increasing Ca2+ permeability with a DHPR agonist produced membrane damage and
enhanced membrane permeability secondary to an increase in Ca2+ activated lipid
peroxidation via PLA2 (Howl & Publicover, 1990). This Ca2+ potentiated ROS
production forms the basis for a feed-forward mechanism of ROS induced Ca2+ entry
(Deconinck & Dan, 2007; N. P. Whitehead, et al., 2006; Yeung et al., 2005). Whether
ECCE is exuberant in mdx and whether ROS enhances ECCE is the focus of my
proposed research.
1.6

Purpose of Study

The primary purpose of this study was to determine if excitation coupled
calcium entry (ECCE) contributed to the Ca2+ dysregulation present in dystrophin
deficient skeletal muscle. To this end, the sarcolemmal permeability during
depolarization was evaluated to measure ECCE in mdx and wild type (WT) skeletal
muscle fiber. If ECCE was identified as being exuberant compared to WT, I sought to
determine whether ROS signaling in the mdx muscle mediated the ECCE pathway.
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1.7

Conceptual Framework

Ca2+ and ROS signaling inherently affect each other and may provide the primary basis
for increased sarcolemmal permeability associated with dystrophin deficient skeletal
muscle.

Figure 1.5 Diagram indicating relationships between ROS, Ca2+ and membrane permeability.
The loss of dystrophin increases ROS production.

1.8

Significance of the Studies

Without a known cure for DMD, much attention is being focused on identifying
novel therapeutic targets that could ameliorate the muscle degenerative process (Tidball
& Wehling-Henricks, 2004a). The implications of Ca2+ dyshomeostasis in DMD are
well described and the evidence identifying increased sarcolemmal Ca2+ permeability or
aberrant ROS signaling is strong. Several Ca2+ entry pathways may provide the basis
for therapeutic intervention intervention.
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Pathways for SOCE (Edwards, Friedrich, et al., 2010; Launikonis, et al., 2010)
and SAC entry (Lansman & Franco-Obregon, 2006), have been identified and limited
success in pre-clinical intervention has been shown. Stretch activated channel inhibitors
and ROS scavengers such as NAC have limited the progression of the dystrophin
deficient phenotype in skeletal muscle using in vitro and in vivo techniques. (D. G.
Allen, Gervasio, Yeung, & Whitehead, 2010; Nicholas P. Whitehead, Pham, Gervasio,
& Allen, 2008; N. P. Whitehead, et al., 2006; Yeung, et al., 2005). In this dissertation I
specifically focus on ECCE (Cherednichenko, et al., 2004; Cherednichenko, et al.,
2008). I address if ECCE is operant in mdx and if ECCE susceptible to redox
modulation.
1.9
1.9.1

Aims
Background

Duchenne Muscular Dystrophy (DMD) is a fatal X-linked degenerative muscle
disease. While dystrophin deficiency forms the genetic basis for DMD, it remains
unclear how the absence of dystrophin leads to clinical pathology and enhancement of
contraction induced muscle injury. Altered Ca2+homeostasis and excessive ROS have
been implicated as intracellular effectors contributing to the muscle fiber degeneration
associated with Duchenne muscular dystrophy. While several pathways for Ca2+ entry
and ROS production have been identified in muscle fibers in the resting state in both
normal and mdx muscle, little insight exists into if/how these signaling pathways are
modulated during activation/contraction.
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Aim 1
Confirm whether ROS is generated during physiological muscle activation. If
so, determine whether the source of ROS is intra or extra-mitochondrial in origin.
1. Using a mitochondrially targeted redox-sensitive green fluorescent protein
(MT ro-GFP), determine the contribution of mitochondria to ROS
generation during physiological muscle activation.
2.

Using pharmacological antagonists, determine the extra-mitochondrial
contribution to ROS generation during physiological muscle activation.

(Chapter 4, manuscript 1, accepted for publication) (Michaelson, Shi, Ward, &
Rodney, 2010)
Several pathways for Ca2+ entry have been identified in skeletal muscle. In
recent work, I have demonstrated the Ca2+ entry pathway termed excitation coupled
calcium entry (ECCE) was operant in mammalian muscle consistent with its putative
role in maintaining sarcoplasmic reticulum load during sustained contraction. The
molecular identity of the ECCE pathway has not been defined however evidence
suggests that a member of the TRP family of Ca2+channels is a likely candidate. As
enhanced TRP channel activity has been demonstrated in mdx muscle we believe ECCE
may be operant in excess in mdx skeletal muscle.
1.9.2

Aim 2

I will determine whether ECCE is operant in mdx muscle. I will assay the Ca2+
influx in quiescent muscle and ECCE dependent influx in both mdx and WT skeletal
muscle using the Mn2+ quench technique. If the Mn2+ influx (surrogate for Ca2+ ) is
found to be excessive compared to WT, this will suggest ECCE is responsible for a
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portion of the elevated cytosolic Ca2+ seen in mdx muscle. Here I will use a TRPC
specific blocker (BTP-2) concurrently with Mn2+ quench (Chapter 3, manuscript 2) and
compare the fluorescence quench rates. The rate of quench (loss of fluorescence signal)
corresponds to sarcolemmal permeability and Ca2+ permeability.
1.9.3

Aim 3

Accumulating evidence suggests several intracellular proteins are regulatory
and modulated by ROS. Here I will test if a synergistic relationship between the level
of ROS, basal and/or ECCE dependent Ca2+ entry exists in WT and mdx muscle. The
exogenous application of an oxidant (H2O2 ) or ROS scavenger (n-acetylcysteine;
NAC) will be applied to investigate whether enhancing or reducing the oxidation state
of the cell can modulate basal or ECCE dependent Ca2+ influx.
1.10 Research Hypotheses
1.10.1 Aim1 Hypothesis
ROS generation will be greater during physiological muscle activation in WT adult
skeletal muscle than resting conditions as measured with MT-roGFP.
1.10.2 Aim 2 Hypothesis
The permeability of mdx single adult skeletal muscle fibers will be greater than
the WT skeletal muscle during basal and ECCE conditions measured using Mn2+
quench. The TRPC channel intracellular proteins will mediate the basal and ECCE
permeability in adult mdx and WT skeletal muscle fibers. The TRPC channel inhibitor
4-methyl-4_-[3,5-bis(trifluoromethyl)-1H-pyrazol-1-yl]-1,2,3-thiadiazole-5carboxanilide, BTP2, (He, Hewavitharana, Soboloff, Spassova, & Gill, 2005; H. Li et
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al., 2010; Ohga, Takezawa, Arakida, Shimizu, & Ishikawa, 2008; Ohga et al., 2008)
will be used to evaluate the TRPC channel contribution.
1.10.3 Aim 3 Hypothesis
ROS mediate the basal and/or ECCE dependent Ca2+ entry in WT and mdx
muscle. NAC and H2O2 will be used as exogenous ROS scavenger and oxidizing
equivalents (respectively) to treat the WT and mdx muscle fibers. Mn2+ quench rates of
single adult muscle fibers will then be compared during basal and ECCE conditions.
1.10.4 Assumptions Of The Study
The following assumptions applied to the research questions associated with each
study.
1. Any deleterious damage occurring during the muscle isolation procedure
equally applied to every muscle bundle enzymatically dissociated.
2. All solutions maintained the same bioactivity during course of experiment.
3. All mice were assumed to be the genotype and age as indicated within the
shipping manifest.
4. All reagents remained pure as indicated without contaminants.
1.10.5 Limitations Of The Study
I acknowledge the muscle degeneration cycle within the mdx mouse does not
follow the same acute disease progression as in humans with DMD, however
accelerated weakness does occur as the mdx mice age (Peretz, Sandler, Kirschfeld,
Hardie, & Minke, 1994). The mdx mouse has provided a large portion of the knowledge
regarding the signaling mechanism in dystrophin deficient muscle (Banks &
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Chamberlain, 2008). I am aware newer mouse genotypes exist that provide a DMD
pathogeny more similar to humans (Sacco et al., 2010).
Inhibition of the upregulated dystrophin homologue, utrophin provides a
muscle add this ref heredegeneration pattern more similar to the human DMD
associated muscle loss. In fact, an inducible expression of utrophin in the transgenic
mouse model mdx/utr tet did show decreased occurrences of centrally nucleated fibers,
decreased Ca2+ channel open probability, and increased localization of the dystroglycan
complex to the sarcolemma (Squire et al., 2002). These data indicated utrophin
expression actively limited the muscle degeneration phenotype associated with the mdx
skeletal muscle. However, humans with DMD do express utrophin, so the mdx/utr-/also would not be an exactly valid substitute for DMD pathogeny.
More recently, shortened telomere lengths have correlated well with the DMD
pathogenesis in humans. Sacco et al., (2010) developed a transgenic mouse model, the
mdx/mTR transgenic model to express less telomerase activity. Less telomere activity
shortened the telomeres over time. This model exhibited the phenotypic muscle wasting
characteristics similar to those affected by DMD. The mdx/mTR muscle satellite cells
most likely had reduced capabilities to repair muscle cells, limiting the muscle
regenerative capacity (Sacco, et al., 2010). The mdx mouse has been previously used to
determine important aspects of DMD. In the future, the mdx/mTR mouse may perhaps
become the more common genotype to evaluate the DMD pathology, but until the
mdx/mTR becomes more prevalent, the mdx mouse model has provided a robust model
for pre-clinical transgenic experimentation (Hardie & Minke, 1992) and for
understanding the pathogenesis of DMD (Banks & Chamberlain, 2008).
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Reactive nitrogen species (RNS) have also been implicated in modulating
channel function such as the ryanodine receptor, specifically by S-nitrosylation
(Aracena-Parks, et al., 2006; Bellinger et al., 2009). It is possible RNS may contribute
to the putative TRP channels being investigated in these experiments, however my
analysis of Ca2+ homeostasis did not include the influence from RNS. Future studies
will continue to evaluate role of RNS within dystrophin deficient skeletal muscle and
ECCE activity.
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2

CHAPTER II: REVIEW OF THE LITERATURE: ABNORMAL
CALCIUM ENTRY PATHWAYS UNDERSCORE
DYSFUNCTION IN DUCHENE MUSCULAR DYSTROPHY.

2.1

Introduction

On July 23, 1830, Dr. Charles Bell evaluated a patient No CLXXX (180) – Case
of Partial Paralysis of the Lower Extremities. He continues to describe an 18 year old
man noting ,” All the muscles of the lower extremities, the hips, the abdomen are
debilitated and wasted…This paralytic debility of the muscles came on gradually: he
was first sensible of it public school, about 8 years ago….it is curious to observe how
he will twist and jerk his body to throw himself upright from his seat.” (Bell, 1844).
Dr. Bell did not indicate the type of this muscular dystrophy, or even if it was a
dystrophic disease. Twenty years later, Drs. Edward Meryon and Gillaume Benjamin
Amand Duchenne systematically characterized this similar disease process in patients,
with the eventual eponym of the disease favoring Duchenne, hence the name
Duchenne muscular mystrophy (DMD) (Emery, 1993). Despite this early discovery
almost two centuries ago, current treatments have generally been only supportive and
not ultimately curative (Khurana & Davies, 2003).
The pathogenic progression of DMD is characterized by the relentless
destruction of skeletal muscle tissue. While locomotor and postural muscle impairments
significantly debilitate the DMD patient, respiratory muscle impairment leaves most to
require breathing assistance to maintain an adequate vital capacity during the disease
progression. Implementation of nasal intermittent positive pressure ventilation
(NIPPV) or mouthpiece intermittent positive pressure ventilation (MIPPV) has
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increased the mean lifespan of DMD patients 5 – 7 years (Toussaint, Soudon, &
Kinnear, 2008). Ventilated DMD patients now die more often from cardiac dysfunction
instead of respiratory insufficiency related complications. (Toussaint, et al., 2008).
Therefore, as the assistive measures increase the lifespan of the DMD individual,
clinical staff needs to familiarize themselves to the pathogenesis of this disease process.
This brief review focuses its effort to educating clinicians about one of the primary
theories explaining the skeletal muscle degeneration associated with the disease
progression of DMD. While this authors acknowledges that both smooth and cardiac
muscle also express dystrophin and are also affected in DMD, the reader is directed to
other reviews for consideration of those muscle types (Emery, 2002a; Ervasti &
Sonnemann, 2008).
2.2

Dystrophin

The dystrophin gene, DMD was only recently characterized in the 1980’s
(Koenig et al., 1987; Koenig, et al., 1988; Kunkel et al., 1986; Monaco, et al., 1986).
The initial positional cloning analysis provided the basis for understanding the structure
of the dystrophin protein (Monaco, et al., 1986). The dystophin gene encompasses
approximately 2.2 Mbps whose final protein product is 3685 amino acids in length
(Ervasti & Sonnemann, 2008). The dystrophin protein (Figure 2.2.1) is a rod shaped
(Koenig, et al., 1988) monomeric (Le Rumeur, et al., 2010) protein which binds to βdystroglycan at the dystroglycan (DG) subcomplex. Dystrophin has 4 hinge regions, an
N-terminus actin binding domain (ABD1) which binds the F-actin cytoskeletal
structure, 24 spectrin like repeats separated into three distinct coiled-coil regions
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(Koenig, et al., 1988) of which another region binds (ABD2) to F-actin (Amann, et al.,
1998; Renley, et al., 1998). A cysteine rich

Figure 2.1 Dystrophin Protein: Representation of dystrophin with key domains indicated.
ABD1(2): actin binding domain 1,2, NH2: Amino terminus, LBD1(2), lipid binding domain 1, 2, CRD:
Cysteine rich domain, COOH: Carboxyl terminus, β DGC: beta-dystroglycan, DS:
Dystrobrevin/Syntrophin domain (Le Rumeur, et al., 2010). Dystrophin protein graphic: Used with
permission from DeWayne Townsend University of Minnesota, Dept of Integrative Biology and
Physiology.

domain is located directly medial to the C-terminus domain, which contain binding
sites to α1-syntrophin and α-dystrobrevin at this end. The dual protein structure of α
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and β dystroglycan spans the skeletal glycoprotein complex (DGC) which includes
dystrophin, sarcospan, the sarcoglycans, α-dystrobrevin, α and β syntrophin, nitric
oxide synthase, caveolin-3 and laminin-α2 (Ibraghimov-Beskrovnaya, et al., 1992)
(Figure 2.2.2).

Figure 2.2 Dystrophin Associated Protein Complex.
Putative binding partners with dystrophin. NH2: Amino terminus, COOH: Carboxyl terminus, CRD:
cysteine rich domain. Dystrophin forms an integral structure for maintaining binding relationships most
likely required for force transmission and intracellular signaling pathways. Adapted from (David G.
Allen & Whitehead, 2011; Bozzi, Morlacchi, Bigotti, Sciandra, & Brancaccio, 2009; Ervasti, 2007).

Dystrophin was initially thought to be a structural protein as it has been shown
to link the intracellular F-actin cytoskeletal structure, through the plasma membrane via
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-dystroglycan, to the laminin α2 receptor which then associates with the extracellular
matrix. This scaffolding unit forms the basis of mechanical force transduction to the
ECM while also providing structural strength to the muscle fiber itself (Figure 2.2.2).
Loss of dystrophin from the subsarcolemmal dystrophin associated protein complex
(DAPC) not only weakens the muscle fiber by disrupting the DAPC, but signaling
mechanisms relying on that scaffold are also disrupted, such as Grb2 (Oak, Russo,
Petrucci, & Jarrett, 2001; Russo et al., 2000), ERK6 (MAPK12), and nNOS. Grb2
exhibited binding affinity to α-syntrophin and β-dystroglycan , (Ter Keurs, 2011) and
has been shown to mediate embryonic stem cell differentiation (Cheng et al., 1998).
Therefore, one may hypothesize the delocalization from the DAPC may limit the
activation of myogenic satellite cells. MAPK12 also mediates activation of the muscle
satellite cells in response to muscle fiber injury or death (Ruiz-Bonilla, 2008).
However, the extent to which MAPK12 mislocalization mediates the muscle wasting in
DMD in vivo is not clear. The loss of nNOS colocalization restricts the ability of the
skeletal muscle to adapt to exercise. nNOS generates nitric oxide (NO) which acts as a
vasodilator to counteract the α-adrenergic vasoconstrictive response from exercise, NO
does not increase commensurate with the exercise thereby increasing fatigability of the
skeletal muscle (Finanger Hedderick et al., 2011).
In DMD, a mutation in the X chromosome causes the total or near total loss of
the transcription of the dystrophin protein (Koenig, et al., 1988). Dystrophin binds to a
group of proteins termed the dystrophin associated protein complex (DAPC). This
complex then transfers the force from the intracellular peripheral cytoskeleton of the
muscle fiber to the extracellular matrix. Additionally, dystrophin forms a scaffold to
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directly or indirectly bind multiple accessory proteins believed to be important for
signaling (i.e., nNOS, Grb2).
2.3

Aberrant Calcium Influx Mechanisms in DMD

Two theories have been put forward to explain how dystrophin deficiency
causes this progressive and deadly muscle wasting disease. First, the mechanical
weakness theory was proposed based on findings that the loss of dystrophin causes the
muscle fiber to be more susceptible to mechanical injury (Karpati, Carpenter, & Opitz,
1986; Moens, et al., 1993). In this model, mechanical stress leads to membrane damage
and tearing that when either significant acutely or chronically leads to muscle fibers
necrosis and death.
The second theory proposes that dystrophin deficiency leads to an increase in
increases intracellular Ca2+ levels (Denetclaw, Hopf, Cox, Chamberlain, & Steinhardt,
1994; P. R. Turner, et al., 1991; Turner, et al., 1988; Tutdibi, Brinkmeier, Rudel, &
Fohr, 1999). This excess Ca2+ (Howl & Publicover, 1990; Millay et al., 2009) can
activate either calpains (Gailly, De Backer, Van Schoor, & Gillis, 2007) or excessive
reactive oxygen species (ROS) (Gervasio, Whitehead, Yeung, Phillips, & Allen, 2008;
Nicholas P. Whitehead, et al., 2008; N. P. Whitehead, E. W. Yeung, S. C. Froehner, &
D. G. Allen, 2010) which both contribute to cellular dysfunction and eventually cause
muscle fiber degeneration.
This brief review elucidates three Ca2+ entry pathways hypothesized to
contribute to the Ca2+ dysregulation within skeletal muscle. Extracellular Ca2+ may
enter the intracellular space through three pathways; by stretch activated channels
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(SACs), by store operated calcium entry (SOCE), and by excitation coupled calcium
entry (ECCE) .
2.4

Excitation Contraction (EC) Coupling

It is important to note skeletal muscle does not require an extracellular Ca2+ source to
initiate EC coupling. In normal skeletal muscle EC coupling, an action potential
depolarizes the sarcolemma causing an influx of extracellular calcium to enter the
voltage gated L – type Ca2+ channel (DHPR). The DHPR senses the membrane
potential change and initiates an intramembrane charge to open the mechanically
coupled Ca2+ release channel, otherwise known as the ryanodine receptor, isoform 1
(RyR1). Figure 2.5.1 shows a section of a the t-tubule of the skeletal muscle with a
series of action potentials being conducted along the sarcolemma. After the Ca2+ is
released into the intracellular space, muscle contraction occurs, then the sarcoendoplasmic reticulum ATPase (SERCA) pump, resequesters the free Ca2+ back into
the SR, the muscle relaxes, until the next action potential arrives to depolarize the
DHPR.
2.5

Stretch Activated Channel Ca2+ Entry

Work by Franco & Lansman (1990), revealed an inward Ca2+ current after
inducing a negative pressure with a patch clamp pipette using immature muscle cells
(myotubes). Upon further study, the mdx myotubes exhibited different populations of
channels. A percentage of the channels remained open after applying negative pressure
and a second set of channels ceased to open after mechanical suction, these were
mechanosensitive inactivated channels. The wild type (WT) flexor digitorum brevis
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Figure 2.3 Diagram of normal muscle contraction during excitation contraction coupling.
To the left, Ca2+ activates muscle contraction , and when it is removed, the muscle relaxes.
Abbreviations: DHPR: Dihydropyridine receptor. RyR1: Ryanodine Receptor Isoform 1. SR:
Sarcoplasmic reticulum. SERCA: Sarco-endo plasmic reticulum ATPase pump. Ca2+ : Calcium

(FDBS) did not express mechanosensitive inactivated channels (Franco & Lansman,
1990a). The different expression pattern of the SACs between the mdx and the WT
FDBS is important. The presence of these altered channels in the within the mdx
myotubes, indicates the dystrophin deficiency begins to affect the channel
characteristics early in muscle development. Since these SACs are highly permeable to
Ca2+, the exposure to elevated levels of Ca2+ begins early in the mdx muscle fiber
differentiation program.
In vivo tests have also been performed, assaying the influence of SACs on
susceptibility to eccentric (muscle stretch during contraction) injury and permeability.
Using the eccentric injury protocol not only significantly increased [Na+]i in mdx fibers
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greater than WT muscle after eccentric tetanic stimulation (E. W. Yeung, S. I. Head, &
D. G. Allen, 2003), but [Ca 2+] i also increased greater after stretched contractions
(Yeung, et al., 2005) than the WT muscle. Conversely, isometric contractions (nonstretched muscle contractions) failed to increase either intracellular cation concentration
in each genotype.
The non-specific SAC inhibitor streptomycin was used to validate SACs
contribution to the cation permeability and to the pathophysiology of dystrophin
deficiency. Streptomycin inhibited the post eccentric force loss normally associated
with the mdx EDL muscle and it also decreased the expression of Evans Blue Dye (a
measure of membrane damage). These data correlated the SAC activity in the mdx
skeletal muscle with increased susceptibility to injury and increased membrane
permeability. Importantly, Whitehead et al., (2008), provided evidence the SAC activity
altered the ROS burden. Using NAC on eccentrically injured EDLs, the force loss
normally associated with the mdx mice was decreased, but not to WT levels (Nicholas
P. Whitehead, et al., 2008). Mdx mice who were fed NAC for 6 weeks showed a
decrease in centrally nucleated fibers (an indicator of regeneration) , a concurrent
decrease in ROS burden in the EDL cross sections, and inhibited NF-κβ expression.
Taken together, these data indicate ROS expression and Ca2+ permeability influence the
muscle wasting associated with dystrophin deficiency.
2.6

Store Operated Calcium Entry

Ca2+ has been conserved through evolution to be used as a primary and secondary
messenger in essential processes within excitable and non-excitable cells, such as
excitation contraction coupling (EC coupling) in skeletal and cardiac myocytes,
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vesicular trafficking in neurons (Ca2+ stimulated AcH release) and gene transcription
via the calcineurin/NFAT pathways . Many non-excitable cells, such as endothelial
cells, have mechanisms to replenish the ER stores of Ca2+ once they are
released/depleted following their use for signaling. This pathway termed Store
Operated Calcium Entry (SOCE) relies on a molecular signal to sense the depleted
stores which then activates pathways for refilling.
In adult mouse EDL skeletal muscles, Kurebayashi and Ogawa (2001)
pharmacologically depleted SR Ca2+ and demonstrated SOCE dependent influx.
Launikonis and colleagues enhanced an in vitro method to quantify the Ca2+ flux from
the t-tubule space into the intracellular space using mechanically skinned EDL,
extensor digitorum longus, muscles (Edwards, Friedrich, et al., 2010; Edwards,
Murphy, et al., 2010; Launikonis, et al., 2010). Their experiments supported the
presence of physiological ISOCE activation in skeletal muscle.
Edwards et al., (2010) used the same mechanically skinned system to compare
SOCE between WT and mdx mouse EDLS. Their analysis revealed the amplitude of
Ca2+ released from the SR, was significantly less in the dystrophic muscle when
compared to the WT muscle (Edwards, Friedrich, et al., 2010).
Importantly though, the amount of time required to release the Ca2+ from the
stores before SOCE activation was similar in the skinned mdx muscle versus the WT
muscle. The equivalence of this Time To SOCE Activation (TTSA) between the groups
indicates both have must reach a different [Ca2+]SR level until activation and
deactivation. The lower mdx [Ca2+] amplitude released from the SR must stay open
longer than the WT if both strains had similar [Ca2+] released from the SR. However,
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since the mdx muscle did have lower [Ca2+] released from the SR while having similar
TTSA values the activation and deactivation [Ca2+]SR threshold must be higher. These
operant SOCE characteristics of the mdx skeletal muscle may provide a basis for altered
Ca2+ signaling. SOCE was shown to be approximately 3 times greater in the mdx mouse
compared to WT mice skeletal muscle.
Additionally, the shallower mdx SR deactivation kinetics (Edwards, Friedrich,
et al., 2010) indicate that during sustained EC coupling activity, maximal activation of
SOCE, will induce greater Ca2+ influx and that SOCE will be activated more
frequently compared to WT muscle. The possible detriment of this exacerbated SOCE
has not been completely evaluated (Edwards, Friedrich, et al., 2010), but the effects of
higher cytosolic [Ca2+] has been implicated as a possible causative signaling
mechanism for the muscle fiber degeneration associated with DMD.
However, uncertainty still exists whether the stores in skeletal muscle deplete
enough Ca2+ to activate SOCE during muscle contraction (Allard, Couchoux, Pouvreau,
& Jacquemond, 2006). Two other reasons arguing against the physiological activation
of SOCE in skeletal muscle were first the finding that SOCE Ca2+ entry is inhibited
during depolarization and second, the relatively long time course for SR refilling, ~ tens
of seconds, which is inconsistent with that needed for sustained physiological
contraction in skeletal muscle.
2.7

Excitation Coupled Calcium Entry

A third putative Ca2+ entry method is excitation coupled calcium entry (ECCE),
described originally in murine skeletal muscle myotubes, (Cherednichenko, et al., 2004;
Hurne, et al., 2005), in malignant hyperthermia myotubes (R163C-RYR1) and in
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single adult FDBS (Cherednichenko, et al., 2008). Briefly, ECCE describes the
phenomenon of extracellular Ca2+ influx into the intracellular space during
depolarization via either the voltage gated Ca2+ channel, CaV 1.1, (Bannister, Pessah, &
Beam, 2009) or through other as yet unidentified pathways (Cherednichenko, et al.,
2004; Cherednichenko, et al., 2008; Gach et al., 2008; Hurne, et al., 2005). As opposed
to SOCE which would likely be only evident in extremely fatiguing conditions, ECCE
would be operant during physiologic activation of skeletal serving to maintain
intracellular SR content.
Based on the role of ECCE in skeletal muscle, it is tempting to speculate that an
enhancement in ECCE may contribute to the dysregulated Ca2+ signaling in mdx
skeletal muscle. In fact, recent investigations by our group demonstrate that an
enhancement in the ECCE pathways exists in mdx skeletal muscle. Furthermore, we
provide pharmacological evidence that a TRP channel family member is likely
responsible for the ECCE influx.
2.8

Conclusion

Calcium dyshomeostasis is hypothesized to directly or indirectly induce muscle
fiber degeneration in DMD. Different stressors have been shown to activate aberrant
Ca2+ entry in mdx muscle fibers. Three different pathways (SAC Ca2+ entry, SOCE, and
ECCE) have been identified in muscle and have been proposed to act to control Ca2+
influx into the muscle cell. Given that aberrant Ca2+ influx has been shown to
underscore the pathogenic progression of DMD, each pathway may hold the potential
as a therapeutic target.
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CHAPTER III: MITOCHONDRIAL REDOX POTENTIAL
DURING CONTRACTION IN SINGLE INTACT MUSCLE
FIBERS 1
3.1

Introduction

Skeletal muscle produce low levels of reactive oxygen species (ROS) that are
required for normal contractile function, gene regulation and regulation of cellular
signaling. High levels of ROS, however, damage cellular components resulting in
contractile dysfunction and fatigue (Powers & Jackson, 2008). It has long been
assumed that the mitochondria are the primary source of ROS formation in skeletal
muscle cells and that the increased ROS generation that occurs during contractile
activity is directly related to the increased oxygen consumption that occurs with
increased mitochondrial activity. Reassessments of the rate of ROS production by the
mitochondria indicate that only 0.1% – 0.2% of the O2 consumed is released as reactive
oxygen (St-Pierre, Buckingham, Roebuck, & Brand, 2002; Tahara, Navarete, &
Kowaltowski, 2009) about 10% less than originally thought. Thus, mitochondria may
not be the primary source of ROS during contractile activity. Additional sites for ROS
production within skeletal muscle include the NADPH oxidase gp91phox and the
cytosolic phospholipase A2 and xanthine oxidase. The role each of these sources play
in the increased ROS production observed during contractile activity and pathology has
been obscured by our inability to precisely detect ROS production in spatially restricted
regions of the cell. It is likely that multiple sites of ROS generation are active under

1

Submitted for publication, (Michaelson, Shi, Ward, & Rodney, 2010)
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different situations and that the effects are relatively localized and important for distinct
cellular functions.
The ROS-sensitive fluorescent indicator dichlorofluorescein (DCFH) has been
used to assess ROS production in muscle homogenates, isolated muscle strips/bundles
and myotubes (Arbogast & Reid, 2004; Jackson, Edwards, & Symons, 1985; Kolbeck,
She, Callahan, & Nosek, 1997; Nethery, Stofan, Callahan, DiMarco, & Supinski, 1999;
Pattwell, McArdle, Morgan, Patridge, & Jackson, 2004; Reid et al., 1992; Reid, Shoji,
Moody, & Entman, 1992). Although very useful in measuring rates of ROS production
in the bulk cytosol it does not allow for dynamic measurements of redox potential at
discrete sub-cellular sites. Recently, redox-sensitive fluorescent proteins have been
developed by inserting an artificial dithiol-disulfide pair into the structure of GFP 13.
These redox-sensitive GFPs (roGFP) allow for targeted expression (i.e. mitochondria
and endoplasmic reticulum) of a reversible redox sensor within the cell (Dooley et al.,
2004; Hanson et al., 2004) providing a reliable method for investigations of local
changes in redox potential within sub-cellular regions.
The aims of the current study were to establish a reliable method to assess the
production of ROS within single living skeletal muscle fibers and to dynamically
evaluate the contribution of the mitochondria to intracellular ROS production during
contractile activity. We measured cytosolic and mitochondrial ROS production during
15 minutes of repeated tetanic stimulation in single skeletal muscle fibers. Our findings
indicate that the mitochondria do not significantly contribute to contraction induced
ROS production in skeletal muscle.
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3.2

Materials and Methods

In-vivo electroporation: transfection of mitochondrially targeted redox sensitive
GFPs (mito-roGFP, kind gift from S.J. Remington) into mouse flexor digitorum brevis
(FDB) was as described by DiFranco et al, with some modifications. Male C57BL/6J
wild-type mice (The Jackson Laboratory, Bar Harbor, MA) 6-8 weeks of age were
anesthetized with isoflurane (2%) in accordance with National Institutes of Health
guidelines and approved by the Institutional Animal Care and Use Committee of the
University of Maryland Baltimore. Hyaluronidase (10 µl of 1mg/ml) dissolved in
sterile saline was injected subcutaneously into the right footpad followed by 30-40 µg
of rDNA in PBS 1 hour later. Two electrodes were placed subcutaneously at the
proximal and distal tendons to deliver 20 pulses of 150 V, 20 ms in duration at a
frequency of 1 Hz with a square pulse stimulator (S48; Grass Technologies, West
Warwick, RI). FDB fibers were isolated 5 to 10 days later. Typically the right foot
was electroporated while the left foot served as contra-lateral controls.
3.2.1

Isolation of FDB fibers

Mice were deeply anesthetized by isofluorane (2%) inhalation and euthanized by
thoracotomy/exsanguination. FDB muscles were surgically isolated and incubated in
minimal essential media containing 0.1% gentamycin and 0.4% Collagenase A (Roche
Applied Science, Indianapolis, IN) at 37°C for 1.5-2.0 hours. To release single fibers,
FDB muscles were then triturated gently in media without collagenase. The fibers were
then plated on ECM gel (Sigma, St. Louis, MO) coated 96 well culture dishes (Costar,
Corning Incorporated Life Sciences, Lowell, MA) in serum-containing media (10%,
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Atlanta Biologicals) and incubated in 5% CO2 at 37°C until used, typically 12-36 hrs
later.
3.2.2

Loading of single FDB fibers with DCFH-DA

6-carboxy-2’,7’-dichlorodihydrofluorescein diacetate (DCFH-DA) (Invitrogen,
Carlsbad, CA) was prepared in DMSO/pluronic. Culture dishes containing isolated
FDB fibers were washed with HEPES buffered Ringer’s solution containing (in mM):
140 NaCl, 4.0 KCl, 1.0 MgSO4, 5.0 NaHCO3, 10.0 glucose, 10.0 HEPES, pH 7.3 and
incubated with Ringer’s solution containing DCFH-DA (10 µM) for 30 to 45 minutes at
room temperature. The fibers were then washed with Ringer’s solution and allowed to
de-esterify the dye for 20 minutes prior to fluorescence microscopy. To prevent light
induced oxidation of DCFH all cell loading was performed in the dark.
3.2.3

Electrical stimulation of single FDB fibers

Isolated FDB myofibers were perfused with Ringer’s solution for 1 minute to
obtain a basal rate of DCFH oxidation. Subsequently, twitch (1.5 ms square pulse) and
intermittent trains (0.25 Hz, 500 msec train duration) of tetanic stimulation (80 Hz)
were delivered to isolated FDBs for 15 minutes via a custom-built perfusion/electrical
stimulation chamber (Four Hour Day Foundation, Towson, MD). A perfusion controller
(Valvebank 8 II ; Automate Scientific) allowed rapid changing of perfusate during
imaging. In some experiments FDB fibers underwent tetanic stimulation for 10
minutes then the perfusate was changed to a Ringer’s solution containing DTT (10mM)
for the remaining 5 minutes of the stimulation protocol. At the end of the 15 minute
tetanic stimulation protocol, DCFH loaded FDB fibers were exposed to Ringer’s
solution for 2 minutes followed by 500 µM H2O2 to obtain a maximal rate of DCFH
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oxidation for each fiber. Since the amount of DCFH loaded is variable from fiber to
fiber we used the maximal rate of DCF fluorescence in the presence of 500 µm H2O2 to
normalize the rate of DCF fluorescence for each fiber.
3.2.4

Fluorescence microscopy and image analysis

DCF and mito-roGFP fluorescence was monitored using a CCD CoolSnap HQ Camera
(Photometrics, Tucson, AZ) attached to an IX-50 (Olympus, Center Valley, PA)
inverted microscope (40x H2O objective, 1.2 NA). Mito-roGFP was excited at 400 nm
(λ1) and 480 nm (λ2) while DCF was excited at 480 nm and emission intensity for both
probes was collected at 510 nm. Images were acquired at a rate of 0.33 Hz. Images
were analyzed using IPLab 4.0 (Scanalytics, BD Biosciences, San Jose, CA). For Ca2+
transients, cells were loaded with mag-fluo-4 AM (Invitrogen) (10 µM for 30 min at
room temperature) and mag-fluo-4 fluorescence was recorded once every 2 minutes
using an IonOptix fluorescence system (IonOptix, Milton, MA) attached to an Olympus
IX-70 inverted (40x H2O objective, 1.2 NA) microscope equipped with a Lambda DG4
excitation light source (Sutter Instrument, Novato, CA). For colocalization analysis
mito-roGFP expressing FDBs were loaded with tetramethylrhodamine methyl ester
(TMRM, 20 nM) and two-dimensional (X-Y) images were acquired sequentially on a
BioRad Radiance fluorescent laser scanning confocal attached to an Olympus IX-70
inverted microscope (60x oil objective, 1.4 NA).

37

3.2.5

Calculation of redox potentials

The ratio of reduced over oxidized mito-roGFP was calculated for the entire
FDB using equation 1 as previously reported (Lohman & Remington, 2008).
3.2.5.1 Equation 1

R
1-R

=

F-Fox Iox

2

Fred-F Ired

2

and

F=

I

1

I

2

Fox=

Iox,

1

Iox,

2

Fred=

Ired,

1

Ired,

2

(1)

Where I is the raw fluorescence intensity at 510nm upon excitation at either 400nm
(λ1) or 480nm (λ2) excitation and Iox and Ired are the raw fluorescence intensity under
fully oxidizing (1mM H2O2) and fully reducing conditions (10mM DTT), respectively.
The in-vivo redox potential was calculated using the Nernst equation with E°′roGFP=291 mV as previously reported (Dooley, et al., 2004):
3.2.5.2 Equation 2
E°′ambient=E°′roGFP-29.6 mV log(R/(1-R))
3.2.6

(2)

Data Analysis

Data are reported as mean ± SEM, unless otherwise specified. Statistical
analysis was performed in Sigma Stat (Systat Software Inc., San Jose, CA) with a
significance level of P < 0.05. Colocalization analysis was performed in Volocity
(Improvision).
3.3
3.3.1

Results

Contractile activity induces ROS production

When stimulated for 15 minutes with repeated 80 Hz tetani, single FDB fibers
showed a 31 ± 7% reduction in the twitch (pre-tetanic vs. post-tetanic, nanimals=3,
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nfibers=5) and a 39 ± 7% reduction in tetanic (first tetanus vs. last tetanus, nanimals=3,
nfibers=5) Ca2+ transients respectively (Fig. 3.3.1). To determine the rate of ROS
production at a time in which the Ca2+ transient was decreased we assessed DCF
fluorescence within the FDB fibers during the last 3 minutes of tetanic stimulation (Fig
3.3.3). Figure 3.3.3 shows representative DCF fluorescence data (ΔF/F) over time.
Fatiguing stimulation increased the rate of DCF fluorescence (dashed black line)
compared to non-stimulated time matched controls (solid black line). DTT (10mM)
decreased the oxidation of DCFH as can be seen by the decrease in the time dependent
change in DCF fluorescence (Fig. 3.3.3, dashed grey line & Fig. 3.3.4). Addition of 500
µM H2O2 resulted in a maximal rate of change in DCF fluorescence (Fig. 3.3.3).

Figure 3.1 Increased contractile activity reduces cytosolic Ca2+ transients.
(A) Representative Ca2+ transients from single FDB myofibers. Shown are pre- and post-twitch [Ca2+]i
transients (arrow) and tetanic [Ca2+ ]i transients recorded every 2 minutes during the 15-minute stimulation
period.
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Figure 3.2 Decrement in twitch and tetanic [Ca2+] i..
Average decrement in twitch and tetanic [Ca 2+]i transients in single isolated FDB fibers (n = 6).
Posttetanic twitch Ca2+ transients were decreased (31%) when compared with pretetanic twitch Ca 2+
transients. Tetanic Ca2+ transients measured as the peak of the mag-fluo4 signal during the first and last
tetani also decreased over the duration of the stimulation protocol (39%).

Figure 3.3 Electrical stimulation increases the rate of DCF fluorescence.
Electrical stimulation increases the rate of DCF fluorescence in single adult FDB muscle fibers.
Representative data (ΔF/F) from single FDB fibers showing the temporal change in DCF fluorescence
acquired once every 3 seconds (F is the fluorescence taken over the first 15 seconds of recording) in
nonstimulated (solid line) and electrically stimulated (dashed line) muscle fibers. Perfusion of DTT (10
mM, gray lines) 10 minutes after the start of the tetanic stimulation for the remaining 5minutes blunted the
increase in DCF fluorescence. Application of H2O2 (500 µM, arrow) was used to obtain a maximum rate of
DCF oxidation for each fiber.
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Figure 3.4 Average rate of change in DCF fluorescence prior to stimulation and during the last 3 minutes
of stimulation.
Average rate of change in DCF fluorescence prior to stimulation and during the last 3 minutes of
stimulation [boxed areas in (A)] was normalized to the maximum rate observed in the presence of 500 µM
H2O2. On average, tetanic stimulation significantly increased the normalized rate of DCF fluorescence
(open bar) by 94% compared with paired prestimulated values (black bar, paired t-test) and 91% compared
with nonstimulated time controls (gray bar). DTT (10 mM, gray hatched bar) prevented the tetanic
stimulation–induced increase in DCF fluorescence (ANOVA). *P < 0.05 vs. prestimulated and
nonstimulated; #P < 0.05 vs. stimulated.

On average the rate of change in DCF fluorescence in the presence of 500 µM
H2O2 was not different between non-stimulated time controls and stimulated FDB
fibers (9.19 ± 1.93 vs. 6.82 ± 1.79, respectively, P=0.38); higher H2O2 concentrations
did not significantly increase the rate of DCF fluorescence (data not shown). To
control for variable loading of DCFH-DA into the muscle fibers we normalized the rate
of change in DCF fluorescence to the maximum rate obtained in the presence of 500
µM H2O2 on a fiber by fiber basis. Tetanic stimulation significantly increased (94%)
the normalized rate of DCF fluorescence compared to the basal period (1.09x10-2 ±
3.84x10-3 vs. 5.61x10-3 ± 1.57x10-3, respectively, nanimals=4, nfibers=11, Fig 3.3.4). The
normalized rate of DCF fluorescence in non-stimulated time matched control fibers
(5.71x10-3 ± 9.11x10-4, nanimals=5, nfibers=10) was not different than the pre-stimulated
41

basal period (P=0.96), indicating that the increase in DCF fluorescence with contractile
activity is not simply due to photo-oxidation of DCFH but due to ROS production from
the single muscle fiber. Addition of DTT (10 mM) after 10 minutes of tetanic
stimulation significantly decreased the normalized rate of DCF fluorescence (1.56x10-3
± 1.69x10-3, nanimals=4, nfibers=10). In the absence of tetanic stimulation DTT decreased
the normalized rate of DCF fluorescence measured during the last 3 minutes of the
time- control fibers compared to fibers not exposed to DTT, but this did not reach
statistical significance (3.45x10-3 ± 1.49x10-3 vs. 5.71x10-3 ± 9.10x10-4, respectively,
ANOVA P=0.065). Taken together these data show that contractile activity increased
ROS production in single adult skeletal muscle fibers.
3.3.2

Mitochondria do not mediate increased ROS formation with contractile activity
To determine the contribution of the mitochondria to contractile activity

induced ROS production we expressed a mitochondrially targeted GFP based redox
sensor (mito-roGFP) in FDBs. Figure 3.3.5A shows that in-vivo electroporation of
FDB muscle resulted in fiber fluorescence upon 488 nm excitation. Co-labeling single
FDB fibers expressing mito-roGFP with TMRM (20 nM) shows targeting of the redox
sensor to the mitochondria (Fig. 3.3.5) Colocalization analysis confirms that mitoroGFP colocalizes with the mitochondrial marker TMRM (mx=0.890, my=0.916).
Using equation 1 we calculated the mitochondrial redox potential for a large region of
interest (>70%) of FDB fibers under basal non-stimulated conditions and during the last
3 minutes of the 15 minute contractile activity (Fig. 3.3.5C). There was no difference
in the mitochondrial redox potential at the end of the15 minutes of electrical stimulation
compared to the basal state ( -293 ± 4 mV and -294 ± 3 mV respectively, nanimals=4
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nfibers=17). Application of exogenous H2O2 (1 mM) and DTT (10 mM) to obtain
fluorescence under maximum oxidizing (Fox) and reducing (Fred) conditions
respectively, resulted in a 2 to 3 fold change in the 400/480 ratio, showing that mitoroGFP does respond to oxidizing and reducing agents (data not shown). Thus, under the
stimulation protocol used in these experiments the mitochondria did not contribute
significantly to the increased ROS production.

Figure 3.5 Mitochondrial redox potential change.
Mitochondrial redox potential does not change with electrical stimulation. Wide-field light (A1) and
fluorescent (A2) images of FDB muscle bundles electroporated with mito-roGFP. Confocal image of a
single FDB muscle fiber showing expression of mito-roGFP (B1). Staining with the mitochondrial
indicator TMRM (B2) shows that expression of roGFP is localized to the mitochondria with
colocalization coefficients mx = 0.890 and my = 0.916 (B3) (overlay). (C) Average redox potential (n =
17) underbasal conditions and during the last 3 minutes of the 15-minute electrical stimulation period. No
significant difference was found in the mitochondrial redox potential with electrical stimulation.
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3.3.3

NADPH oxidase plays a role in ROS production with contractile activity

To further investigate the source of increased ROS production with contractile
activity we assessed the role of plasma membrane bound NADPH oxidase. Isolated
fibers were pre-incubated with the NADPH oxidase inhibitors diphenyleneiodonium
chloride (DPI, 10 µM) or apocynin (25 µM) for 30 minutes prior to the contractile
period. In DPI treated myofibers (nanimals=3, nfibers=13) basal rate of DCFH oxidation
was significantly reduced (77%) compared to non-DPI treated controls (1.38x10-3 ±
7.60x10-4 vs. 6.12x10-3 ± 1.89x10-3 respectively, Fig. 3.3.6), suggesting that a portion
of basal ROS production in skeletal muscle is via NADPH oxidase. DPI also
significantly reduced (95%) the normalized rate of DCFH oxidation observed with
increased contractile activity (5.00x10-3 ± 2.65x10-4, Fig. 3.3.6). Fibers treated with
apocynin were consistently found not able to survive the electrical stimulation protocol.
Apocynin has been shown to stimulate ROS production in non-phagocytic cells 17;
therefore we assessed the effect of apocynin on DCFH oxidation. We found that
apocynin resulted in a 47% increase in DCFH oxidation during the 30 minute
incubation period. These data demonstrate that skeletal muscle NADPH oxidase
generates ROS under basal conditions and increases ROS production in an activity
dependent manner.
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Figure 3.6 Inhibition of NADPH oxidase.
Inhibition of NADPH oxidase prevents ROS formation. Bars show the rate of change in DCF fluorescence
before stimulation (filled bars) and during the last 3 minutes of tetanic stimulation (open bars) normalized
to the maximum rate of change in DCF fluorescence in the presence of H 2O2 (500 µM). Preincubation of
FDB fibers (nanimals = 3, nfibers = 13) with DPI (10 µM) reduces the basal rate of ROS formation compared
with that observed in the absence of DPI (ANOVA, P < 0.05) and prevented the tetanic stimulation-induced
ROS formation (ANOVA, P < 0.001). No difference was observed in the DPI treated myofibers between
basal and stimulated conditions (paired t-test). Data in the absence of DPI were taken from Figure 3.3.3.
*=p<0.05 vs. baseline–DPI; #=p<0.05 vs. tetanic stimulation–DPI.

3.4

Discussion

Although it is clear that skeletal muscle produces ROS under resting conditions
and that exercise increases ROS production, the source(s) of these oxidants have
remained unclear. In these studies we utilized a novel dynamic redox sensor targeted to
the mitochondria to address mitochondrial ROS production during contractile activity
in intact, single living skeletal muscle fibers. The present study demonstrated that the
plasma membrane bound NADPH oxidase plays a crucial role in exercise induced ROS
production. Our data provide little support for involvement of mitochondrial ROS
production with increased contractile activity. Increased contractile activity increases
ROS production.
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Previous studies assessing the production of ROS in contracting skeletal muscle
have been from either homogenized tissue subsequent to a bout of exercise or from
whole muscle bundles (Bejma & Ji, 1999; Davies, Quintanilha, Brooks, & Packer,
1982; Jackson, et al., 1985; Kolbeck, et al., 1997; Reid, Shoji, et al., 1992). Disruption
of tissues during homogenization or other cell types in whole bundle experiments may
give rise to artifactual changes in ROS production and makes it difficult to assess what
fraction of the increased ROS comes directly from skeletal muscle cells. More
recently, ROS production has been assessed in intact living skeletal muscle fibers
(Aydin et al., 2009; Bruton et al., 2008) ; however, the site of ROS production remains
uncertain. Here we have taken advantage of our well characterized single adult mouse
FDB myofiber preparation (Brown, Rodney, Hernandez-Ochoa, Ward, & Schneider,
2007) to assess the site of ROS production in intact myofibers in response to increased
contractile activity.
Fifteen minutes of repeated tetanic stimulation of single FDB muscle fibers
resulted in a 31% decrease in the peak twitch Ca2+ transient and a 39% decrease in the
peak tetanic Ca2+ transient (Fig.3.3.1). Although we did not measure force in our
experiments, the decrease in peak [Ca2+]i transients observed with our electrical
simulation paradigm is consistent with the late phase of muscle fatigue (D. G. Allen,
Lamb, & Westerblad, 2008). We also found an increase in the rate of ROS production
by 91% compared with non-stimulated muscle fibers (Fig. 3.3.4). These results are
qualitatively similar to those of Jackson and colleagues (Palomero, Pye, Kabayo,
Spiller, & Jackson, 2008) who reported a ~58% increase in DCF fluorescence with
electrical stimulation in single intact FDB fibers.
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Oxidation of DCFH can occur by a variety of reactive oxygen and nitrogen
species, thus we cannot ascertain which species is increased with electrical stimulation.
Since our preparation contains only skeletal muscle fibers the increase in DCFH
oxidation observed is due to reactive species produced by the muscle fiber and not
other cell types. Our data support the hypothesis that skeletal muscle fibers produce
ROS and that ROS production is increased with muscle contraction.
3.5

Source of ROS in contracting skeletal muscle

The source(s) of oxidant production from skeletal muscle during exercise
remains undetermined. Potential sources of ROS include mitochondria, membrane
bound NADPH oxidase, xanthine oxidase, cyclooxygenase, P-450-dependent
monooxygenase, and lipoxygenase. It has long been assumed that as oxygen
consumption increases with exercise the amount of ROS produced by the mitochondria
also increases; implying that the mitochondria are the major source of ROS in
exercising skeletal muscle. Studies supporting this concept have come from in-vitro
studies of isolated mitochondria (Radak et al., 2000; Venditti, Bari, Di Stefano, & Di
Meo, 2007) under non-physiological conditions. More recently superoxide production,
as assessed by MitoSOX Red fluorescence, in FDB fibers during repeated tetanic
stimulation was found not to increase (Aydin, et al., 2009). Thus, the contribution of
mitochondrially derived ROS to the changes in cellular redox status of skeletal muscle
during contractile activity remains unclear.
In these studies we used a novel reversible redox sensitive GFP construct
targeted to the mitochondria (mito-roGFP) to assess the contribution of the
mitochondria to increased ROS production observed with electrical stimulation in
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single intact skeletal muscle fibers. Use of mito-roGFP offers several advantages for
assessing mitochondrial ROS production. First, the indicator is ratiometric by
excitation, reducing measurement errors due to changes in indicator concentration,
variable cell thickness, photobleaching and photooxidation. Second, the indicator is
responsive to both oxidation and reduction. This dynamic response allows for the redox
potential of the environment the probe is in to be quantitatively determined. We found
that a level of contractile activity that decreases [Ca2+]i transients and increases
cytosolic DCFH oxidation did not alter the redox state of the mitochondria when
compared to non-stimulated muscle fibers (Fig. 3.3.5), arguing against the
mitochondria as a major source of ROS production with this contraction protocol.
We were surprised to find that the tetanic stimulation protocol used in these
studies did not result in changes in the mitochondrial redox potential. As discussed
above Aydin et al did not find a change in MitoSOX Red fluorescence upon tetanic
stimuation of single FDB fibers (Aydin, et al., 2009), suggesting that superoxide
production was not increased with increased contractile activity. Furthermore, it has
been suggested that during aerobic contractile activity skeletal muscle mitochondria are
in state III respiration (Di Meo & Venditti, 2001; Kozlov et al., 2005), which limits
ROS production. Taken together these data argue against major formation of ROS
within mitochondria during increased contractile activity. This is not to say that
mitochondrial redox potential will remain constant under different conditions. In our
studies we assessed the mitochondrial redox potential of fast-twitch muscle fibers
contracting under no load at 22˚C. Muscle temperature has been shown to effect ROS
dependent fatigue of skeletal muscle (Moopanar & Allen, 2005), with an enhancement
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at 37˚C compared to 22˚C. In addition, the redox potential of the mitochondria is likely
to depend on cellular energy usage, showing changes with increased work-load on the
muscle (e.g. eccentric contractions) or in fibers with increased mitochondrial content
(e.g. slow-twitch fibers). We are currently investigating the contribution of these
factors to mitochondrial redox potential in contracting skeletal muscle.
NADPH oxidase (NOX) is a family of multiprotein enzymes that was first
characterized in phagocytic cells. The active oxidase is made up of several protein
components, including two membrane proteins, gp91phox and p22phox (also known as
cytochrome b558), three cytosolic proteins, p47phox, p67phox, and the small GTP-binding
protein Rac. Upon stimulation, the cytosolic proteins translocate to the membrane to
form a complex with cytochrome b558, which results in enzymatic activation and
production of O2·- (reviewed in (Bedard & Krause, 2007; Dworakowski, Anilkumar,
Zhang, & Shah, 2006)). In recent years, NOX enzymes have been localized to the
plasma membrane and transverse tubules in skeletal muscle (Hidalgo, et al., 2006;
Javesghani, Magder, Barreiro, Quinn, & Hussain, 2002) and have been implicated in
ROS formation with depolarization (Espinosa et al., 2006), osmotic stress (Martins, et
al., 2008), as well as the exercise pressor reflex (H. J. Wang, Pan, Wang, Zucker, &
Wang, 2009). Here we found that DPI reduced the basal rate of DCFH oxidation and
nearly abolished the rate of contraction induced DCFH oxidation (Fig. 3.3.6).
DPI inhibits other flavoenzymes and therefore is not a highly specific inhibitor
of NOX. Inhibition of mitochondrial NADH-ubiquinone oxidoreductase
(mitochondrial Complex I) by DPI was reported only during reverse electron transport,
without affecting O2·- generation during forward electron transport (Majander, Finel, &
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Wikstrom, 1994). Thus, in our studies the reduction in DCFH oxidation by DPI is not
likely through complex I inhibition. Along with DPI, apocynin has been used
extensively to implicate NOX enzymes in ROS generation in many cell types. We
found that FDB fibers pre-incubated with apocynin were not able to survive the
electrical stimulation. Apocynin increased the rate of DCFH oxidation (47%) during
the pre-incubation period and in the absence of electrical stimulation. Apocynin has
previously been shown to increase ROS formation in non-phagocytic cells (Vejrazka,
Micek, & Stipek, 2005); which we now show in adult skeletal muscle fibers. We
hypothesize that the apocynin induced ROS formation results in oxidation of key
components necessary for cell survival. Although we cannot completely rule out other
sources of ROS, our results suggest that NADPH oxidase in skeletal muscle plays an
important role in ROS production during contractile activity.
In phagocytes NADPH oxidase is oriented to produce extracellular O2·(Lambeth, 2004). In non-phagocytic cells there is some controversy as to the
orientation of the enzyme and whether O2·- is produced intracellularly or extracellulary
(for review see (Griendling, Sorescu, & Ushio-Fukai, 2000)). Skeletal muscle has been
shown to release O2·- to the extracellular space (Reid, Shoji, et al., 1992; Zuo et al.,
2000). Whether skeletal muscle NADPH oxidase is the source of this O2·- is unclear
since in those studies whole muscle bundles were used; the released O2·- could be from
vascular smooth muscle NADPH oxidase. In our studies we observed a reduction in
the rate of cytosolic DCFH oxidation upon inhibition of NADPH oxidase with DPI.
We cannot determine whether oxidation of DCFH is due to O2·- released into the
intracellular space or alternatively O2·- released extracellulary where it can
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spontaneously dismute to H2O2. In the second scenario H2O2 would have to cross the
plasma membrane in order to oxidize DCFH. Since we are using single isolated muscle
fibers we can conclude that skeletal muscle specific NADPH oxidase is responsible for
DCFH oxidation. Taken together, there is a growing body of evidence to suggest that
NADPH oxidase plays a key role in skeletal muscle ROS production. Whether
NADPH oxidase is involved in additional ROS signaling pathways such as stretch
activated ROS-stimulated glucose uptake (Chambers, Moylan, Smith, Goodyear, &
Reid, 2009) remains to be elucidated.
3.6

Summary

Our data are the first to assess the redox potential of skeletal muscle
mitochondria in single intact living fibers and support the conclusion that mitochondria
do not significantly contribute to ROS production under the contractile paradigm
reported here. Our data do support a role for the membrane bound non-phagocytic
NADPH oxidase in contraction induced ROS production. Our ability to detect subcellular production of ROS in living skeletal muscle fibers will shed new light on the
role of ROS in cell signaling processes, setting the stage for development of targeted
antioxidant therapies to combat the destructive effects of free radicals in muscle and
cardiovascular diseases.
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4

CHAPTER IV: DEPOLARIZATION INDUCED CALCIUM
DYSREGULATION IN MDX SKELETAL MUSCLE FIBERS
4.1

Introduction

Duchenne muscular dystrophy (DMD) is an X-linked muscle disorder whereby
mutations within the Xp21 locus inhibit the translation of the 427kD protein, dystrophin
(Koenig, et al., 1987). In humans, the loss of this protein promotes myofiber damage
and necrosis followed by subsequent fibrosis and fatty tissue replacement of once
viable muscle fibers. By the third decade of life, those affected by DMD die from
cardiac or respiratory distress (Emery, 2002a; Tidball & Wehling-Henricks, 2004a).
Dystrophin is localized within the subsarcolemmal cytoskeleton and acts as a
scaffolding protein for intracellular proteins and as a linker, through integrin receptors,
to the extracellular matrix. Current hypotheses suggest dystrophin is required to
maintain intracellular signaling pathways and to maintain muscle fiber mechanical
stability. Dystrophin’s scaffolding function maintains a complex of proteins
colocalized at the subsarcolemmal region at the costameres. Effector molecules bound
to the dystroglycan complex (DGC) include Grb2, nNOS, caveolin – 3 and TRPC1. (De
Backer, Vandebrouck, Gailly, & Gillis, 2002; Emery, 2002a, 2002c; Gervasio, et al.,
2008; Lovering, Porter, & Bloch, 2005a; N. P. Whitehead, et al., 2006). Efferent signals
from this complex are initiated to modulate satellite cell recruitment, force
mechanotransduction, immune responses and muscle fiber remodeling.
Dystrophin deficiency in skeletal muscle underscores the disruptions of multiple
signaling pathways including the dysregulated intracellular Ca2+ (N. P. Whitehead, et
al., 2010) handling and the production of excess intracellular reactive oxygen species
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(ROS) (Austin et al., 1992; Baker & Austin, 1989). ROS may include superoxide,
hydrogen peroxide, hydroxyl radicals or peroxynitrite (Andrade, Reid, & Westerblad,
2001; Reid, 2001; Reid & Li, 2001a). Current evidence supports a positive correlation
between altered Ca2+ homeostasis and ROS generation (Gervasio, et al., 2008; Howl &
Publicover, 1990; Shkryl, et al., 2009). This synergistic signal coupling between Ca2+
and ROS provides a signaling pathway to induce eventual muscle fiber degeneration.
The Ca2+/ROS activated pro-inflammatory factors include Nf-κβ and TN-Fα (Kumar &
Boriek, 2003) . Ca2+ activated proteases (De Backer, et al., 2002; N. P. Whitehead, et
al., 2006) can also cause myofibrillar protein degradation followed by cytoskeletal
weakness and fiber necrosis.
Dystrophin also forms a structural link between the cytoskeletal F – actin and
the transmembrane DGC. The extracellular α-dystroglycan portion of the DGC then
binds to laminin A2 attached to the extracellular matrix (ECM). This entire group of
signaling and scaffolding proteins form an internal structure to maintain muscle cell
mechanical integrity (Moens, et al., 1993). Loss of specific proteins can cause variants
of the muscular dystrophies. For example, loss of one of the sarcoglyan proteins (α, β,
γ, δ) can cause a type of Limb girdle muscular dystrophy (Shi et al., 2004).
. Of note, even though the Howl and Publicover (1990) work may seem dated, their
experiments emphasized the importance of Ca2+ homeostasis and its effect on
membrane permeability. Their lab used the dihydropyridine receptor channel agonist
Bay-K 8644 in normal murine diaphragm strips to evaluate the correlation between
increased intracellular [Ca2+] and sarcolemma permeabilization. Their subsequent
analysis of ROS dependent permeabilization revealed the iron chelator, deforoxamine
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and reduced glutathione (GSH) decreased the presence of the membrane impermeable
dye, Procion Yellow, Bay-K8644 treated muscle fibers. Their results indicated Ca2+
permeability (the DHPR agonist) activated a Ca2+ dependent ROS generating
mechanism, hypothesized to be PLA2 (Howl & Publicover, 1990). The bay-K 8644
experiments emphasized the importance of maintaining Ca2+ homeostasis within the
muscle cell.
In normal (i.e., non-dystrophic) skeletal muscle, several types of Ca2+ entry
pathways have been elucidated: stretch activated Ca2+ entry (SAC), store operated Ca2+
entry (SOCE) and excitation coupled Ca2+ entry, (ECCE). In dystrophin lacking skeletal
muscle, Franco-Obregon and Lansman, (1990 and 2006) , Yeung (2005) and
Whitehead (2008) have provided data revealing mechanical stretch can induce
excessive Ca2+ entry. In fact, SACs have been shown to play a role in the increased
susceptibility of mdx FDBs to eccentric injury (as measured by decreased isometric
force) (Ella W Yeung, Stewart I Head, & David G Allen, 2003; Yeung, et al., 2005).
Kumar & Boriek (2003) evaluated if ROS also increased during stretch. They provided
evidence in of increased NF-κβ activation in mdx diaphragm muscle with
concomitant elevation of TNF-α and IL-1beta (Kumar & Boriek, 2003) secondary to
mechanical stretch. NAC incubation abolished the NF-κβ activation in the mdx
diaphragm muscle, correlating ROS to the NF-κβ proinflammatory pathway.
SOCE offers another pathway for intracellular Ca2+ entry. Kurebayashi and Ogawa
(2001) pharmacologically depleted Ca2+ from the SR lumen in adult mouse EDL
skeletal muscles and measured the subsequent Ca2+ entry. However, it is uncertain if
Ca2+ depletes to a diminished level, thereby activating SOCE during muscle contraction
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(Allard, et al., 2006). Two other reasons arguing against the physiological activation of
SOCE in skeletal muscle were the inhibition of Ca2+ entry during depolarization and the
relatively long time course for SR refilling, ~ tens of seconds.
A third putative Ca2+ entry method is excitation coupled calcium entry (ECCE),
described originally in murine skeletal muscle myotubes, (Cherednichenko, et al., 2004;
Hurne, et al., 2005), in malignant hyperthermia myotubes (R163C-RYR1) and in
single adult FDBS (Cherednichenko, et al., 2008). Briefly, ECCE describes the
phenomenon of extracellular Ca2+ influx into the intracellular space during
depolarization via either the voltage gated Ca2+ channel, CaV 1.1, (Bannister, et al.,
2009) or through other as yet unidentified pathways (Cherednichenko, et al., 2004;
Cherednichenko, et al., 2008; Gach, et al., 2008; Hurne, et al., 2005). As opposed to
SOCE which would likely be only evident in extremely fatiguing conditions, ECCE
would be operant during physiologic activation of skeletal serving to maintain
intracellular SR content. In this regard, if an enhancement in ECCE occurred in
dystrophin lacking skeletal muscle, this excess Ca2+ could contribute to the
dysregulated Ca2+ signaling established in this muscle.
In this study we show that ECCE contributes to the excess Ca2+ entry in
dystrophic skeletal muscle and also provide pharmacological evidence that a TRP
channel family member is likely responsible for the ECCE influx. In previous studies I
determined the ROS is generated during repetitive contractions (Michaelson, et al.,
2010). Here we show that ROS modulates ECCE in mdx muscle fibers and thus
excessive ROS plays a role in the excessive ECCE in mdx muscle. Intervention in
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these pathways may provide novel theraputic opportunities to slow disease progression
in DMD.
4.2

Methods

4.2.1 Isolation of FDB myofibers
Adult 12-36 week old C57BL WT mice and age matched C57BL10 ScSn <mdx
> mice were exposed to 100% CO2. Consciousness after CO2 application was assessed
by squeezing the forepaw. If the animal was not responsive to the tactile stress, we
immediately performed cervical dislocation. FDB muscles were quickly surgically
removed and placed into Dulbecco’s Minimum Essential Media (DMEM) containing
0.1% gentamycin (Sigma – G1397) and 0.4% Collagenase A (Roche Applied Science,
Indianapolis, IN, # 10103578001). The fiber/collagenase solutions were placed in
35mm Falcon plastic dishes and stored in an environmentally controlled incubator with
conditions set at 37° C and 95%O2/ 5% CO2 atmosphere. The fibers were incubated for
1.5 – 2.0 hours. Single myofibers were dissociated from muscle bundles using gentle
trituration in filtered (.22µM polyvinylidine microfilter) culture solution containing,
DMEM, 0.1% gentamycin, and 10% heat inactivated fetal bovine serum (Atlanta
Biologicals). The fibers were then plated in wells of a 96 well culture dish (Costar,
Corning Incorporated Life Sciences, Lowell, MA) coated with extracellular matrix
(ECM) gel (Sigma, St. Louis, MO). The fibers were used 12 – 36 hours after plating to
ECM and stored at 37° C in 95%O2/ 5% CO2 within the incubator.

56

4.2.2

Loading of single FDB fibers with Fura-2 AM

Briefly, the dual excitation Ca2+ indicator dye fura-2 AM is a BAPTA analogue
compound whose acetoxymethyl ester group allows entry through the sarcolemma (Ex
340nm/380nm, high/low Ca2+ : Em 505nM, isosbestic 360nM) (Poenie & Tsien, 1986).
Once exposed to the intracellular myoplasm, intracellular esterases hydrolyze the ester
groups, leaving a fluorescent Ca 2+ indicator dye substrate. Wells containing the FDBs
were rinsed with a N-[2-hydroxyethyl] piperazine-N’- [2-ethansulphonic acid]
(HEPES) buffered ringer solution containing (in mM) 140 NaCl, 1.8 CaCl2 4.0 KCl, 1.0
MgSO4, 5.0 NaHCO3, 10.0 glucose, 10.0 HEPES, pH 7.4. This solution was used as
the normal ringer (NR). All reagents were obtained from Sigma and were ~ 99% pure
by HPLC unless otherwise noted. Fura-2 AM dye was made in a DMSO (dimethyl
sulfoxide)/pluronic solution and added to the wells with a final concentration of 5µM.
N-benzyl-p-toluenesulfonamide (BTS, Sigma Rare Chemicals, St. Louis, MO) made in
a DMSO solvent, was added to each well for a final concentration of 10µM BTS. BTS
inhibits the myosin ATPase activity and diminishes the S1-actin affinity, thereby
inhibiting the active tension within myofibers (Shaw, Ostap, & Goldman, 2003).
Adding BTS was necessary to ensure no fiber movement during K+ induced
depolarization. Fibers were chosen to be assayed if they exhibited a regular striated
pattern and no visible deformations. Fura-2 AM and BTS were allowed to load within
the myofibers for 25 minutes at room temperature, ~ 23°C in a darkened location. After
25 minutes, the myofibers were rinsed with the HEPES buffered ringer and allowed to
de-esterify for 20 minutes in darkened container at room temperature.
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4.2.3

Calculation of Intracellular ROS in single myofibers using DCFH-DA

The 6-carboxy-2’,7’-dichlorodihydrofluorescein diacetate (DCFH-DA) (Invitrogen,
Carlsbad, CA) was prepared in DMSO/pluronic 10%. The 96-well plates containing
isolated FDB fibers were washed with HEPES buffered ringer solution and incubated
with ringer containing DCFH-DA (10 µM) for 30 to 45 minutes at room temperature.
The fibers were then washed with ringer and then allowed to de-esterify the dye for 15
minutes prior to fluorescence microscopy. To prevent light induced oxidation of
DCFH, all cell loading was performed in the dark. The basal level of DCF fluorescence
was obtained during ~ 1 minute of continuous NR perfusion.
4.2.4

Assessment of Mn2+ Influx

A modified Mn2+ quench protocol (Hopf, et al., 1996b; Sage, Merritt, Hallam, & Rink,
1989; J. P. Wang, 1996) was used to assay the putative Ca2+ entry rates during three
different perfusates (Figure 4.2.1). A Mn2+ rringer (MnR) solution was made to assay
basal Ca2+ permeability: 140 NaCl, 1.8 MnCl2 4.0 KCl, 1.0 MgSO4, 5.0 NaHCO3, 10.0
glucose, 10.0 HEPES, pH 7.4. A second Mn2+solution evaluated Ca2+ entry during
depolarization (MnK): 100 NaCl, 1.8 MnCl2 40.0 KCl, 1.0 MgSO4, 5.0 NaHCO3, 10.0
glucose, 10.0 HEPES, pH 7.4. All solutions were isotonic with osmolality equivalent to
~300mOsm.
Briefly, muscle fibers loaded with the Ca2+ indicator dye emit a basal
fluorescence. Perfusion of the myofibers with a Mn2+ solution allows the divalent cation
Mn2+ to enter the intracellular myoplasm via pathways similar to the divalent cation
Ca2+. Mn2+ then binds to the Ca2+ indicator dye fura-2 AM and quenches the
fluorescence signal (Grynkiewicz, Poenie, & Tsien, 1985; Poenie & Tsien, 1986; Tsien,
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Rink, & Poenie, 1985). This “quench rate” correlates to the rate of extracellular entry
of Mn2+ and therefore assays the permeability of the sarcolemma. Mn2+ is not
sequestered by the sarcoplasmic reticulum ATPase pumps (SERCA), so the Mn2+ is
retained within the intracellular space. An initial baseline fluorescence was obtained for
~60 sec (1 min), then using an automatic perfusion system (Valvebank 8 II, Automate
Scientific), the perfusate was changed to MnR for ~120 sec (2 min), then to MnK for
~180 sec (3 min), and finally returned to NR for ~60 sec (1 min).
4.2.5

Fluorescence microscopy and image analysis

Fura-2 AM and DCF fluorescence were monitored using a CCD CoolSnap HQ Camera
(Photometrics, Tucson, AZ) attached to an IX-50 (Olympus, Center Valley, PA)
inverted microscope (20x objective, 0.4 NA). For fura-2 AM imaging, a Ludl rotating
filter allowed dual excitation at 360 nm (isosbestic point) and at 380nm (Ca2+ free)
wavelengths. For DCF, the excitation occurred at 485nm . Emission for both dyes were
collected using an emission filter > 510 nm . Gray scale (8 bit) fluorescence emission
images were analyzed using IPLab 4.0 (Scanalytics, BD Biosciences, San Jose, CA)
and acquired at a rate of 0.33 Hz with 4X4 binning. Images were taken using a 25 ms
exposure for 360 nm/380 nm wavelengths and 60 ms exposure for the 485 nm with a
neutral density of 12 (88% of light blocked). A region of interest (ROI) on the fiber and
background ROI were drawn using IPLAB and the fluorescence for these ROIs were
calculated in realtime and saved as an .IPL file. The background fluorescence was
subtracted from the ROIs within individual myofibers.
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4.2.6

Incubation with H2O2, N- acetylcysteine (NAC) and BTP2

To assess the effects of ROS upon the sarcolemmal calcium influx (basal and
ECCE) using the Mn2+ technique ,WT and mdx myofibers loaded with fura-2 AM were
incubated in H2O2 for 8 minutes. The 0 µM, 10 µM and 100 µM concentrations of
H2O2 were used (Andrade, et al., 2001). NAC (Sigma) solution was made by making a
1mM stock in a HEPES buffered normal ringer, with a final concentration of 0.5 mM in
the wells. Incubating whole muscle with NAC ~ 50 – 80 min, has been previously
performed to assay 2- deoxyglucose uptake and to evaluate force generation after
tetanus contraction of EDL whole muscle (Sandstrom, 2006). In contrast, Westerblad et
al. (2008) evaluated prolonged low frequency force decline in WT mouse FDB fibers
by treating with 0.5mM NAC for 30 min. I incubated the FDBs with NAC for 30 min
prior to initiating the perfusion protocol. BTP2 (Sigma) was added to 100% DMSO to
make a fresh 20 μM stock prior to experiments. This agent has been used to inhibit
SOCE in heterologous TRPC3, TRPC5, TRPC6, and HEK296 cell expression systems
(He, Hewavitharana, Soboloff, Spassova, & Gill, 2005) and in myotubes (Li et al.,
2010). A 1:1 ratio v/v was added to the designated well with fibers in the 96 well plate,
using NAC or BTP2. We incubated the WT and mdx FDBs for 10 minutes for a final
concentration of 10 µM BTP2, a similar concentration to others examining SOCE in
DT40 and HEK296 cells (He, et al., 2005). NAC and BTP2 were also added into the
perfusates to maintain 0.5 mM NAC or 10 µM BTP2 concentrations.
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4.2.7

Calculation of Mn2+quench rates

The quantified values for each perfusate Mn 2+ quench rates were normalized
using Equation 1. Briefly, the basal Mn2+ quench rates (Qo,), arbitrary units/sec
(A.U./sec), were compared after subtracting the initial fluorescence rates during NR
perfusion (Figure 4.2.9). The raw fluorescence rates for each condition were
normalized to the WT basal permeability of Mn2+ (Qo). Therefore the ordinate axes are
expressed in fold change greater than the WT Qo values and are unitless.
4.2.8

Oxyblot Protein Oxidation Quantification

The principle of the OxyBlotTM procedure is to detect carbonyl groups on
oxidized proteins.. The OxyBlotTM Protein Oxidation Detection Kit (S7150) was
purchased from Millipore. Protein homogenate samples were placed in reduced
homogenizing buffer containing 2% β-mercaptoethanol then homogenized using a
Bullet BlenderTM. The 20 μg of sample protein were derivitized with 2,4-dinitro phenyl
hydrazine concurrently with a control derivitization solution for 20 min following the
manufacturer’s instruction (Millipore, S7150). Electrophoresis of the protein sample
was performed using a 4 % - 25 % gradient SDS polyacrylamide gel (Thermo) after
2,4-dinitro phenyl hydrazine derivatization. Sample proteins were then transferred from
the gel to a nitrocellulose membrane using a BioRad MiniProtean II Tetra (90min at 40
mV) protein transfer system. After transfer, a 5% dry milk/ TBS solution blocked the
nitrocellulose membrane for 20 minutes. Then, incubation of the membrane occurred
rabbit: anti-4-dinitrophenylhydrazone occurred at room temperature for 1 hr in a 1:150
dilution. A horseradish peroxidase conjugated goat anti-rabbit secondary antibody at a
concentration of 1:5000 in 5% dry milk/ TBS + 0.1% Tween 20 was then applied to
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the membrane and gently rocked at room temperature for 1 hr. Blots were then
developed using a chemiluminescence detection system, ECL (Amersham, GE
Healthcare). Densitometry was performed on scanned gels using ImageJ. To normalize
the carbonyl signal , I calculated the ratio - (carbonyl density value: Ponceau red
density ) . I used the signal values detected at the protein band located at the TRPC1
kDa ~ 72kDa.

Figure 4.1 Representative plots for Mn2+ quench of WT and mdx FDBs.
Sample fluorescence traces of raw data from single WT and mdx FDBs. Linear rates were calculated
during the perfusates indicated above and depicted as blue lines.

4.2.9

Western Blot, anti-GSH, anti-Phosphotyrosine, anti-TRPC1

Western blots were performed on tibialis anterior (TA) muscle from WT and mdx male
mice~ 15-17 weeks old. Briefly, TA muscle was removed, blotted dry, weighed, then
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placed in ice cold reduced lysis buffer. Samples were then homogenized using the
Bullet Blender TM and then centrifuged for 20 minutes at 10,000 RPM. The supernatant
was removed and the pellet discarded. Protein was quantified using Pierce
Bicinchronic Acid Assay. Samples were prepared in non-reducing (for anti-GSH)
loading buffer or reducing loading buffer and stored in -80 C °. Thermo 4 %– 20 %
gradient gels were used with Bio-Rad TM Mini-Protean II Kits (100mV for 60 minutes)
for electrophoretic protein separation. Samples were then transferred to nitrocellulose
membrane using Bio-Rad TM Mini-Protean Tetra (40mV at 90 minutes). Primary antiGSH mouse monoclonal antibody 1:1000 (101-A, Virogen, MA) in 5% dried milk,
0.1% Tween-20 TBS solution, was applied at 23°C for 1 hour while gently rocking.
The anti-TRPC1 mouse monoclonal antibody 1F1 (Ong et al., 2002) was obtained as a
generous gift from Dr. Leonidas-Tsoikas. The concentrations for the primary
antibodies 1F1 and anti-phosphotyrosine (Sigma, polyclonal rabbit – antimouse) were
1: 900 and 1:1000. Both were incubated with the sample nitrocellulose membranes
overnight, at 4C. After rinsing the membranes, the horseradish peroxidase conjugated
secondary sheep anti-mouse and goat anti-rabbit were applied at 1:5000 for 1 hour.
ECL solution (Amersham, GE Healthcare, RPN2109) was used to image the membrane
using the SyngeneTM imaging system.
4.2.10 Statistical Analysis and Rate Calculation
Rate calculations were determined using Origin 8.1 (Northampton, MA) using the least
squares function to minimize residual sum of squares for the indicated linear region of
both genotypes (Figure 4.2.1). Each condition was compared to the fold change relative
to the WT basal Mn2+ permeability rate (Qo). Independent t-tests or dependent t-tests

63

were used to compare rates between two groups. Analysis of Variance (ANOVA) was
used to compare differences between more than two groups as needed. If differences
existed within the overall ANOVA model, the post hoc Tukey’s Mean Comparison test
was used to determine the groups exhibiting significant differences. The KolmogorovSmirnoff test for normality was performed to determine the normality for each sample
distribution. Homogeneity of variances were evaluated using Levene’s test. Groups
without normal distribution were compared using Mann-Whitney Test or the Kruskall
Wallis Test as indicated. For some analyses, results with non- homogenous variation
were analyzed with an independent T-test with Bonferroni correction as indicated.
Values were considered significant if p < .05, unless otherwise specified. Power
analysis was performed with G*Power 3.1.3.
4.2.11 Equations
4.2.11.1 Basal Permeability = Qo
1. Qo = (Mn2+- NR) = (raw Mn2+ quench rate – raw resting fluorescence rate
during normal ringer)
4.2.11.2 Excitation Coupled Calcium Entry (ECCE) = Qk
2. Qk = (Mn2+ + 40 mM K+ - NR) = (raw Mn2+ quench rate during 40 mM K+
depolarization –raw resting fluorescence rate during normal ringer)
Note: NR = normal ringer
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4.3
4.3.1

Results

Assaying Permeability Under Basal and K+ Depolarizing Conditions

Ca2+ permeability of dystrophin deficient and WT skeletal muscle has previously been
assayed using a Mn2+ quench protocol (Berbey & Allard, 2009; Hopf, Turner,
Denetclaw, Reddy, & Steinhardt, 1996a; Tutdibi, et al., 1999). Figure 4.2.1 depicts the
representative fura-2 AM (510 nM) emission fluorescence recordings (normalized to
100%) from non-H2O2 treated WT and mdx FDBs during the indicated perfusates. Prior
research using individual mdx interosseus muscle fibers showed the sarcolemmal
permeability is approximately two fold greater than WT interosseus muscle fibers
(Tutdibi 1999).
In Figure 4.3.1A, the basal permeability (Qo) in the mdx FDBs were
significantly greater by almost 2 fold than the WT FDB Qo, 1.73 + .19 fold vs 1 +
.017 fold, p < .01, (two-tailed). A finding similar to that from Tutdibi et al. (1999). .
The mdx FDBs also however exhibited significantly higher ECCE (Qk) when compared
to WT Qk, 3.78 + .30 fold vs 2.43 + .38 fold , p < .01, (two tailed). The comparison
between groups of the basal permeability (Qo ) and ECCE (Qk) using an independent
t-test was slightly underpowered , df (88), power = .62, d =.05. I believe the
differences between the genotypes is real, however , more fibers will need to be
evaluated. Assuming I change my hypothesis to a one-tailed t-test, increase the WT
fibers by 10, with d = .05, the power would increase to.80. These fluorescence rates
indicate mdx sarcolemmal permeability is greater when the fiber is at rest and during
depolarization. This is the first evidence of ECCE in adult mdx skeletal muscle fibers.
The increased permeability during rest and during depolarization in mdx FDBs
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compared to WT FDBs supports the theory of Ca2+ dyshomeostasis in mdx skeletal
muscle. If the sarcolemma remains highly permeable to Ca2+ at rest and during muscle
depolarization, the Ca2+ removal/chelating mechanisms will be constantly stressed. The
fact mdx skeletal muscle do express three times more of the E-F hand Ca2+ binding
protein, calsequestrin, supports the compensatory need to accommodate elevated [Ca2+]i
(Edwards, Friedrich, et al., 2010).

Figure 4.2 Basal permeability for pooled WT and mdx FDBs
Untreated basal Mn2+ permeability (Qo) in WT and mdx single FDBs. The mean WT Qo rate was
normalized to 1(indicated by red line), WT ( N animals = 7, n fibers = 35). Any mean rate above or below the
WT basal Mn2+ permeability rate was then normalized to fold difference above or below this basal
permeability rate. On average, mdx FDBs (N animals = 10, n fibers = 55) exhibited a significant greater
basal permeability, mdx (Qo) = 1.73 + .19 fold vs. WT Qo = 1 + .17 . Data are presented as mean +
SEM.
** p <.01.
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4.3.2

BTP2 Treatment Inhibits ECCE in mdx FDBs

A candidate mechanism for the extracellular Ca2+ entry during depolarization is a
member of the TRP channel family (Cherednichenko, et al., 2008). Using the nonspecific TRP channel inhibitor, BTP2 (He, et al., 2005) we sought to determine if a
portion of the permeability could be inhibited.

Figure 4.3 Normalized ECCE in WT and mdx FDBs.
Untreated ECCE (Qk) permeability in WT and mdx single FDBs. The mean WT ( N animals = 7, n fibers =
35) and mdx (N animals = 10, n fibers = 55 ). Qk rates were depicted as fold increase or decrease from the
WT Qo. The WT (Qk) FDBs had a 2.43 + .38 fold increase greater than WT (Qo). Mdx ECCE (Qk) had
3.78 + .30 fold greater than the WT (Qo ). On average, mdx FDBs exhibited greater ECCE than WT
FDBs, ** p <.01. Data are presented as mean + SEM.
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Figure 4.4 Basal Mn2+ permeability in WT and mdx FDBs with and without BTP2
On average, BTP2 treatment did not significantly reduce the basal Mn2+ permeability (Qo) in WT fibers (
N animals = 7, n fibers = 35) vs WT + BTP2 (N animals = 4, n fibers = 23), 1 + .17 fold vs .55 + 0.24 fold, p >
.05, respectively. Treatment of mdx FDBs with BTP2 significantly decreased Qo, mdx ( N animals = 10, n
fibers = 55) vs mdx + BTP2 (N animals = 6, n fibers = 23), 1.73 + 0.18 fold vs 0.84 + 0.29 fold, respectively. *
p <. 05. Data are presented as mean + SEM.

With 10 µM BTP2 , the basal Mn2+ permeability did not differ between the WT
BTP2 treated FDBs (Figure 4.3.3) compared to non-treated WT fibers, 1 + .17 fold vs
.55 + 0.24 fold, p = .12 (two-tailed). However, a power analysis revealed the Qo for
WT and WT+BTP2 sample sizes were underpowered, power = .45, d = .05 . By
changing the analysis to a one-tailed independent t-test (since the fluorescence is
expected to decrease with BTP2), is it estimated that a minimum of 50 fibers per group
would yield sufficient power to detect differences (equal .80, d = .50.)
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Similar to the WT FDBs The mdx fibers also had a significant decrease in basal
Mn2+ quench, Qo, from 1.73 + 0.18 fold to 0.84 + 0.29 fold, p < .05, (two tailed),
power = .77, d= .05. With depolarization, the BTP2 treatment significantly inhibited
ECCE (Qk) in the WT group (Figure 4.3.4), decreasing the fluorescence rate from 2.43
+ .37 fold to 1.44 + .29 fold, p < .01, power = .96, d = .05. Finally, BTP2 also
significantly decreased Qk in the mdx FDBs, from 3.78 + .30 fold to 1.06 + .39 fold, p
< .001, (two tailed) power = .77, d = .05.
4.3.3

Basal ROS is Elevated in mdx FDBs

DCFH has been used as a non-specific ROS indicator dye to evaluate intracellular ROS
generation in individual enzymatically dissociated FDBs (Michaelson, et al., 2010) and
in skeletal muscle myotubes (McArdle, Pattwell, Vasilaki, McArdle, & Jackson, 2005)
during unloaded electrical stimulation. In our current experiments, we evaluated the
mean basal DCF fluorescence rate (Fo) between mdx and WT FDBs (Figure 4.3.5)
during normal ringer perfusion (approximately 60 sec).
The Fo was significantly greater in adult mdx mouse FDBs Fo = 0.032 A.U./s
than WT FDBs, Fo = 0.013 A.U./s, p=.02, (two-tailed), power = .78, d = .05. These
data indicate ROS generation occur at a greater rate in mdx FDBs during unstimulated ,
unloaded conditions. Several processes may explain the excess ROS production in the
mdx fibers compared to the WT muscle. With the evidence indicating a higher basal
permeability in the mdx fibers from our quench experiments (Figure 4.3.1), the
increased Ca2+ can activate the Ca2+ dependent lipoxygenase, phospholipase A2 (PLA2).
PLA2 hydrolyze ester bonds at the 7-2 position of glycerophospholipids to form
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Figure 4.5 ECCE dependent permeability in WT and mdx FDBs with and without BTP2.
On average, BTP2 significantly reduced Qk in the WT fibers, WT (N animals = 7, n fibers = 35) vs
WT+BTP2 ( N animals = 4, n fibers = 23), 2.43 + .37 fold vs. 1.44 + .29 fold, respectively. Treatment of mdx
FDBs significantly decreased Qk to approximately basal WT Qo levels, mdx (N animals = 10, n fibers = 55)
vs mdx BTP2 (N animals = 6, n fibers = 23), 3.78 + .30 fold vs. 1.06 + .39 fold, respectively. # = Mann
Whitney, ** p <.01, *** p< .001.

arachidonic acid (AA). The mitochondria then use AA as a substrate for
metabolism, eventually forming O•‾. Therefore, Ca2+ can induce two mechanisms for
ROS generation, the mitochondria and PLA2 (Gervasio, et al., 2008; Murakami &
Kudo, 2002). Taken together, these data support a relationship between excess ROS
production and the magnitude of Ca2+ permeability.
4.3.4

N-acetylcysteine (NAC) Treatment Alters ECCE in mdx FDBs

NAC, a non-specific ROS scavenger, has been shown to rescue the force loss
associated with eccentric injury in mdx skeletal muscle and to reduce the membrane
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Figure 4.6 Basal DCF Fluorescence rates.
Basal DCF fluorescence rates (A.U./sec) were established for WT (N animals = 10, n fibers = 37) and mdx (N
animals = 7, n fibers = 32) genotypes. The mdx FDB myofibers oxidize DCFH to DCF at a greater rate when
compared to normal WT FDB myofibers, mdx Fo = 0.032 A.U./s vs. WT, Fo = 0.013 A.U./s, p < .05. F0
= normalized DCF fluorescence.

damage from the stretched contractions (Nicholas P. Whitehead, Ella W. Yeung,
Stanley C. Froehner, & David G. Allen, 2010). Here we used NAC to evaluate the
effects of ROS on the membrane permeability. The basal Mn2+ permeability (Qo ) in
the WT+NAC FDBs did not significantly differ compared to the non-treated WT FDBs
(Figure 4.3.6), 1.09 + .51 vs 1.0 + .17, p >.05 , respectively. The power was .95, d =
.05. The WT values were quite similar, indicating the NAC had no significant effect on
the permeability. Consistent with the WT, NAC did not significantly alter the Mn2+
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basal permeability in the mdx (Figure 4.3.6), mdx +NAC vs mdx, 2.25 + .40 vs 1.73 +
.18, p = .49, respectively (power = .98, d = .50).
During depolarization to activate ECCE, NAC did not significantly change the
ECCE in the WT+NAC group compared to untreated WT, 2.43 + .37 vs 1.85 + .20, p >
.05, respectively (Figure 4.3.7). In contrast, NAC did significantly decrease ECCE in
the mdx +NAC group FDBs, from 3.78 + .30 to 1.29 + .31. Despite the uneven fiber
numbers between groups, the power is sufficient (p=.95, d = .05) to detect differences.

Figure 4.7 Basal Permeability in WT and mdx FDBs With and Without NAC
Qo in WT and mdx FDBs with and without NAC. WT fibers (N animals = 7, n fibers = 35) did not differ
from WT + NAC fibers (N animals = 3, n fibers = 16), 1.0 + .17 fold vs 1.09 + .51 fold, respectively.
No significant difference was detected between mdx (N animals = 10, n fibers = 55) and mdx +NAC (N
animals = 3, n fibers = 16) , 2.25 + .40 fold vs 1.73 + .18 fold, respectively. Mann Whitney nonparametric test was used. N.S. = p > .05.
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Figure 4.8 ECCE dependent permeability in WT and mdx FDBs with and without NAC.
Comparing WT (N animals = 7, n fibers = 35) vs WT+ NAC (N animals = 3, n fibers = 16) revealed no significant
difference. NAC did not alter the ECCE in WT FDBs, 2.43 + .37 vs 1.85 + .20, p > .05,. In the mdx group,
mdx (N animals = 0, n fibers = 55) vs mdx + NAC (N animals = 3, n fibers = 16), the NAC significantly decreased
ECCE. 3.78 + .30 vs 1.29 + .31, respectively.Mann Whitney, ** p< .01.

4.3.5

Exogenous ROS Treatment

4.3.5.1 WT Qo H2O2
Incubation of fibers with H2O2 (10 μM or 100 μM) did not significantly change the
basal Mn2+ permeability (i.e., Qo) in the WT FDBs (Figure 4.3.8). The fluorescence
rates of the H2O2 positively correlated (became more negative) with increasing H2O2
concentration.
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Figure 4.9 Basal Permeability in WT FDBs after H2O2 Treatment
Basal Mn2+ permeability (Qo) for WT FDBs treated with H2O2. Untreated WT (N animals = 8, n fibers = 60), 10
μM H2O2 (N animals = 4, n fibers = 36), and 100 μM H2O2 (N animals = 4, n fibers = 25). On average H2O2, did not
alter the basal Mn2+ permeability in WT FDBs, The average fold values were 0 μM (M = 1.0, SEM = .09),
10 μM (M = 1.06, SEM = .15 ), 100 μM (M = 1.23, SEM = .20), ANOVA, p > .05.

A one-way between subjects ANOVA was conducted to compare the effect of
H2O2 on the permeability rate Qo in the WT fibers using the H2O2 concentrations of 0
μM, 10 μM, and 100 μM. Incubating the fibers with varying H2O2 concentrations did
not significantly alter the permeability rate Qo, at p < .05 level for the three
concentrations [F (2, 118) = .302, p = .74]. The average fold values were 0 μM (M =
1.0, SEM = .09), 10 μM (M = 1.06, SEM = .15 ), 100 μM (M = 1.23, SEM = .20),
power = 0.68, d = 0.25. Ideally each group would have similar amount of fibers. If each
group were similar size, the variability would decrease while also increasing the power
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of the sample size. To obtain a power of .82, a total of 166 fibers, 17 more 10 μM and
28 more 100 μM H2O2 fibers would need to be analyzed. Overall, the results suggested
in WT fibers the oxidant slightly increased Qo in a concentration dependent manner.
The downstream effect from these results would mean minimal Ca2+ entry would occur
in the WT fibers during non-depolarizing conditions.
4.3.5.2

mdx Qo H2O2
Similar to the WT , mdx myofibers shown no significant effect of H2O2

oxidation on the basal permeability rate (Qo; Figure 4.3.9), [F(2, 61) = .302, p = .74].
Despite the strong visual trend of a decrease in basal permeability with increasing
oxidation, the calculated power (.78) gives us confidence that our conclusions are
correct. The inherent variability in these measures is underscored by the fragility of
these myofibers as evidence by a significant decrease in the myofibers yield (~50%
compared to WT; personal observation).
WT Qk H2O2
Varying the incubation H2O2 concentrations did not significantly affect the
ECCE permeability rate in WT FDBs ([F(2, 118) = .099, p = .91 (two-tailed)],1 way
ANOVA). The 10 μM and 100 μM H2O2 groups (Figure 7A) were similar to the 0 μM
non-treated condition. For the three H2O2 conditions; 0 μM (M = 1.76, SEM = .15),10
μM (M = 1.78, SEM = .17 ), 100 μM (M = 1.88, SEM = .25), power = .98, d = .04. No
pattern was visible; all rates were statistically equivalent to the untreated group, 0 µM.
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Figure 4.10 Basal Permeability in mdx FDBs H2O2
Basal Mn2+ permeability (Qo) in mdx FDBs treated with H2O2. Untreated mdx (N animals = 4, n fibers = 31),
10 μM H2O2 (N animals = 3, n fibers = 17), and 100 μM H2O2 (N animals = 4, n fibers = 25). On average H2O2,
did not alter the basal Mn2+ permeability in WT FDBs, ANOVA, p > .05 (power = .78, d = .04.). The
Tukey Post hoc test values are, 0 μM (M = 1.71, SEM = .40), 10 μM (M = 1.16, SEM = .60 ), 100 μM
(M = 1.01, SEM = .21)

4.3.5.3 Mdx Qk H2O2
Treating mdx FDBs with 100 μM H2O2 greatly increased ECCE when compared to the
0 μM H2O2 and the 10 μM H2O2 mdx groups (Figure 7B). The variance between the
groups was not equivalent, F (2) = 70.5, p < .001. Independent t-tests with Bonferrroni
correction, compared the mean mdx ECCE fold value of the 100 μM H2O2 group to the
0 μM H2O2 and the 10 μM H2O2 groups, assuming unequal variance. The mdx ECCE
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Figure 4.11 ECCE Dependent Permeability for WT FDBs treated with H2O2
ECCE dependent permeability (Qk) was compared in WT FDBs treated with H2O2; 10 μM H2O2 (N
animals = 4, n fibers = 36), and 100 μM H2O2 (N animals = 4, n fibers = 25) and untreated WT (N animals = 8, n fibers
= 60). Minor permeability changes occurred, 0 μM (M = 1.76, SEM = .15),10 μM (M = 1.78, SEM =
.17), 100 μM (M = 1.88, SEM = .25). No significant differences existed between any of the conditions.

100 μM H2O2 group significantly exhibited an increased ECCE dependent permeability
(M =7.59, SEM + 1.49 fold), compared to the mdx groups treated with 0 μM H2O2 (M
= 2.01, SEM + .19 fold) and 10 μM H2O2 (M = 1.99, SEM + .26 fold); [t(19.1) = -3.77,
p = .001 (two tailed) ] and [t(18.6) = -3.7, p = .002 (two tailed)], respectively. The post
hoc power calculation for the 0 μM H2O2 vs 100 μM H2O2 comparison was slightly less
than the normally accepted value, power = 0.67, d = .08, with Bonferroni correction (p
< .025 indicates significant difference). Increasing the mdx 100 μM H2O2 sample size
would increase the power. For the 10 μM H2O2 vs 100 μM H2O2 values, the sample sizes
were generally equivalent (17 and 19), but the total number for each group was small,
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Figure 4.12 ECCE dependent permeability in mdx FDBs
ECCE (Qk) in mdx FDBs treated with 0 μM, 10 μM, 100 μM H2O2. Untreated mdx (N animals = 4, n fibers =
31), 10 μM H2O2 (N animals = 3, n fibers = 17), and 100 μM H2O2 (N animals = 2, n fibers = 25). On average
H2O2, 100 μM concentration significantly increased (Qk) compared to the 0 μM H2O2 and 10 μM H2O2
mdx FDBs. In contrast to the WT FDBs, incubating the mdx FDBs with the highest concentration of
H2O2, 100 μM; significantly increased the permeability (M = 7.59, SEM = 1.5) compared to 0 μM H2O2
[(M = 2.01, SEM = .19, t(18.5) = -18.5, p = .001 (two tailed)]. or the 10 μM H2O2 group [(M = 1.89
SEM = .26 two), t(19.1) = -3.77, p = .002 (two tailed)]. ** Independent t-Test 100µM vs 0 µM, p < .01;
# Independent t-Test 100µM vs 0 µM, p < .01

causing the power to be low, power = .53 and d = 0.8. Assuming the relationship was
only one-tailed would increase the power to .62. However, similar to the prior 0 μM vs
100 μM H2O2, an increased sample size would decrease the variation and increase the
power.
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4.4

Discussion

Early work noted the correlation of highly metabolic organic samples with the
increased quantity of reactive oxygen intermediates, as measured by electron spin
resonance (electron paramagnetic resonance) (Commoner, Townsend, & Pake, 1954).
These unpaired electron intermediates were correctly hypothesized to be constitutive
products of an oxidative-reduction pathway involving electron transfer known as
reactive oxygen species (ROS). Current research has identified ROS as molecular
entities responsible for performing multiple signaling functions, from mediation of gene
transcription (Sigala et al., 2011; Tidball & Wehling-Henricks, 2007), immune
response (Reid & Li, 2001b), and modulation of muscle force generation (Reid, 2001).
However, an imbalance between the oxidative and reductive capacities can be a
primary cause for a pathogenic response. A pathological case in point is DMD. ROS in
skeletal muscle have been highly implicated as factors actively supporting the muscle
fiber wasting associated with the disease (Asayama, Hayashibe, Dobashi, & Kato,
1989; Baker & Austin, 1989; Disatnik et al., 1998). Concurrent with excess ROS
generation, altering Ca2+ homeostasis also has been implicated for the pathogenic
progression of DMD (Mallouk & Allard, 2002; Mallouk, et al., 2000; Paul R. Turner, et
al., 1991). The relationship between ROS and Ca2+ dyshomeostasis has been reviewed
(Gissel, 2005; N. P. Whitehead, et al., 2006) with hypotheses suggesting extracellular
Ca2+ entry may disrupt the intracellular Ca2+ homeostasis within the muscle fiber,
causing a feed forward ROS activation cycle (David G. Allen & Whitehead, 2011; N.
P. Whitehead, et al., 2006), explaining the elevated ROS and Ca2+ within dystrophin
deficient skeletal muscle in humans and in mdx mice. How the loss of the scaffolding
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protein, dystrophin, induces cycles of ROS/ Ca2+ dependent muscle fiber necrosis
continues to be debated.
A source to assay the ROS/Ca2+ relationship would be the extracellular domain.
Extracellular Ca2+ entry allows Ca2+ to replete the SR stores in the muscle fiber. SAC
entry and SOCE have shown to be increased in mdx in skeletal muscle , but the
spatiotemporal mechanics of SOCE do not correspond to the velocity (Kurebayashi &
Ogawa, 2001) at which skeletal muscle activates, so SOCE may not be present in
skeletal muscle. Others have extensively evaluated SAC (Franco-Obregon & Lansman,
1994; Lansman & Franco-Obregon, 2005, 2006; Ella W Yeung, et al., 2003; Yeung, et
al., 2005) in mdx myotubes and single muscle fibers but to my knowledge no researcher
has evaluated the Ca2+ entry pathway termed, ECCE, in mdx single adult skeletal
muscle fibers .
It is reasonable to speculate the ECCE dependent mechanism(s) display(s)
redox sensitivity or TRP channel-like properties since multiple channel proteins
regulate activity based on their oxidation state, such as the RyR1(Hidalgo, et al., 2006)
and the TRPC3/TRPC4 complex (Poteser et al., 2006). The redox sensitivity of ECCE
was determined by quantifying the sarcolemmal Ca2+ permeability after treatment with
the oxidant H2O2 and the ROS scavenger NAC. To establish the general molecular
entity involved with ECCE, TRP channel contribution to sarcolemmal permeability was
inhibited by the TRPC inhibitor BTP2 (He, et al., 2005).
Treatment with BTP2 provided a novel insight to the possible mechanism for
ECCE modulation. In the WT group, ECCE was significantly diminished, whereas
BTP2 did not alter the basal Mn2+ permeability (Qo) of the WT muscle fibers. The
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RyR1 acts as a linker protein between TRPC3 and TRPC1 (Woo, Kim, Allen, & Lee,
2008). These data proposing a physical link between TRPC1 and RyR1 suggest, upon
depolarization and subsequent activation of the RyR1, the EC coupling sequence
directly modulates co-localized TRPC channels. The logical hypothesis would be the
putative TRPC channels favor Ca2+ entry (and most likely other ionic entry) upon
depolarization but not during basal conditions.
In the mdx FDBs, the Qo and ECCE were significantly reduced with BTP2. In
fact, ECCE in the mdx group was reduced by ~96% ,compared to the ECCE decrease
in the WT group by ~ 70%, suggesting dystrophin deficient skeletal muscle, at least in
the mdx model, is more susceptible to permeability during depolarization by TRPC
channels. This additional permeability is most likely caused by enhanced TRPC
channel activity instead of additional expression of TRPC proteins, because over a one
year period Kruger (2008) et al, evaluated the mRNA and protein expression of
multiple TRP channel isoforms. Western blots taken from mice over one year revealed
the mdx skeletal muscle had equivalent or less expression of TRP channels TRPC1,
TRPC3 and TRPC6 (Kruger, Kunert-Keil, Bisping, & Brinkmeier, 2008).
Incubation of the WT myofibers with multiple concentrations of H2O2 failed to
change the Qo or ECCE from their respective non-treated conditions in the WT group.
The ECCE increase in the WT fibers was minor and not statistically significant. These
findings were unexpected, because it was hypothesized permeability would increase in
the WT muscle with increasing exogenous [ROS] application (Andrade, et al., 2001).
The reason why ROS did not increase Qo and ECCE permeability is only speculative,
but the WT muscle fibers may have maintained a high reservoir of reducing equivalents
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( ie normally 100:1 GSH:GSSG (Mieyal, Gallogly, Qanungo, Sabens, & Shelton,
2008)) (Palomero, et al., 2008; Rando, 2002) since WT muscle is not under the
continuous oxidative stress present in mdx muscle.
The permeability of the mdx FDBs was insensitive to ROS until the H2O2
concentration was increased to 100 μM. This concentration of H2O2 drastically
increased ECCE in the mdx FDBs by approximately 4 times greater than ECCE in the
non-treated and 10µM H2O2 mdx groups. In contrast to ECCE, the Qo permeability in
mdx fibers did not change significantly with the increasing [H2O2] strength. The
sensitivity difference may be explained by characteristics of the influx pathways active
during the basal state and those pathways active during depolarization. Perhaps while at
“rest” the ECCE mechanism(s) exist in a conformational state insensitive to oxidation,
but upon depolarization, interaction with the RyR1 or other triadic protein may unmask
key cysteine residues making them more susceptible to oxidation. If the TRPC1 channel
were directly oxidized (since that TRP had been found at the triadic junction) (Woo, et
al., 2008), it may be responsible for altering ECCE conductance upon depolarization.
Such a hypothesis is feasible since evidence exists showing cation conductance
is redox sensitive. Based on the findings from Xu (2008), extracellular cysteine pairs at
C553 and C558 located on the pore of the TRPC5 channel were sensitive to thioredoxin
(S. Z. Xu et al., 2008). After performing a basic local alignment search tool (BLAST)
comparison, (Appendix), the same cysteine pair was located in (murine) TRPC1 as in
(murine) TRPC5. Xu, (2008) activated TRPC1/5 heteromers by reducing synovial fluid
cells with exogenous thioredoxin, revealing the reducing sensitivity of the complex.
Therefore, it is reasonable to assume such pairs may also be sensitive to oxidizing
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conditions. The oxidation of the TRPC1/5 complex via an exogenous oxidant was not
assayed (S.-Z. Xu et al., 2008), nor was the activity of the reduced individual TRPC1
channel.
NAC is a peptide precursor to glutathione, and retains antioxidant properties.
However, NAC also modulates protein expression related to muscle activity. A 24 hour
NAC incubation of myotubes decreased expression of the glucose transporter 4
(GLUT4) and phosphofructokinase (PFK), proteins. Both genes are related to
maintaining glucose dependent metabolic homeostasis (Pinheiro, Silveira, Nachbar,
Vitzel, & Curi, 2010). More importantly, Pinheiro and colleagues (2010) incubated
their myotube samples for 30 minutes at 0.8 mM NAC and using an Amplex red assay,
measured a significant reduction of muscle derived ROS during basal conditions and
then after electrical stimulation. Such results reinforced the decision to use NAC.
The mechanisms by which NAC would limit ECCE and subsequent ROS
dependent permeability were speculative. NAC can reduce basal or ECCE permeability
through the following mechanisms of action: 1) NAC decreasing GSSG, and therefore
the GSSG:GSH ratio, (Sandstrom et al., 2006), 2) NAC scavenging the ROS required
to activate Src kinase (Nicholas P. Whitehead, et al., 2008) followed by decreasing
TRPC1 activation (Gervasio, et al., 2008) or 3) NAC inhibiting the transcription of
proinflammatory cytokines by limiting Nf–κβ activation (Kumar, et al., 2003).
Therefore, using NAC to decrease the ECCE dependent membrane permeability in WT
muscle may require longer than 30 minutes incubation if NAC needs time to limit the
constitutive activity of Nf–κβ by limiting transcription. Furthermore, NAC treatment
did reduce SAC activated membrane permeability, validating a ROS dependent
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relationship with SAC activation (Nicholas P. Whitehead, et al., 2008). Also,
Whitehead et al., (2008), indicated how NAC did not reduce the stretch induced force
loss in WT muscle, but did significantly limit the force loss in the mdx skeletal muscle.
This pattern correlates with the NAC effect on ECCE in WT and mdx FDBs
experiments. ECCE acts to replete the Ca2+ stores, if NAC decreased the ECCE, then
one can speculate ECCE contributed to the lost force production in the mdx eccentric
injury experiments.
In summary, the elevated Qo and ECCE in the mdx skeletal muscle is partially
due to enhanced TRP channel activity, since BTP2 significantly reduced the Qo and
ECCE in mdx muscle. BTP2 also reduced ECCE in the WT FDBs. Since BTP2
inhibited ECCE in both genotypes, one could hypothesize the ECCE mechanism is a
TRPC channel native to each genotype. It is known mdx skeletal muscle contain
populations of SAC channels with higher mean Po time after activation than the WT
skeletal muscle (Lansman & Franco-Obregon, 2006), however no stretch occurred in
the fibers in these experiments because of the BTS, so their contribution would be
minimal. The TRPC1 channel had been shown to be stretch sensitive (Maroto et al.,
2005; Stiber et al., 2008), but if SAC dependent TRPC1 channels were constitutively
active without stretch, BTP2 would block their inward current. Also, their influx
contribution during non-stretch periods would be minimal since their resting activity
(NPo ) in the adult mdx muscle was small compared to the mdx myotube NPo , and
practically devoid in the WT adult FDBs, see Figure 3 in Lansman & Franco-Obregon,
(2006) (Lansman & Franco-Obregon, 2006). Therefore, the major contributor of influx
during Qo and ECCE in WT and mdx FDBs would be non-SAC dependent channels
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Neither exogenous ROS, nor the ROS scavenger NAC, changed Qo or ECCE in WT
FDBs. In contrast, the mdx myfibers exhibited a significant reduction in ECCE after
NAC treatment. But the NAC did not significantly affect the Qo in the mdx fibers.
4.5

Conclusion

In conclusion, the significant increase in ECCE permeability seen in mdx (an 8
fold increase over WT) makes this pathway a potential priority target for therapeutic
modulation. It is evident from this work and others that oxidation performs an
important function in Ca2+ homeostasis and the excessive ECCE in the mdx is
modulated by excessive ROS production. Therefore, increasing the redox buffering
capacity in mdx muscle may be viable strategy to limit ECCE’s excessive permeability
in mdx skeletal muscle.
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5

CHAPTER V: DISCUSSION, IMPLICATIONS,
RECOMMENDATIONS

The purpose of this primary data collection and analysis was to 1) provide a brief
review of the mechanisms or pathways altering the sarcolemmal permeability in human
or murine dystrophin deficient skeletal muscle, including the underlying importance of
the relationship between ROS and Ca2+ , membrane fragility, ROS location, and cation
entry pathways (Chapter II); 2) describe the source and generation of ROS in WT skeletal
muscle using a physiologic electrical stimulation paradigm (Chapter III); 3) evaluate the
permeability of WT and mdx skeletal muscle after treatment with the following
exogenous substances (Chapter IV); the oxidant H2O2, the ROS scavenger NAC, and
TRP channel inhibitor BTP2. This chapter reviews the findings and addresses how the
results may influence nursing practice and nursing research.
5.1

Muscular Dystrophy (MD) Cost

The variation of the autosomal or sex-linked genetic mutations determines the
muscle weakness acuity for each MD type. However, without a penultimate cure to halt
or cure the muscle weakness associated with the more severe forms of these degenerative
diseases, the mortal and financial costs will continue to strain caregiver mental, physical,
and financial resources while limiting the future productivity of viable members of
society (Boyer, Drame, Morrone, & Novella, 2006).
The muscle weakness associated with the muscular dystrophy pathologies in
humans requires intensive direct and indirect supportive measures (Ahlstrom & Sjoden,
1994; Boyer, et al., 2006; Toussaint, et al., 2008). An analysis comparing the costs of
medical treatment for those with a MD variant and those without MD (ages 0 – 19 years
old), revealed higher medical costs for those with MD (Ouyang, Grosse, & Kenneson,
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2008). Ouyang et al., (2008) used the International Classification of Disease, 9th
Revision (ICD-9) codes 359.0 (congenital hereditary muscular dystrophy) and 359.1
(hereditary progressive muscular dystrophy) from the Marketscan Commercial Claims
and Encounters Database (2001 through 2004) to evaluate the insurance based costs for
patients with and without MD. After breaking down the age groups, the MD 0 - 4 years
old group spent an average of $16,000 for medical costs, while those without MD spent
an average of $1,500 (Figure 5.1). The MD 0 – 4 years old group accumulated costs
approximately 10 fold greater than the similarly aged non-MD children (Ouyang, et al.,
2008). This 10 fold factor remained relatively consistent between the MD and non-MD
patients in the other two age cohorts; the 5 – 9, and 10 – 14 year old groups (Figure 5.1).
However, the 15 - 19 year old group experienced dramatically increased costs for the MD
patient (Ouyang, et al., 2008) population. The average annual medical costs for the MD
15 – 19 year old group was 21 times greater than the normal patients of similar age,
$34,161 vs $1,620 respectively, Figure 5.1 (Ouyang, et al., 2008).
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Figure 5.1. Mean per capita annual expenditures for medical care of privately insured individuals with and
without muscular dystrophy.. The ratio of means between the total expenditures of those with MD to those
without MD are (MD/non-MD) 10.4, 14.8, 14.3 and 21.1 for the age groups 0 – 4, 5 – 9, 10 – 14, and 15 –
19, respectively (Ouyang, et al., 2008).

The mean annual expenditures in Figure 5.1 included costs from outpatient visits,
inpatient admissions, and medication prescriptions. A comparison of the different cost
activities revealed the MD age groups had greater costs than the non-MD age groups in
each cost category, Figures 5.2 – 5.3. Standard deviations were too great to conclude
statistically significant differences, but the data highlight the higher financial burden for
MD patients. Normally, children between the ages 0 – 19 years do not require expensive
medical interventions for illnesses, but these data elucidate how the muscular dystrophy
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Figure 5.2. Comparison of muscular dystrophy and non-muscular dystrophy outpatient costs for those with
health insurance, separated into age groups.

Figure 5.3. Comparison of muscular dystrophy and non-muscular dystrophy inpatient costs for those with
insurance.
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Figure 5.4. Comparison of muscular dystrophy and non-muscular dystrophy inpatient costs for those with
insurance. For figures 5.2 – 5.4 the per capita medical expenditures were separated into three primary cost
categories. The MD patients accrued greater costs in each age group and within each cost category. (5.2)
The MD group had cost ratios (MD/non-MD) of 10.4 17.7, 16.2, and 14.2 for age groups 0 – 4, 5 – 9, 10 –
14, and 15 – 19, respectively. (5.3) On average, the inpatient cost data had the greatest cost ratios
highlighting the inpatient treatment cost disparity between the MD and non-MD groups. The cost ratios
were 12.4, 16.7, 19.8, and 57.4 for the age groups 0 – 4, 5 – 9, 10 – 14, respectively. (C) Conversely, the
medication prescription costs had the lowest cost ratio disparity. The cost ratio values were 4.1, 4.4, 4.5, 5.7
for the groups 0 – 4, 5 – 9, 10 – 14, 15 – 19, respectively.

pathologies require great financial resources. The caregivers of the severely affected MD
patients require a high burden of indirect and direct financial, material and psychological
costs (Boyer, et al., 2006; Daoud, Dooley, & Gordon, 2004). These data were not
quantified in the study by Ouyang et al., (2008). However, the Muscular Dystrophy
Association attempted to quantify the impact of these costs on a national scale in
Australia.
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The Muscular Dystrophy Association funded an independent private research firm
to study the annual aggregated lost productivity, direct and indirect costs to Australian
society from the MD diseases. The report cited $435 million Australian dollars (AUD),
$441 million United States Dollars (USD), was lost as indirect costs from MD (The Cost
of Muscular Dystrophy, 2007; Gullotta, 2007; Oanda.com). Several of the key indirect
costs included, lost taxation revenue from premature death, productivity lost to lower
employment, increased absenteeism and costs related to providing formal care aids. An
additional cost of $1 billion AUD ($1.015 billion USD) was then added due to the
calculated net loss of wellbeing. Therefore, the aggregated total cost per year for those
with MD was $1.435 billion AUD (The Cost of Muscular Dystrophy, 2007). The total
individual cost was determined to be $415,000 AUD per year.
Assuming the United States society closely resembles the Australian society,
based on culture and technology, the MD costs per person in the United States could also
be assumed to be similar to the MD costs in Australia. Therefore, using the mean overall
prevalence rate of the common muscular dystrophies, 286 x 10-6 (Emery, 1991), and the
United States population estimate of approximately 310 million, we calculated the
prevalence rate within the United States to be 8.86 per every 10,000 people. Scaling the
cost from the Australian population and currency to the United States population in USD,
I obtained a per MD individual cost of $410,000. The aggregated, direct and indirect,
costs were then calculated to be approximately $36 billion USD. Therefore, the wide
range of muscular dystrophies incurs a high financial burden upon the health care
infrastructure, in addition to the MD caregiver community.
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5.2

ROS Source and Generation

ROS have been implicated as a key signaling substrate in the pathogenic
progression of Duchenne muscular dystrophy. Knowing the primary source of the ROS
and the mechanisms stimulating its generation or activity, can provide targets for
therapeutic intervention. In Chapter III, one of the aims was to measure ROS generation
during a muscle stimulation paradigm similar to normal muscle contraction. Others have
used an electrical stimulation paradigm to elicit contractions in myotubes (Patwell,
McArdle, Morgan, Patridge, & Jackson, 2004) and individual FDB muscle fibers
(Palomero, et al., 2008).
Even though, Palomero et al., (2008) revealed increased ROS generation during
physiologic electrical stimulation, we recapitulated the experiment. We wanted to ensure
our tetanic stimulation protocol (80Hz tetanic square pulse, every 3 seconds) produced
detectable ROS during the electrical stimulation time period. The fluorescence rate
during contraction increased by 94% when compared to the basal non – stimulated DCF
fluorescence rate. This DCF fluorescence rate increase was greater than Palomero et al.,
(2008). Their group indicated electrical stimulation increased DCF fluorescence by 58%
in murine single mature adult FDBs. Our DCF fluorescence rate most likely was greater
than Palomero et al., (2008), because their protocol induced the tetanic contraction every
5 seconds, while my protocol required stimulation more frequently - every 3 seconds.
The increased DCF fluorescence within our stimulation paradigm highly suggested
increased intracellular ROS was being generated, however the source of the ROS was
unknown.
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Therefore, to answer the second part of Aim 1, several techniques to determine
the location of the ROS generation were used. Initially the non – specific NADPH
Oxidase inhibitor, DPI was used. Treatment of the FDBs with DPI did decrease the
contractile induced fluorescence rate to a rate similar to the non – stimulated time period.
Then, the mito-roGFP fluorescence during our stimulation paradigm indicated the redox
potential values, E°′, were equivalent during the electrically stimulated time period as the
basal non – stimulated period in WT skeletal muscle, ( -293 ± 4 mV and -294 ± 3 mV
respectively, nanimals = 4 nfibers = 17, p > .05, two tailed). These equivalent values indicated
the mitochondria most likely are not the primary source of ROS during skeletal muscle
contraction. Our data corroborate similar findings from Aydin et al., (2008) whose group
used MitoSox Red to measure mitochondrial O2∙ - production after fatiguing stimulation in
FDB skeletal muscle. MitoSox Red fluorescence was not significantly different before or
after fatiguing stimulation, indicating similar production of the oxidant O2 - (Aydin, et al.,
2009). Data from Aydin et al., (2009) and the data presented here instead, implicated
NADPH oxidase was the primary source of intracellular ROS generation (Michaelson, et
al., 2010).
ROS have been shown to be a key signaling molecule able to modulate molecular
pathways responsible for pro-inflammatory mechanisms (Kumar & Boriek, 2003; Tidball
& Wehling-Henricks, 2007). Therefore, NADPH Oxidase may provide an important
mediator of ROS induced signaling. This hypothesis correlates well with those who have
shown ROS from the NADPH oxidase enzyme (non-phagocytic) mediate protein
degradation signaling pathways in muscle atrophy (Russell, Eley, & Tisdale, 2007) .
Since ROS from NADPH oxidase has also been shown to mediate Ca2+ signaling and
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cytoskeletal abnormalities associated with dystrophin deficient skeletal muscle (Shkryl, et
al., 2009; Nicholas P. Whitehead, et al., 2008; N. P. Whitehead, et al., 2006; N. P.
Whitehead, et al., 2010), I concluded NADPH oxidase contributed a significant portion of
ROS during electrically stimulated contraction. I did not eliminate the possibility, within
an in vivo system, different extracellular ROS generating systems may predominate the
oxidative stress. Most likely, the ROS associated with macrophage recruitment also
greatly contributes to the oxidative stress of skeletal muscle, in vivo (Tidball & WehlingHenricks, 2007).
5.3

Sarcolemmal Ca2+ Permeability

Ca2+ dyshomeostasis has been generally accepted as one of the theories
responsible for the pathogenic progression of muscle fiber loss associated with DMD. In
my second aim, the sarcolemmal Ca2+ permeability of WT and mdx skeletal muscle fibers
were interrogated using the Mn2+ quench technique (an assay for Ca2+ permeability).
Influx pathways have been shown to provide entry of external Ca2+ into the intracellular
space through either SAC , SOCE, or ECCE pathways. The pathways we evaluated did
not completely eliminate possible leak channels or the NCX working in reverse as
contributors for altered Ca2+ signaling. Instead, I focused on assaying the basal
permeability and depolarization induced permeability (ECCE).
A relationship between ROS and Ca2+ signaling have been shown (Shkryl, et al.,
2009; Nicholas P. Whitehead, et al., 2008; N. P. Whitehead, et al., 2006; N. P.
Whitehead, et al., 2010) to be involved in affecting the phenotypic changes of dystrophin
deficient skeletal muscle in humans and in mdx mice. In order to evaluate the relationship
between Ca2+ permeability and ROS, I treated the WT and mdx FDBs with exogenous
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H2O2 and a ROS scavenger (NAC) and then perfused Mn2+ solutions to compare
permeability. The findings indicated the basal and ECCE dependent Mn2+ permeability
of the mdx skeletal muscle fibers were 1.73 + .19 and 3.78 + .30 times more permeable
than the WT muscle. After incubating the muscle fibers in NAC, only the ECCE
dependent permeability in the mdx skeletal muscle decreased significantly, from 3.78 +
.30 to 1.29 + .31fold. Then, treating the muscle fibers with H2O2 , only the mdx muscle
fibers during ECCE had significantly greater permeability. Their average permeability
was 7.59 + 1.53 fold greater than basal WT permeability. Overall, the NAC and H2O2
permeability data indicated the WT muscle fibers remained essentially insensitive to
oxidation or ROS scavenging.
In our DMD model, the adult mdx mouse has been shown to express a greater
percentage of oxidized thiol in the quadriceps, gastrocnemius, and diaphragm when
compared to age matched WT muscle (El-Shafey, Armstrong, Terrill, Grounds, & Arthur,
2011). These data reinforce the premise ROS posttranslationally modify proteins greater
in the dystrophin deficient skeletal muscle compared to normal muscle. To that end, the
redox dependent molecular entities sensitive to NAC and H2O2 treatment affecting the
Mn2+ permeability in the mdx skeletal muscle are not exactly known, but TRP channels
may provide a possible target for redox modulation.
Therefore, my third aim was to evaluate whether the TRP channels may have
been mediating the basal and ECCE induced Mn2+ permeability. The TRPC channel
inhibitor BTP2 was applied to mdx and WT FDB fibers in vitro and then subjected to the
Mn2+ permeability assay. The permeability was significantly decreased in the mdx group
during basal and ECCE conditions with BTP2 treatment, 1.73 fold + 0.18 to 0.84 fold +
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0.29 and 3.78 fold + .30 to 1.06 fold +

.39, respectively. However, BTP2 only

significantly decreased the ECCE induced permeability in WT muscle from 2.43 + .37
fold to 1.44 + .29 fold. Therefore, from the permeability data, we can implicate TRPC
channel activity as one of the mediating factors responsible for altering intracellular Ca2+
homestasis in mdx adult fdb fibers.
5.4

Implications for Nursing Research and Practice

As the paradigm for nursing practice increases nursing efforts to lead
collaborative research programs, nurses need to continuously develop their education and
knowledge about their research interest (The Future of Nursing: Leading Change,
Advancing Health, 2011). For those nurses studying DMD, the therapeutic interventions
most likely will require a genetic cure. However, in order to exploit the advances in
molecular biology to find a cure, nurses need to integrate their clinical practice
knowledge and DMD pathophysiology knowledge. The data presented in these three
manuscripts provide an impetus to continue evaluation of anti-oxidant therapies to
possibly delay the muscle weakness associated with DMD. In fact, current clinical trials
are evaluating a pharmacological intervention limiting mitochondrial ROS generation
(JinSong et al., 2010). The orphan drug, idebenone, was shown to improve functional
cardiac and respiratory parameters in Phase II Clinical trials. Therefore, as future
medications and interventions lengthen the survivability of DMD patients, nurses will
need to keep their knowledge about DMD pathogenesis current in order to provide the
patients with efficient care.
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6

APPENDIX

The following data was collected in support of this dissertation. Here an attempt
was made to identify the TRP channel identity as well as the proteins that were
oxidized in the mdx and with H2O2 treatment. As discussed below, technical limitations
precluded firm conclusion from being made, however this data may assist future studies
in their attempts at addressing these questions.
6.1

TRPC1, Carbonylation, Glutathionylation, Tyrosine Phosphorylation

Accurately probing for TRPC1 in homogenates has been historically difficult (Ong, et
al., 2002). Ong et al., 2002, used three manufactured TRPC1 antibodies; 1.12 AP
polyclonal (rabbit), 13.5 polyclonal (rabbit), and the 1F1 monoclonal (mouse) antibody
to probe for TRPC1. Molecular weights for TRPC1 ranged from 80 kDa, 87 kDa, and
92 kDa. With the variable expression of the TRPC1 signal, I decided to accept the ~
72kDa band as the TRPC1 signal since the immunoreactivity was consistently being
detected in my homogenates and was present in our positive control, mouse brain.
Furthermore, the 1F1 synthesized anti-TRPC1 antibody from Dr. Leonidas Tsoikas
labeled the 72kD molecular weight band in concurrently run TA muscle and mouse
brain (see Figure 6.7).
When comparing the carbonyl formation between the mdx and WT EDL
samples, no significant differences were seen between genotypes p >. 05 (Figure 6.2).
To determine if exogenous NAC and H2O2 would provide carbonylation differences in
whole muscle, I performed perfusion experiments. Whole EDLs were placed into 35
mm culture dishes and pinned to a Sylguard bottom. 100% O2 was bubbled into the
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dish to limit fiber death within the EDL whole muscle. 100% O2 was used because I
was not able to determine the partial oxygen tension within the perfusate solution in the
culture dish. The mdx and WT EDL muscles were maintained at room temperature.
After 10 minutes of equilibration in Normal Ringer (NR), EDL samples were
constantly perfused with 10 µM H2O2 for 8 minutes or 0.5 NAC for 30 minutes.
Oxyblot analysis was then performed on each EDL. After glutathionylation and
tyrosine phosphorylation densitometric analysis of the TRPC1 band at the ~72 kD
weight, no significant differences were detected between genotypes (Table 6.1), p >
.05.
Table 6.1 Mean Densitrometry Values

Carbonylation:antiDNP:Ponceau Ratio (EDLs)
Control

SEM

H2O2

SEM

WT

.935

.268

0.531 .087

1.44

.70

mdx

.597

0.22

1.73

1.19

0.51

0.77

NAC SEM

Glutathionylation: antiGSH:Ponceau Ratio (EDLs)
Control

SEM

H2O2

SEM

NAC SEM

WT

651

.899

.111

.031

.150

.108

mdx

,120

.028

.255

.082

.183

.11

Phosphoyrosylation: anti-Phosphorylation Ratio (TA)
TA

SEM

DIA

SEM

WT

.182

.037

.581

.111

mdx

.116

.03

.477

.179
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Note: Nanimals = 2 -3, nmuscle = 2 – 3 per genotype per condition

The equivalent carbonylation values may derive from high O2 tension within the
perfused culture dishes (Palm, Cederberg, Hansell, Liss, & Carlsson, 2003). The
additional ROS from the elevated O2 , could have provided a large reservoir for OH∙
generation from the Fenton – Weiss reactions. The result would be over oxidation in
each muscle genotype. Furthermore, I did not induce muscle activity, such as
electrically induced contraction or depolarization during the NAC/H2O2 incubation. In
the future, I will need to add a depolarizing solution, and then perform the carbonyl
quantification. Since ECCE was approximately 4 times greater in the mdx skeletal
muscle with 100 µM H2O2 compared to the WT ECCE values during 100 µM H2O2, a
significant difference may exist during 40 mM K+ depolarization.
Glutathionylation was assayed using mdx and WT TA muscles. The EDL
muscles could not be used for anti-GSH Western blotting because per the
manufacturers’ directions of the OxyblotTM, the homogenizing solution required 2%
beta-mercaptoethanol to be added. The high reducing environment would reduce any
H2O2 oxidized cysteine with to CH2 – SOH, a sulfenic moiety, to a disulfide residue
(Mieyal, et al., 2008). This disulfide residue would not be available for
glutathionylation since the thiol residue is already reduced. Therefore, the TAs using
non-reducing homogenization solution were used. No differences between the TAs
were detected after normalizing the anti-GSH immunoreactive signal to Ponceau red
densitometry values at the 72 kDa band. The reason for the similar values were
unknown. However, no depolarized perfusate, Mn2+ + 40 mM K+, similarly used in the
single muscle fiber permeability experiments was used to bathe the whole muscle. In
the single muscle fibers, depolarization increased the permeability. Perhaps the
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depolarization needs to occur in order to allow the reactive cysteines to be available for
glutathionylation or oxidation. Future, studies will use depolarizing solutions prior to
GSH analysis. Furthermore, the experiments were performed at room temperature.
Increasing the temperature to a physiological value (~ 37 C°) may induce modifications
more consistent with enzyme kinetics in vivo (D. G. Allen, et al., 2008). The result may
be an increased glutathionylation within one of the genotypes, providing a significantly
different signal.
To evaluate whether phosphorylation potentially activated TRPC1, we also
assayed phosphotyrosine (pTyr), see Figure 6.1.10, signal within TAs and diaphragm.
The normalized pTyr signals for mdx and WT groups were similar for each muscle
type. Nitrosylation also may contribute to the activity of TRPC1. However, that post
translational modification was not assayed. RNS may have nitrosylated key tyrosine
amino acids to 3-nitrotyrosine, thereby inhibiting phosphorylation at those sites. Mdx
mice fed with antioxidant resveratrol showed a decreased 3-nitrotyrosine expression
and decreased muscle mass loss compared to control mdx mice (Hori et al., 2011). The
decreased 3-nitrotyrosine immunoreactivity with an antioxidant treatment suggests
nitrotyrosylation is an active component of posttranslational modifications. Therefore,
nitrotyrosylation may provide a component within the muscle wasting pathology.
Additionally, the high oxidation of each muscle type may have activated Src
kinase to the same degree in both genotypes. Therefore, each genotype will have
similar pTyr values. The small sample sizes for each group (N = 2 or 3) also provide
low power for the statistical tests. The variability may be too great for the effect size to
show a statistically significant difference.
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286

345

405

465

525

583
606
643

703
726
760

764
798

Table 6.2 BLAST query aligning mTRPC1 (mouse) and mTRPC5 (mouse).
Cysteines located at 553 and 558 (highlighted in red) in mTRPC5 are in homologous location in mTRPC1.
These residues may be susceptible to oxidation or reduction.
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Figure 6.1 Sample OxyblotTM Western result for EDLs.
The (-) indicates the carbonyl derivitization solution was not added, but instead a non-carbon yl derivitizing control
buffer was used. Lanes 1-2: Ladder and Ladder with reducing solution beta-mercaptoethanol. Lanes 3-4: Oxidized
TA muscle control per OxyblotTM instructions. Lanes 5-6: mdx EDL control not incubated in NAC or H2O2. Lanes 78: mdx EDL + H2O2. Lanes 9-10: WT EDL control. Lanes 11-12: WT EDL + NAC. Lanes 13-14: WT EDL + H2O2.
Data in text (Table 6.1). Independent t-tests, p > .05. DD: DNP Derivitization solution.
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Figure 6.2 WT and mdx EDL Carbonylation data.
No significant carbonylation differences were evident between WT and mdx EDL whole muscle Data in
text (Table 6.1). Independent t-test, p > .05.
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Figure 6.3 Sample Ponceau red staining of EDL WT and mdx protein bands on nitrocellulose membrane
Sample Ponceau red staining of nitrocellulose membrane from Oxyblot TM EDL muscle samples
(Appendix Figure 6.1). DD: DNP Derivitization solution added. The (+) indicates the carbonyl
derivitization solution was not added, but instead a non-carbonyl derivitizing control buffer was used, no
signal should be present. The Oxyblot ladders use femtograms of oxidized proteins for controls, Ponceau
Red most likely could not stain the control proteins for the ladder.Lanes 1-2: Ladder and Ladder with
reducing solution beta-mercaptoethanol. Lanes 3-4: Oxidized TA muscle control per OxyblotTM
instructions. Lanes 5-6: mdx EDL control not incubated in NAC or H2O2. Lanes 7-8: mdx EDL + H2O2.
Lanes 9-10: WT EDL control. Lanes 11-12: WT EDL + NAC. Lanes 13-14: WT EDL + H2O2. Data in
text (Table 6.1).
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Figure 6.4 Anti-glutathione Western blot sample.
Used nitrocellulose after SDS ployacrylamide gel electrophoresis in non-reducing loading buffer, probed
for anti-GSH. Lane 1: Protein ladder. Lane 2: WT mouse brain. Lane 3,6 WT TA. Lanes 4,5,7 WT
EDL . Lanes 8,11,12 mdx TA. Lanes 9-10 mdx TA. The sample conditions are indicated above, C:
control EDL (No H2O2, NAC)) , N: NAC , H: H2O2 . TRPC1 band was analyzed at 72kD. Data in text
(Table 6.1). Independent t-tests, p > .05.
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Figure 6.5 Ponceau red staining of anti-GSH Western.
Ponceau red staining of mdx and WT protein on nitrocellulose membrane in Figure 5.1.4. Lane 1: Protein
ladder. Lane 2: WT mouse brain. Lane 3,6 WT TA. Lanes 4,5,7 WT EDL . Lanes 8,11,12 mdx TA.
Lanes 9-10 mdx TA. The sample conditions are indicated above, C: control, N: NAC , H: H 2O2. Data in
text (Table 6.1).
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Figure 6.6 Anti-glutathione/TRPC1 Western blot densitometry ratio analysisof pooled tibialis
anteriormuscles
Anti-GSH:TRPC1 Western blot densitometry analysis of mdx and WT TAs . No significant difference
existed between genotypes. Data in text (Table 6.1). Independent t-tests, p > .05.
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Figure 6.7. Western blot of WT, mdx TA and diaphragm muscle samples.
Probing for TRPC1 protein using primary antibody 1F1, 1:900, (courtesy of Dr. Leonidas-Tsoikas). Lane 1:
Weight standard. Lane 2: Mouse WT Brain for TRPC1 control Lanes 3,5,7: WT tibialis anterior muscle,
each lane corresponds to one animal. Lanes 4,6,8: Diaphragm from WT mice, one lane per animal. Lanes
10,12,14: mdx TA muscle, one lane per animal. Lanes11,13,15: mdx diaphragm, one lane per one animal.
Data in text (Table 6.1). Independent t-tests, p > .05.
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Figure 6.8 Ponceau for TRPC1 Western Blot
Ponceau red staining of TRPC1 in WT and mdx TA samples. Data in text (Table 6.1). Independent t-tests,
p > .05.
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Figure 6.9 Anti-phosphotyrosine WT and mdx TA and Diaphragm Western Blot
Anti-phosphotyrosine WT and mdx TA and diaphragm muscle samples: Lane 1: Weight standard. Lane
2: Mouse WT Brain for TRPC1 control Lanes 3,5,7: WT tibialis anterior muscle, each lane corresponds
to one animal. Lanes 4,6,8: Diaphragm from WT mice, one lane per animal. Lanes 10,12,14: mdx TA
muscle, one lane per animal. Lanes11,13,15: mdx diaphragm, one lane per one animal. This membrane
was originally probed for anti-TRPC1 (Figure 6.7) then stripped using mild stripping buffer, 20 min.
Data in text (Table 6.1). Independent t-tests, p > .05.
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Figure 6.10 Anti-phosphotyrosine/TRPC1 Ratio Densitometry Results
Anti-phospho-tyrosine:TRPC1 Western blot densitometry analysis. Used same membrane after stripping.
No significant differences existed between each genotype within each muscle group, p >.05.
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