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AMPA receptors (AMPARs) mediate synaptic transmission and plasticity during 

learning, development, and disease.  Mechanisms determining subsynaptic receptor 

position are poorly understood but are key determinants of synapse strength.  I used a 

series of live-cell high-resolution imaging approaches to measure protein organization 

within single synapses in rat hippocampal neurons.  By photobleaching receptors in 

synapse subdomains, I found that most AMPARs do not freely diffuse within the 

synapse, indicating they are embedded in a matrix that determines their subsynaptic 

position.  However, time lapse analysis revealed that synaptic AMPARs are continuously 

repositioned by plasticity of this scaffold matrix and not by diffusion within the synapse.  



 

Using a fluorescence correlation analysis, I found that across the lateral extent of single 

PSDs, component proteins were differentially distributed, and this distribution was 

continually adjusted by actin treadmilling.  The C-terminal PDZ ligand of GluA1 did not 

regulate its mobility or distribution in the synapse, but glutamate receptor activation 

promoted subsynaptic mobility.  Strikingly, subsynaptic immobility of both AMPARs 

and scaffold molecules remained essentially intact even after loss of actin filaments.  I 

conclude that receptors are actively repositioned at the synapse by treadmilling of the 

actin cytoskeleton, an influence which is transmitted only indirectly to receptors via the 

pliable and surprisingly dynamic internal structure of the PSD. 
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Chapter I. Introduction 
  

Information processing and storage in the brain is accomplished by specialized 

points of communication between neurons. At these connections, called synapses, an 

electrical signal is converted to a chemical signal when a chemical neurotransmitter 

released from the presynaptic neuron diffuses across the cleft between the two neurons to 

activate receptors on the postsynaptic neuron.  The opening of postsynaptic 

neurotransmitter receptors allows passage of an ionic current that regenerates an 

electrical signal in the postsynaptic neuron.  This process is the core of fast information 

processing in the brain though this central function is modulated by numerous other 

neurotransmitter and receptor classes.  Among various synapse types in the mammalian 

brain, excitatory synapses have a particularly well characterized role in network 

information processing and the experience dependent plasticity underlying learning and 

memory (Kessels and Malinow, 2009).  This plasticity increases the strength of coupling 

at specific synaptic connections, apparently those previously activated during formation 

of the memory.  In this way, long-lasting synaptic plasticity at excitatory synapses can 

convert experiences into stored information that can be accessed later. 

The link between persistent increases in synapse strength and the formation of 

memory is best understood in the hippocampus (Squire, 1992).  Though the hippocampus 

is involved in multiple brain functions, it is central to formation of spatial memories.  

High-frequency electrical stimulation of hippocampal excitatory synapses leads to long-

lasting increases in synapse strength, termed long-term potentiation (LTP).  This 

phenomenon has generated great interest in the nearly 40 years since the original 

discovery (Bliss and Lomo, 1973) because of the potential link between this potentiation 
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of synapse strength and memory storage in the hippocampus.  Consequently, thousands 

of studies have been published clarifying many of the details of LTP mechanisms.  

Among these, two stand out because they solidified the direct link between LTP and 

spatial memory.  The first of these studies utilized electrical recordings, in vivo, and 

measured increased synapse strength at a specific set of synapses after rats had learned to 

avoid a specific chamber where they previously received a shock (Whitlock et al., 2006).  

At these synapses, induction of LTP by electrical stimulation failed to further increase 

synapse strength, suggesting it was occluded by the learning-induced potentiation.  In the 

second study, the authors identified a peptide inhibitor of the protein kinase Mζ which 

reverses maintenance of LTP after induction (Pastalkova et al., 2006).  Rats in this study 

were trained to avoid one section of a moving platform where entry led to a shock.  

Administration of the peptide inhibitor after the rats had learned the task was sufficient to 

lead to a retrograde loss of the memory and rats again entered the section they had 

previously learned to avoid.  Together these data strongly indicate that LTP serves as an 

experimental model of the long-lasting increases in the strength of specific synapses 

which occurs during hippocampal learning. 

Given the fundamental importance of excitatory synaptic function, extensive 

effort has been applied to studying the structural organization, molecular regulation, and 

intrinsic properties of excitatory synapses, particularly in the hippocampus.  Surprisingly, 

many aspects of how synapses transduce information remain poorly understood, even in 

the absence of plasticity during basal synaptic transmission.  In this introduction I will 

outline a number of the major findings related to excitatory synapse structure and 

function.  But, I will also highlight how understanding of the internal organization of 
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synapses and its regulation are less well understood.  The organization of receptors within 

the synapse is perhaps just as important as AMPAR number in determining synapse 

strength because it determines the probably of AMPAR activation following glutamate 

release.  This introduction, in turn, sets the stage for the results of this project in 

advancing the understanding of the mechanisms that regulate the organization of 

receptors within the synapse and the important implications of this regulation for synapse 

function.   

 

Excitatory synapse structure and function are linked 

Excitatory synapses in the mammalian brain form at conspicuous postsynaptic 

compartments called dendritic spines (Figure 1).  In the adult brain many mature spines 

take the shape of a bulbous mushroom.  By virtue of their shape mushroom-type spines 

are specialized for supporting the autonomy of individual synapses by promoting 

retention of synapse-specific intracellular signaling within the spine head (Bloodgood and 

Sabatini, 2005; Koch and Zador, 1993).  In addition to their compartmentalization 

function, the prominence of spine structure has led to much investigation of the 

relationship between spine size and synapse strength.  It certainly seemed plausible that 

the range of spine sizes was representative of synapses of different strengths.  By 

utilizing a targeted light pulse one can locally release glutamate directly over single 

spines as the light converts a photolabile caged glutamate precursor into free glutamate 

(called ungaging).  Simultaneous whole-cell patch-clamp recordings from the 

postsynaptic neuron can then be used to measure the strength of synapses directly without 

any considerations of presynaptic release parameters and permitting individual synapse 
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differences to be attributed to the properties of the postsynaptic receptors.  Utilizing this 

technique to study spines of different shapes and sizes, a clear correlation emerged 

between synapse strength and spine size: that is, bigger spine, stronger synapse (Beique 

et al., 2006; Matsuzaki et al., 2001; Noguchi et al., 2011).   

 

Figure 1 Major Presynaptic and Postsynaptic Components of Excitatory Synapses 

Diagram outlining the role of the postsynaptic density (PSD; red) in aligning postsynaptic AMPA receptors 

with the presynaptic active zone where glutamate is released from the presynaptic terminal during synaptic 

transmission. 

This relationship also holds true when spine size and morphology are examined 

during two opposing forms of synaptic plasticity.  First, spine size increases following 

LTP.  This spine size increase has been demonstrated consistently with protocols using 

high-frequency electrical stimulation, pharmacological treatments, or glutamate 

uncaging, each of which leads to an increase in the amplitude of synaptic transmission by 
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Vesicles

AMPARs

PSD

Presynaptic Bouton

Postsynaptic 
Spine

Dendrite



5 
 

 
 

increasing postsynaptic AMPAR-mediated currents (Kopec et al., 2006; Lang et al., 

2004; Matsuzaki et al., 2004; Okamoto et al., 2004).  In fact, spines that are smaller 

before stimulation undergo both larger degrees of potentiation and more growth in size 

(Matsuzaki et al., 2004).  Conversely, spine size decreases in conjunction with long-term 

depression (LTD) of synapse strength induced by low frequency stimulation protocols 

(Okamoto et al., 2004; Zhou et al., 2004) and LTD can even lead to outright loss of 

spines (Nagerl et al., 2004).  The sum of this evidence seems to indicate that spine size is 

linked to an intrinsic synapse property that determines its number of synaptic AMPARs.  

Importantly, however, exceptions have been reported where synapse strength increases 

even without spine growth (Bagal et al., 2005) or where depression is uncoupled from 

spine shrinkage (Sdrulla and Linden, 2007; Wang et al., 2007).  Therefore, the structure 

of spines, though often directly correlated with synapse strength, is not absolutely linked 

to the strength of synaptic transmission and suggests that there might be a more reliable 

structural correlate of synapse strength. 

At the tip of spines, AMPARs are anchored at the postsynaptic plasma membrane 

and kept in register with the presynaptic terminal via their anchoring at a protein network 

called the postsynaptic density (PSD; Figure 1).  The PSD takes its name from its 

electron-dense appearance in electron micrographs which is a result of the strong 

enrichment of proteins within the PSD.  PSDs are approximately disk-shaped, generally 

measuring several hundred nm in diameter (across the lateral plane of the synapse) 

(Harris and Stevens, 1989), but only about 20 to 30 nm thick in the axonal-dendritic axis 

(Valtschanoff and Weinberg, 2001).  In line with the large range of PSD diameters, the 

absolute size and shape of PSDs is markedly variable (Harris et al., 1992; Spacek and 
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Hartmann, 1983).  Each PSD can be rounded, oval, or irregular in shape and can even 

contain small “holes” (called perforations) where protein density is low (Figure 2).  In 

addition to concentrating and anchoring AMPARs at the synapse, the PSD connects to 

postsynaptic signaling molecules, positioning kinases and phosphatases in close 

proximity to their substrates, and links to trans-synaptic adhesion complexes that bridge 

the presynaptic and postsynaptic neurons (Figure 3).  Given its central role in AMPAR 

anchoring and in registration of  presynaptic and postsynaptic components, PSD size and 

structure were also hypothesized to correlate with synapse strength and in a much more 

direct way than spine size.   

 

 

Figure 2 Examples of PSD Structure 

2-dimensional representations of PSDs that were reconstructed from serial electron micrographs.  These 

represent the range of shapes and sizes found in mouse neocortex.  Mac- macular (meaning spot) PSDs 

which are continuous electron-dense structures.  Per- perforated PSDs which contain one or more apparent 

“holes.”  Mul- multiple PSDs where more than one discrete PSD structure is present at a single synapse.  

Scale = 1 µm.  Adapted from (Spacek and Hartmann, 1983) with permission from Springer. 
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Figure 3 The PSD Anchors AMPARs and Aligns Them with the Active Zone and 

Intracellular Signaling 

PSD scaffold proteins bind adhesion molecules (yellow) that form either heterodimers or homodimers 

spanning the cleft, apparently aligning the PSD with the active zone where vesicles are docked.  The PSD 

also contains scaffolds that bind to intracellular signaling complexes (orange) allowing their positioning 

near AMPARs (green).  AMPARs are retained at the PSD via PDZ-domain mediated interactions between 

scaffolds and either TARP auxillary subunits (blue) or AMPAR C-termini. 

 

The particular characteristics of individual PSDs are in fact directly linked to 

synapse function in three important ways.  First, PSD length (diameter) correlates with 

the number of synaptic AMPARs (Harris and Stevens, 1989; Takumi et al., 1999b).  

Second, PSD surface area correlates with the area of the apposed presynaptic active zone 

and number of glutamate vesicles docked there (Harris and Stevens, 1989; Schikorski and 

Stevens, 1997).  Finally, the characteristics of PSD ultrastructure, when measured across 

a population of synapses, shift with a protocol that induces LTP.  Specifically, a 

pharmacological LTP protocol increased the proportion of complex and perforated (non-

macular) PSDs seemingly at the expense of PSDs with more simple structure (Stewart et 
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al., 2005).  These observations also extend to learning in animals; tissue samples from 

trained rats had more perforated PSDs compared to naïve controls or animals that 

performed a non-learning task (Hongpaisan and Alkon, 2007).  Thus, the structure of the 

postsynaptic specialization tightly parallels synapse strength apparently because different 

PSD sizes and structures support different numbers of AMPARs.   

 

Scaffold proteins determine the structure and function of excitatory synapses 

The most numerous class of proteins within the PSD are the multi-domain 

scaffolding proteins (Figure 4).  This network of scaffolds provides a platform for 

AMPAR retention at the synapse and appears to link them to various scaffold binding 

partners including actin binding proteins and mediators of intracellular signaling such as 

kinases and phosphatases.  Among these, the MAGUKS (membrane-associated guanylate 

kinases) are the best characterized, particularly with respect to their ability to regulate 

synaptic glutamate receptor content.  The MAGUK family contains four members present 

at the PSD: PSD-93, PSD-95, SAP-97, and SAP-103, with each member able to adopt 

multiple isoforms.  Each of these MAGUKs contains five protein interaction domains: 

three PDZ domains, a single SH3 domain, and a GK domain (Figure 5).  For PSD-95, the 

three PDZ domains contain binding sites for NMDA receptor subunit NR2; neuroligins, a 

family of synaptic adhesion molecules; and transmembrane AMPA receptor binding 

proteins (TARPS), a class of AMPAR auxiliary subunits (Chen et al., 2000a; El-Husseini 

Ael et al., 2002; Irie et al., 1997; Kornau et al., 1997).  C-terminal SH3 and GK domains 

contain interaction sites for other PSD scaffolds, including GKAP (Feng and Zhang, 

2009; Kim et al., 1997) which is discussed in more detail below.  Among the MAGUKs, 
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PSD-95 is particularly prominent due to its association with the synaptic plasma 

membrane via N-terminal palmitoylation.  Also, a large body of experimental evidence 

has been amassed for its role in regulating synapse properties.  In the next paragraph I 

outline strong evidence that the abundance of MAGUKs within the PSD, particularly 

PSD-95, is directly responsible for setting the strength of individual synapses.  This idea 

can succinctly be summarized as the “slot hypothesis” (Malinow et al., 2000; Shi et al., 

2001).  In essence, this hypothesis predicts that particular synaptic slots govern the 

number of available binding sites for synaptic AMPARs.  While PSD-95 is not capable of 

direct binding to AMPARs, as it does NMDA receptors (NMDARs), it does interact with 

TARPs which permit indirect interaction with AMPARs.  The evidence outlined below 

implicates PSD-95 as the best candidate among MAGUKs to serve as a sole slot protein 

but also outlines how it is unlikely that any single scaffold class could carry out this 

function alone and lists some limitations of the slot hypothesis in providing a complete 

understanding of synaptic AMPAR regulation. 

 

Figure 4 Schematic of Protein-Protein Interactions at the PSD 

The following proteins are depicted: AMPARs (light green), TARPs (purple), PSD-95 (red), GKAP (light 

blue), Shank (orange), and Actin filaments (dark green).  Note that Shank does not directly interact with F-

actin but several actin binding proteins (omitted here) do interact with Shank making it a likely candidate 

for interactions between the PSD and actin cytoskeleton. 

 
Figure 5 Protein Interaction Domains of PSD-95 

Two N-terminal cysteines, at positions three and five, are diagramed with red arrowheads to indicate they 

are the location of plamitoylation that targets PSD-95 to the synaptic plasma membrane.  Each of the five 

protein interaction domains is diagramed and selected interaction partners are listed below the diagram. 
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Figure 4 

 

Figure 5 

 

 

As described above, a range of MAGUKs are present at PSDs but PSD-95 is the 

most abundant in the adult brain and the most extensively studied with respect to its 

relationship to synapse strength.  SAP-102 is expressed early in development, from the 

first days through the first month of rat postnatal development, and is the prominent 

synaptic MAGUK.  During later stages of development and through adulthood PSD-95 

expression increases concomitant with a decreased synaptic content of SAP-102 (Sans et 
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al., 2000) leading to PSD-95 as the prominent MAGUK in the mature PSD.  Consistent 

with the PSD-95 based slot hypothesis, overexpression of PSD-95 increases the number 

of AMPARs in synapses without altering the number of NMDARs, (El-Husseini et al., 

2000; Schnell et al., 2002).  Overexpression also occludes increases in synapse strength 

induced by LTP protocols while augmenting decreases in synapse strength induced by 

LTD protocols (Ehrlich and Malinow, 2004; Stein et al., 2003).  Conversely, genetic 

deletion of PSD-95 in knockout mice revealed an enhancement of LTP induction (Beique 

et al., 2006; Migaud et al., 1998) an absence of the ability to induce LTD, and, perhaps 

most strikingly, a deficit in a spatial learning measured with the Morris water maze task 

(Migaud et al., 1998).  Similarly, shRNA mediated knockdown of PSD-95/93 expression 

decreases AMPAR mediated postsynaptic currents without any change in NMDAR 

currents (Elias et al., 2006; Schluter et al., 2006).  Elias et al. also found that spontaneous 

AMPAR mediated miniature EPSCs (mEPSCs) exhibited no change in mean amplitude 

but a decrease in frequency.  The fact that evoked response amplitude and mEPSC 

frequency decreased but not mEPSC amplitude would suggest that synapse number 

decreased.  However, when combined with the finding that PSD-95 knockdown did not 

change the number of spines indicates instead that PSD-95 shRNA greatly increased the 

proportion of silent synapses.  That is, most synapses became AMPAR-lacking but 

retained their normal complement of synaptic NMDARs (also explaining the lack of 

effects on NMDARs).  Some synapses still retained a normal number of synaptic 

AMPARs, explaining the lack of a change in mEPSC amplitude as well as the fact that 

the decrease in evoked AMPAR EPSCs was only ~50%.  There are two possible 

explanations for the incomplete nature of the increase in silent synapses.  The first 
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possibility is that the synapses with normal strength following PSD-95 shRNA 

expression represented a subset of synapses where knock-down was not effective.  The 

second possibility is that other MAGUKs can compensate for PSD-95 at certain 

synapses. 

An additional study provided further evidence for the specific role of PSD-95 in 

determining synaptic AMPAR abundance and also suggests that imperfect compensation 

by other MAGUKs or PSD scaffolds explains why some synapses maintain normal 

strength even in the absence of PSD-95.  This study utilized glutamate uncaging to 

measure AMPAR content at single synapses in neurons from PSD-95 knockout mice 

(Beique et al., 2006).  At a substantial subset, but not all, synapses the glutamate 

uncaging evoked AMPAR currents were decreased.  In the remainder, AMPAR currents 

appeared unaffected and these synapses were equally mature in their morphology, large 

and mushroom shaped, once again implicating an increase in silent synapses.  This 

finding was in contrast to the authors’ ability to once again replicate a correlation 

between spine size and synapse strength.  This study seems to resolve the source of the 

increase in silent synapses.  Since all synapses in the PSD-95 knock-out mouse will 

certainly lack PSD-95, this strongly suggests that unaffected synapses were protected by 

some form of compensation.  While the redundancy and interaction among MAGUKs 

appears complex and incompletely understood, this class of proteins, and PSD-95 in 

particular, is critical in determining excitatory synapse strength.  Still, a more complete 

understanding of PSD scaffold function and regulation will be required to fully 

understand the postsynaptic mechanisms that regulate synapse strength including 

investigating the role of cooperativity among scaffold proteins in the intact PSD.   
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Other MAGUKs and several additional non-MAGUK PSD scaffolds posses the 

ability to bind directly to particular AMPAR subunits indicating that they might also 

serve as components of the slot apparatus.  These interactions are mediated by PDZ 

ligands within the C-terminus of AMPAR subunits which interact with PDZ domains of 

the scaffold proteins.  For GluA2/3-containing AMPARs PDZ mediated interactions are 

capable of regulating synaptic AMPAR content but this appears to be predominantly due 

to regulation of trafficking rather than synapse retention.  GluA2 contains a PDZ ligand 

which interacts with two closely related multi-PDZ domain containing proteins GRIP 

(Dong et al., 1997) and ABP/GRIP2 (Srivastava et al., 1998) and the single PDZ domain 

protein PICK1 (Dev et al., 1999; Xia et al., 1999).  Mutations that disrupt receptor 

interaction with these proteins reduce the synaptic content of AMPARs; however, these 

effects are best explained by defects in synapse delivery rather than retention (Osten et 

al., 2000).  This shared interaction site is regulated by phosphorylation at serine 880, 

within the PDZ ligand, such that phosphorylation at this residue prevents GluA2/3 

interaction with GRIP/ABP but not PICK1 (Chung et al., 2000; Matsuda et al., 2000; 

Matsuda et al., 1999).  Acute application of peptides encoding sequences from the GluA2 

PDZ ligand act as competitive dominant negative inhibitors of these PDZ interactions and 

were used to demonstrate that the GRIP/ABP interaction is capable of regulating basal 

synaptic strength and is necessary for LTD, even as this study found no role for PICK1 

interaction in either process (Chung et al., 2003).  Nevertheless, numerous studies have 

demonstrated that phosphorylation of serine 880, which favors PICK1 interaction, is a 

necessary step in LTD expression both in the hippocampus and the cerebellum (Chung et 

al., 2003; Kim et al., 2001; Seidenman et al., 2003; Steinberg et al., 2006; Xia et al., 
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2000).  This phosphorylation is mediated by PKC which can be linked closely to 

AMPARs through their mutual interaction with PICK1 itself (Chung et al., 2000; Perez et 

al., 2001).  PICK1 also binds to actin and inhibits the Arp2/3 complex, and this negative 

regulation is important for AMPAR endocytosis.  Importantly, the efficacy of PICK1 

inhibition is strongly enhanced by concurrent binding of PICK1 to the C-terminus of 

GluA2 (Rocca et al., 2008). This causes a local inhibition of actin branching, and, 

potentially with contribution from the PICK1 curved membrane-binding BAR domain, 

facilitates progression of clathrin-mediated endocytosis.  Consistent with this model, 

shRNA targeted against PICK1 blocked endocytosis of GluA2 in response to a chemical 

LTD stimulus (Rocca et al., 2008).  Thus, it may be that following LTD induction, 

PICK1’s unique role can facilitate rapid and efficient synaptic removal and subsequent 

endocytosis of AMPARs. 

GluA1 also contains a PDZ ligand which is capable of binding the MAGUK 

SAP97 (Leonard et al., 1998; Shepherd and Huganir, 2007).  Again, this interaction 

seems important to promote AMPAR trafficking but dispensable in PSD-intrinsic 

regulation of synaptic AMPAR number.  SAP97 overexpression in dissociated 

hippocampal neurons increases the number of surface AMPARs, indicating a forward 

trafficking enhancement, and the frequency of mEPSCs but does not lead to a significant 

increase in mEPSC amplitude (Rumbaugh et al., 2003).  Deletion of the GluA1 PDZ 

ligand does not affect basal transmission or induction of plasticity (Hayashi et al., 2000; 

Kim et al., 2005). Thus, one can conclude that direct interactions mediated by C-terminal 

AMPAR PDZ ligands are not directly responsible for determining synaptic AMPAR 

content.  Because these interactions are important in AMPAR trafficking, I will also 
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discuss the respective roles for the TARP and C-terminus mediated interactions in a later 

section.   

Three additional classes of scaffold proteins perform additional critical functions 

in synapse organization.  GKAP binds both to the GK domain of PSD-95 and the PDZ 

domain of Shank (Figure 4).  This has led to the hypothesis that GKAP can link PSD-95 

and associated receptor complexes to Shank/Homer complexes (Naisbitt et al., 1999a).  

This Shank/Homer scaffold sheet is likely assembled by Shank self-association via SAM 

domain interactions, Homer multimerization by coiled-coiled domain interactions, and 

the intercalation of Shank and Homer molecules into sheets via paired EVH1 domains 

(Hayashi et al., 2009).  Beyond forming PSD scaffold structures, Shank and Homer 

families have distinct functional roles.  Shanks interact with numerous actin-binding 

proteins including Cortactin and Abp1 suggesting that Shanks may provide the link from 

PSD to actin cytoskeleton (Naisbitt et al., 1999a; Qualmann et al., 2004).  Homer binds to 

group I mGluRs contributing to their localization within the spine (Tu et al., 1998).  

Additionally, Homer is essential for positioning a specialized endocytic zone in close 

proximity to the PSD where it can contribute to local resupply of recycling AMPARs (Lu 

et al., 2007).  While there has been increasing clarification of these molecular and 

functional links it is not known how PSD scaffold subsets might be spatially regulated 

with respect to one another.  This intrasynaptic organization is important for synaptic 

signaling because it will determine how proteins are positioned with respect to interaction 

partners.  It is also unclear how fine scale PSD scaffold organization relates to the 

distribution of synaptic AMPARs.  Understanding subsynaptic spatial influences on 
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synaptic transmission will require thorough study of PSD scaffold organization and its 

potential role in dynamic regulation of subsynaptic receptor placement.   

 

Glutamate Receptors 

Three prominent glutamate receptor types exist in various abundance and 

localization within excitatory synapses.  AMPARs, as already mentioned, mediate fast 

synaptic transmission which underlies the basal function of communication at excitatory 

synapses.  AMPARs are formed from various combinations of the four available subunits 

(GluA1-4 from genes GRIA1-4) and can exist as either hetero- or homotetramers that 

form when two homodimers themselves dimerize.  This ‘dimer of dimers’ generally 

contains at least one GluA2 homodimer making the vast majority of AMPARs “GluA2 

containing.”  Approximately 80% of AMPARs in hippocampal excitatory synapses are 

GluA1/A2 heterotetramers and most of the remaining receptors are composed of 

GluA2/A3 with an additional <10% contribution of GluA1 homomers (Lu et al., 2009; 

Wenthold et al., 1996).  The predominance of GluA2 content also sets the cation 

permeability to be high for Na+ and K+ but not Ca2+.  This is because essentially all 

(>95%) GluA2 mRNA transcripts in the adult brain are subject to RNA editing that 

results in a glutamine reside being altered to an arginine at position 607 within a critical 

region of the AMPAR pore (Sommer et al., 1991).  The addition of this positive charge 

greatly reduces the Ca2+ permeability of GluA2 containing AMPARs.  GluA2-lacking 

AMPARs, typically GluA1 homotetramers, retain a high Ca2+ permeability and these 

receptors may play important physiological functions under specific conditions.  GluA2-

lacking AMPARs can also be readily identified by their non-linear current-voltage 
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relationship which displays inward rectification resulting from a voltage-dependent block 

by intracellular polyamines which is strongest at more positive voltages (Bowie and 

Mayer, 1995; Donevan and Rogawski, 1995; Kamboj et al., 1995; Koh et al., 1995).  

Interestingly, calcium influx through GluA2-lacking AMPARs can trigger LTP and LTD, 

depending on the synapse type (Laezza et al., 1999; Lei and McBain, 2004; Mahanty and 

Sah, 1998; Ross and Soltesz, 2001) even though these forms of synaptic plasticity are 

more conventionally dependent on other glutamate receptor types (see below).  

Furthermore, specific transient synaptic incorporation of GluA2-lacking AMPARs at 

early stages of LTP expression has been reported (Plant et al., 2006) but other studies that 

have investigated this found only increases in the ubiquitous GluA2-containing AMPARs 

(Adesnik and Nicoll, 2007; Bagal et al., 2005).  I will discuss both constitutive and 

plasticity-induced AMPAR trafficking in the next section.  In all cases, the subunit 

composition of synaptic AMPARs determines important receptor characteristics 

including conductance, ion permeability, and subunit-specific trafficking. 

Two additional glutamate receptor types are principally involved in gating the 

molecular mechanisms that trigger long-lasting synaptic plasticity rather than in fast 

transmission.  The first type, metabotropic glutamate receptors (mGluRs) have a high 

affinity for glutamate allowing them to be activated by even relatively distant sites of 

glutamate release.  Rather than opening in response to glutamate and passing ionic 

current, mGluRs, which are not ion channels at all, are coupled to intracellular second 

messenger signaling via G-proteins (Pin and Duvoisin, 1995).  Among the various types 

of mGluRs, the TypeI mGluRs (mGluRI and mGluRV) are located postsynaptically 

(Shigemoto et al., 1997) where their activation can induce an mGluR-dependent from of 
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LTD (Bolshakov and Siegelbaum, 1994; Huber et al., 2000; Oliet et al., 1997; Snyder et 

al., 2001).  NMDARs are another ionotropic receptor type; however, ambient 

extracellular concentrations of Mg2+ typically block the pore of NMDARs preventing 

current flow even following presynaptic glutamate release.  This Mg2+ block can be 

overcome if the postsynaptic neuron is depolarized which removes the Mg2+ blockade 

because it is voltage-dependent.  NMDARs are also unique in that they require glycine as 

a co-agonist along with glutamate (Kleckner and Dingledine, 1988).  The unique voltage-

dependent Mg2+ blockade of the NMDAR allows it to serve as a coincidence detector, 

only passing current when the pattern of synaptic activity is sufficient to involve both 

presynaptic glutamate release and a window of postsynaptic depolarization.  Also, Ca2+ 

permeability means the NMDARs can activate specific Ca2+-dependent intracellular 

signaling based on its opening.  This calcium influx can lead to either NMDAR-

dependent LTP or LTD (Collingridge et al., 1983; Kirkwood et al., 1993; Malenka and 

Nicoll, 1993; Morris et al., 1986).  I have omitted a fourth class of receptors here entirely.  

Kainate receptors, though certainly worthy of discussion, are neglected here because their 

role in regulating AMPARs is minimal and they are not studied directly in this project.  

Though each of these receptor types plays an important role at excitatory synapses, here I 

focus in detail only on AMPARs since the mechanisms of their intrasynaptic organization 

are the subject of this study. 

 

AMPAR intracellular and surface trafficking   

The most current view of AMPAR trafficking indicates that synaptic AMPAR 

content results from a multiple step pathway regulating subunit synthesis, forward 
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trafficking to the plasma membrane from intracellular stores, and lateral diffusion from 

the location of exocytosis to synapses.  Even before regulation at the trafficking level, 

AMPAR expression is regulated both at the transcriptional and translational levels.  

Transcriptional regulatory elements are located within the 5’ proximal region of the 

promoter and include both transcriptional repressors and positive regulatory elements 

(Huang et al., 1999; Myers et al., 1998) within the gene encoding GluA2.  GluA2 

mRNAs are also regulated by both 5’ and 3’ untranslated regions (UTRs).  The 5’ UTR 

suppresses translation (Myers et al., 2004) while a series of studies examining the role of 

the 3’ UTRs seem to suggest that these sequences permit GluA2 mRNAs to bind to RNA 

binding proteins, called CPEBs (cytoplasmic polyadenylation element binding proteins).  

This binding facilitate the transport of mRNAs into dendrites but suppress translation, 

presumably until an appropriate signal triggers their translation (Huang et al., 2003; 

Huang et al., 2006; Irier et al., 2009; Theis et al., 2003).  Finally, early events in AMPAR 

trafficking such as endoplasmic reticulum (ER) export are regulated.  Specifically, ER 

quality control requires proper folding and tetramer assembly and association with 

auxillary subunits such as Stargazin also promotes export (Tomita et al., 2003; 

Vandenberghe et al., 2005), permitting passage to the Golgi and subsequent packaging 

into intracellular storage vesicles. 

Once AMPAR subunits are synthesized, assembled into tetramers, and enter the 

endosomal storage pool, they become subject to regulated trafficking between 

intracellular stores and the plasma membrane.  AMPARs, particularly GluA2-containing 

AMPARs, constitutively cycle between these two pools via rounds of endocytosis and 

exocytosis, but the rate of reinsertion versus degradation can be regulated by activity 
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(Ehlers, 2000; Lee et al., 2004; Lin et al., 2000).  In fact, enhanced AMPAR endocytosis 

underlies LTD (Ashby et al., 2004; Lin and Huganir, 2007; Man et al., 2000) and a great 

deal of evidence implicates exocytosis as directly involved in increasing surface AMPAR 

number in LTP (Hayashi et al., 2000; Lledo et al., 1998; Lu et al., 2001; Park et al., 

2004).  Thus, AMPARs are subject to both constitutive and activity-dependent trafficking 

between the surface and intracellular, endosome-associated populations.   

Perhaps the simplest model for these processes would involve direct endocytosis 

or exocytosis of receptors at the synapse.  Instead, all experimental evidence suggests that 

AMPARs, packaged in endosomes, are delivered to extrasynaptic locations.  While most 

studies have revealed exocytosis only at the cell body and at the main shaft of the 

dendrite (Lin et al., 2009; Makino and Malinow, 2009; Yudowski et al., 2007; Yudowski 

et al., 2006), additional experiments from the Ehlers lab indicate it is possible for 

exocytosis to occur within the spine head (but still outside the synapse) within syntaxin-4 

enriched domains (Kennedy et al., 2010; Park et al., 2006).  Likewise, endocytosis of 

AMPARs takes place at extrasynaptic locations at specialized sites called endocytic 

zones (Blanpied et al., 2002; Lu et al., 2007).  For obvious reasons, an additional step is 

required for AMPARs to be transferred between synapses and locations of exocytosis and 

endocytosis in order to ultimately populate synapses with appropriate numbers of 

AMPARs (Figure 6).   
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Figure 6 Synaptic AMPAR Content is Determined by Both Surface Trafficking and 

Lateral Diffusion 

Left panel diagrams that AMPARs are present at the synapse but also within the plasma membrane outside 

the synapse and in intracellular stores.  Center panel depicts exocytosis of AMPARs from intracellular 

stores at extrasynaptic sites where they join the surface pool of AMPARs where extrasynaptic AMPARs 

are rapidly mobile within the plane of the plasma membrane.  Receptor endocytosis also occurs outside the 

synapse.  Right panel diagrams that the mobility of AMPARs within the plasma membrane permits 

exchange of AMPARs between synaptic and extrasynaptic pools and permits accumulation of additional 

AMPARs in LTP. 

 

The accumulation and regulation of synaptic AMPAR number is possible because 

AMPARs at the plasma membrane are continually mobile within the plane of the 

membrane.  Individual AMPARs can be labeled with fluorescently-tagged antibodies and 

their lateral diffusion can be tracked over time with high spatial and temporal precision 

(Adesnik et al., 2005; Ashby et al., 2006; Borgdorff and Choquet, 2002).  The rapid 

lateral diffusion of AMPARs has been extensively measured using single-particle 

tracking (SPT) (Groc et al., 2007) and is ~0.02 µm2s-1 globally, that is measuring the 

diffusion of all surface AMPARs (Borgdorff and Choquet, 2002).  It is important to note 
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that this includes a predominant extrasynaptic AMPAR population as well as a minority 

synaptic AMPAR population.  Subsequent studies established important distinctions that 

are in many cases more useful.  First, immobile receptors can be separated from mobile 

receptors, for example those with a diffusion coefficient < 7E10-3 considered immobile, 

which results in measurement of ~50% immobile receptors with the synaptic population 

and ~30-40% immobile in the extrasynaptic population (Borgdorff and Choquet, 2002; 

Groc et al., 2004).  Rapid lateral diffusion of any single receptor can be interrupted by 

periods of immobilization at synaptic locations.  One mechanism involved in 

immobilization of AMPARs at synaptic sites requires PSD-95/Stargazin interaction (Bats 

et al., 2007).  An additional study identified that activation of CaMKII (through the use of 

a constitutively active kinase, pharmacological activation, or direct electrical stimulation 

of the neurons) promotes the “trapping” of AMPARs via the PSD-95/Stargazin 

mechanism (Opazo et al., 2010).  Though this study did not isolate particular necessary 

targets of CaMKII phosphorylation, it did demonstrate the translocation of CaMKII to the 

PSD and its kinase activity were both required.  They further found that the PDZ ligand 

of GluA1 was not required for the increased synaptic immobilization of AMPARs 

prompted by introduction of the constitutively active CaMKII (Opazo et al., 2010).  This 

is consistent with the emerging notion that AMPAR auxiliary subunits, particularly 

Stargazin, are the principal determinants of receptor stability within the synapse even 

though the C-termini of individual AMPAR subunits are capable of binding directly to 

components of the PSD (Ziff, 2007).  Altogether, this body of work utilizing SPT of 

AMPARs has greatly clarified the mechanisms that lead to the trafficking of AMPARs to 
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synapses and allowed careful quantification of the diffusional behavior of individual 

AMPARs. 

However, alternatives for SPT are important for complementing the need to use 

antibodies for SPT and the consideration that only single synaptic AMPARs can be 

studied.  Fluorescence recovery after photobleaching (FRAP) has also been used to 

measure AMPA receptor lateral diffusion and overcomes these two limitations by 

measuring movements of exogenously expressed fluorescent receptors at an aggregate 

level.  By targeting the photobleaching laser to particular synapses, the population-wide 

exchange rate at that synapse can be measured as unbleached receptors diffuse toward the 

synapse and exchange with the bleached synaptic AMPARs.  The most informative 

FRAP measurements are performed on AMPARs containing superecliptic phluorin 

(SEP)-tagged subunits in order to isolate the surface receptor population.  This is possible 

because SEP fluorescence in intracellular compartments is quenched by low luminal pH 

within these stores but strongly fluorescent at the neuron surface (Miesenbock et al., 

1998).  This approach has provided bulk measurements demonstrating lateral diffusion, 

corroborative to SPT experiments, and demonstrating that roughly half of synaptic 

AMPARs are labile and exchange on a time scale of 5-15 min (Ashby et al., 2006; Bats et 

al., 2007; Frischknecht et al., 2009; Heine et al., 2008; Martin et al., 2009; Sharma et al., 

2006).  Furthermore, FRAP on various spine types revealed that lateral diffusion is 

regulated by spine geometry (Ashby et al., 2006).  Comparison across spines using FRAP 

is also quite useful in studying the regulation of synaptic AMPAR exchange.  This 

approach demonstrated synapse-specific regulation of SEP-GluA1 exchange in LTP such 

that the potentiated spine displayed reduced SEP-GluA1 recovery following its 
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potentiation (Makino and Malinow, 2009).  While each technique is powerful and the two 

are complementary, the disparity between the time scale of FRAP and SPT experiments 

has left several questions unanswered.  While both approaches clearly demonstrate that 

receptors exchange between synaptic and extrasynaptic regions, it is not known what 

fraction of receptors within a single synapse is highly mobile nor has the degree of 

intrasynaptic mobility of stably incorporated receptors been measured.  Furthermore, 

beyond the role of PSD-95/Stargazin interaction in trapping surface diffusing receptors, 

little is known about the subsynaptic structural relationship between AMPARs and 

components of the PSD scaffold.  These outstanding issues are directly addressed by 

experiments presented in this dissertation.   

 

AMPAR distribution within the synapse regulates synaptic strength 

The first synaptic physiology was performed at the neuromuscular junction where 

the large size of the synapse and obvious physiological correlates of synapse function 

made it a tractable and amenable model system.  These classic studies revealed that 

evoked compound postsynaptic responses were actually the result of a summation of 

simultaneous events of transmission and that the fundamental quantum of transmission 

could be detected spontaneously during action potential blockade (Boyd and Martin, 

1956; Del Castillo and Katz, 1954; Fatt and Katz, 1952; Liley, 1956).  These observations 

gave rise to quantal analysis and, in turn, to its application at excitatory synapses in the 

mammalian central nervous system.  Thus, numerous experiments have asked what 

determines the amplitude of the postsynaptic response at these synapses (quantal size) 

and what determines whether one or more quanta are released (quantal content).  It was 
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clear by this stage that the quantum of transmission is, in fact, the result of vesicular 

glutamate exocytosis and that the amplitude of spontaneous quantal responses is similar 

to the evoked postsynaptic response resulting from a weak synaptic stimulation tuned to 

give a minimal postsynaptic response (Raastad et al., 1992).  It still remained to be 

determined, even in the case that one vesicle of glutamate was released, whether the 

limiting factor in determining the amplitude of the postsynaptic response was the number 

of postsynaptic receptors available for activation (glutamate saturates available receptors) 

or whether the vesicular glutamate content is limiting (receptors are not saturated and 

additional glutamate release could increase postsynaptic responses).   

Numerous studies have in fact been designed to ask directly whether glutamate 

receptors at excitatory synapses are saturated by glutamate release following a single 

action potential.  However, technical limitations have made it challenging to come to a 

conclusive answer or to generalize from a single preparation to central excitatory 

synapses in general.  The calyx of Held in acute brainstem slices is among the most 

powerful preparations to study excitatory synaptic physiology in the central nervous 

system.  This is because both the presynaptic terminal and postsynaptic neuron are 

amenable to patch-clamp electrophysiology recordings allowing precise control of release 

properties and postsynaptic measurement of response amplitude at a single synapse.  A 

recent study  demonstrated that the concentration of glutamate in the presynaptic terminal 

is limiting at this synapse, such that adding exogenous glutamate via the presynaptic 

recording pipette increases the response to spontaneous vesicle fusion recorded in the 

postsynaptic neuron (Yamashita et al., 2009).  However, the structure of this large 

compound synapse may differ in important ways from other excitatory synapses in the 
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brain.  Further evidence for receptor non-saturation exists at cerebellar mossy fiber–

granule cell connections which, like hippocampal excitatory synapses, contain a single 

release site.  At this synapse, receptors appear well below saturation, and the quantal 

variance is very high (Sargent et al., 2005).  While the situation for hippocampal 

excitatory synapses has been somewhat more difficult to dissect, there is good evidence 

that many synapses of this type operate below AMPAR saturation during quantal 

transmission.  One approach has been to compare postsynaptic currents in dissociated 

hippocampal neurons evoked by local electrical stimulation with those resulting from 

direct application of glutamate to that identified synapse by iontophoresis.  In these 

studies, the amplitude was greater for iontophoretically evoked responses even while the 

variance was lower (Liu et al., 1999; McAllister and Stevens, 2000a).  This suggests, as 

was true for the other synapses above, that when vesicular glutamate is released at 

hippocampal synapses during synaptic transmission it is not saturating.  Instead, quantal 

release stochastically activates a subset of synaptic AMPARs giving rise to the high 

variability in responses. 

Since many excitatory synapses do not experience postsynaptic receptor 

saturation following release of a single vesicle, the distribution of receptors within the 

synapse will determine the population that are likely to be activated by each release 

event.  As discussed earlier, even if AMPARs are saturated by glutamate release, the 

number of postsynaptic AMPARs could regulate the amplitude of postsynaptic responses, 

as in LTP or LTD (Figure 7).  However, given that postsynaptic AMPARs are 

unsaturated at many synapses, then the number of vesicles released as well at the density 

of AMPARs exposed to peak glutamate concentrations become additional mechanisms to 



27 
 

 
 

regulate the strength of synaptic transmission (Figure 7).  Several studies have utilized 

computational models to determine the crucial parameters that determine how glutamate 

receptor non-saturation will precisely affect synaptic transmission.  Consistent with the 

above empirical evidence, these modeling experiments indicate that the steep gradient for 

diffusion of the limited supply of glutamate away from the site of release combined with 

the fact that AMPARs have a relatively low affinity for glutamate mean that release at 

different sites throughout the active zone may expose different subsets of postsynaptic 

receptors.  Interestingly, other parameters of the synapse, such as the cleft geometry 

(Cathala et al., 2005) or the extracellular factors influencing glutamate diffusion (Nielsen 

et al., 2004) can additionally influence whether all AMPARs are activated following 

release from a single vesicle.  For these reasons, the local density of AMPARs and 

alignment of presynaptic release sites with postsynaptic receptors can influence synaptic 

efficacy (Franks et al., 2003; Lisman et al., 2007; Raghavachari and Lisman, 2004; Xie et 

al., 1997).  For example, the model employed by Raghavachari et al. revealed that 

glutamate release from a central synaptic location resulted in a “hotspot” of high 

probably AMPARs with a diameter of ~200 nm.  This hotspot would cover as little as 

25% of the receptors within a medium to large synapse.  Importantly, this model assumed 

that AMPARs were evenly spaced across the PSD.  Deviation from this even spacing 

could either increase AMPAR activation (if they are clustered close to the glutamate 

release location) or further limit activation (if the distribution tends toward farther 

distances from the release location (Figure 8).  In summary, experimental evidence 

indicates that release of a single vesicle of glutamate does not saturate AMPARs at many 

excitatory synapses and computational modeling indicates that postsynaptic receptor 
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density within a few hundred nm radius of the presynaptic vesicle fusion pore is the 

primary determinant of the amplitude of postsynaptic responses under these conditions. 

 

 

Figure 7 Schematic Representations of Potential Points of Regulation of Synaptic 

Transmission 

The strength of synaptic transmission can clearly be altered by regulating the number of postsynaptic 

AMPARs.  However, when postsynaptic AMPARs are not saturated by release of a single vesicle, three 

additional mechanisms have the potential to regulate strength: the location of vesicle release, number of 

vesicles released, and density of AMPARs concentrated under the release location.  

Glutamate 
Release

AMPARs

Postsynaptic 
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AMPAR 
activation

Δ Receptor Number Δ Release Location Δ Receptor DensityMulti-vesicular release
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Figure 8 Postsynaptic AMPAR Clustering Can Regulate Activation by Glutamate 
Diffusion 

(a) Small PSD size and preferential glutamate release from central locations in the active zone both 

promote AMPAR saturation by a single quantal release event. 

(b) Large synapse size with uniform AMPAR distribution means that receptors distant from release 

locations will have a low probability of activation compared to those near the glutamate release site.  This 

is particularly important if release occurs near the periphery of the synapse where glutamate can escape 

from the cleft or be taken up by glutamate transporters expressed by glial cells. 

(c) Non-uniformity in postsynaptic AMPAR distribution will amplify the difference between different 

locations of glutamate release across the active zone. 

(d-e) The net result of these effects is that synapse strength will be greatest when postsynaptic AMPARs 

are densely packed at postsynaptic regions directly apposed to the location of glutamate exocytosis.  

a b c

d e
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Thus it becomes clear that both synapse size and the local intrasynaptic density of 

AMPARs will determine whether a synapse can physically support a receptor 

organization pattern that is not saturated by a single release event (Raghavachari and 

Lisman, 2004).  Small synapses (less than the hotspot diameter) will always be saturated 

and larger synapses will support highly stochastic AMPAR activation strongly influenced 

by the alignment of the presynaptic release site with postsynaptic AMPARs.  Indeed, 

even at large synapses where single vesicle responses may be subsaturating, the release of 

more than one vesicle following an action potential can serve to activate essentially all 

receptors (Meyer et al., 2001; Tong and Jahr, 1994).  Other models reach a similar 

conclusion even when studying the higher glutamate affinity and more centrally located 

(Kharazia and Weinberg, 1997; Perez-Otano et al., 2006; Somogyi et al., 1998) NMDA 

receptors (Atasoy et al., 2008) or when modeling transmission at other excitatory synapse 

types in the lateral geniculate nucleus based on direct EM observation of receptor 

distribution (Tarusawa et al., 2009).  Thus, not just the total number of AMPARs in the 

synapse, but also the local density of AMPARs within synapse subdomains may 

determine the efficiency of synaptic transmission.  In fact, even in the absence of 

plasticity inducing stimuli, where the average strength of individual synapses is constant 

across hours, individual trials measuring strength of single pyramidal excitatory synapses 

show high variance though it is not clear precisely what mechanism underlies this 

variance (Bekkers et al., 1990; Dobrunz and Stevens, 1997; Liu et al., 1999).  It is 

conceivable that this variance could arise because of continual adjustment of postsynaptic 

AMPAR distribution with respect to presynaptic release location.  As a result, an 
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important first step is to understand how receptors are positioned within the synapse and 

whether these processes are dynamic in living synapses.   

An ideal approach to answer this question would be to map the precise location of 

all AMPARs within a single synapse and to apply this to many synapses within a 

population to deduce general principles of AMPAR organization.  While this ideal 

approach has not been realized, a convergence of approaches has yielded substantial 

insights into AMPAR organization within synapses.  Historically the best available 

approach to measure receptor distribution has been electron microscopy following 

immunogold labeling of AMPARs.  This approach has a very high spatial precision but it 

is also necessary to limit the density of antibody labeling in order to maintain specificity.  

As a result, this approach can only be used across a population of synapses to determine 

population-averaged views of synaptic AMPAR distribution.  Nevertheless, this approach 

has revealed that with excitatory synapses of neocortical tissue and striatum AMPARs 

labeled with either GluA1 or GluA2/3 targeted antibodies tend to be located more 

peripherally than predicted for a uniform distribution (Bernard et al., 1997; Kharazia and 

Weinberg, 1997).  This is particularly striking when compared with the distribution of 

NMDARs in the same neocortical synapses where there distribution is opposite, tending 

to be centrally concentrated (Kharazia and Weinberg, 1997).  In another study Somogyi 

and colleagues performed similar experiments focused on CA1 pyramidal excitatory 

synapses and measured receptor position as the single dimensional distance from the PSD 

center.  This study found additional evidence for a central concentration of NMDARs but 

a uniform distribution of AMPARs. (Somogyi et al., 1998).  Again, while this approach 

has suggested trends in AMPAR distribution across synapse populations, the 
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interpretation of the results from these studies is limited by the necessity of averaging 

across synapses. 

 Several recent technological developments have advanced the ability to map the 

entire receptor population within synapses, removing the necessity of averaging across 

synapses, and each improves the ability to map these receptors fully in two dimensions.  

First, an alternative preparation method for EM called SDS-digested freeze-fracture 

replica labeling (SDS-FRL) has been applied to several excitatory synapse types by the 

Shigemoto lab.  The special tissue preparation involved in this method allows for high-

density, stoichiometric, immunogold labeling of synaptic receptors.  In cerebellum, an 

initial study of immature Purkinje cells (climbing fiber to Purkinje cell synapses) 

indicated a uniform distribution of AMPARs within synapses (Tanaka et al., 2005).  An 

additional study with more mature tissue, where Purkinje cells have an additional type of 

excitatory synapse, compared theses two types of excitatory synapses.  The climbing 

fiber synapses maintained a uniform receptor distribution (as discussed above) which was 

more dense than earlier in development and more so than parallel fiber synapses, the 

other excitatory synapse type (Masugi-Tokita et al., 2007).  Strikingly, the AMPAR 

distribution within parallel fiber synapses onto Purkinje cells had a much more variable 

density (comparing different synapses) and within any individual synapse AMPARs 

appeared in irregularly organized clusters (Masugi-Tokita et al., 2007).  This indicates 

that complex organization of synaptic AMPARs is certainly possible and can even be a 

characteristic feature of certain synapse types.  A similar intrasynaptic AMPAR 

clustering was also found in excitatory synapses in the lateral geniculate nucleus using 

SDS-FRL in both smaller retinogeniculate and larger corticogeniculate synapses 
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(Tarusawa et al., 2009) though modeling predicted that this complex organization would 

affect each synapse differently (see discussion above). 

 Two additional approaches offer the possibility to map receptor distribution 

within single synapses with the additional advantage of simultaneously mapping the 

distribution of other synaptic proteins.  First, EM tomography is yet another refinement 

of EM-based approaches.  In this case, like other forms of tomography, a series of images 

are made to virtually section through the tissue.  These tomographic images can then be 

used to reconstruct a 3-dimensional representation of electron dense synaptic constituents 

at a level that can resolve the general shape of individual proteins and receptors.  

Utilizing this approach the Reese lab has identified the relative distribution of AMPARs 

and NMDARs based on the particular electron-dense profiles of each and found the 

distribution of AMPARs to be considerably more peripheral than NMDARs (Chen et al., 

2011; Chen et al., 2008).  Though the results of this approach are compelling, it should be 

noted that technological limitations still restrict these experiments to one or a few 

synapses per study.  Many receptors of each type were associated with “vertical 

filaments” which were identified as MAGUK family members, prominently PSD-95.  

These vertical structures are then interlinked by horizontal structures which are 

presumably GKAP and Shank molecules, though a more confident identification of 

horizontal filaments remains to be completed.  From these early studies, it is clear that 

EM tomography will be a powerful approach to pursue a more comprehensive 

understanding of synapse organization in the future.  Second, a super-resolution light 

imaging approach called STORM (stochastic optical reconstruction microscopy) utilizes 

fluorescence-conjugated antibody labels for multiple synaptic proteins simultaneously.  
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After labeling fixed tissue, low-level excitation of fluorophores is used to stochastically 

excite limited numbers of labeled proteins, localize their precise position in 3-D space, 

and this process is repeated until a large population of synaptic proteins has been sampled 

(Huang et al., 2008).  Using STORM, Dani et al. found a broad range of distribution 

patterns for AMPARs and NMDARs in excitatory synapses in the accessory olfactory 

bulb (Dani and Huang, 2010).  In some cases they found a central concentration of 

NMDARs and peripheral AMPARs (even tending toward perisynaptic enrichment) while 

in other cases they found very uniform receptor distributions which were evenly spaced 

across PSDs labeled by Shank or Homer antibodies.  Though STORM is powerful in 

mapping synaptic proteins in three dimensions and at high density within single synapses, 

it is still not applicable to living samples.  Together these data suggest the possibility that 

receptor organization could be quite diverse among synapses and highlights the need for 

further investigation including the development of live-cell imaging approaches to test 

whether AMPAR organization is dynamic at single synapses.   

 

Actin Dynamics Regulate Synapse Function 

Actin forms the primary cytoskeletal structure of dendritic spines (Fifkova and 

Delay, 1982).  In addition to supporting steady-state spine shape, active filament turnover 

within the spine is required for constitutive spine motility (Fischer et al., 1998) and 

regulation of actin polymerization underlies plasticity-induced spine growth and 

shrinking, described previously.  This combined with the fact that PSD scaffolds interact 

directly with actin binding proteins, makes the actin cytoskeleton a central candidate in 

potential mechanisms that could regulate AMPAR organization within the PSD.  Here I 
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briefly consider the overall characteristics and diverse regulatory roles of the spine actin 

cytoskeleton before turning to a more detailed description of its importance directly at the 

PSD.  Finally, I synthesize these data to generate a hypothesis regarding actin-driven 

regulation of intrasynaptic AMPAR organization via the PSD.  

Ultrastructural analysis of actin filaments in spines demonstrates the complexity 

of the spine cytoskeleton with a mixture of relatively longer and shorter filaments with 

the short filaments apparently forming branched networks (Fifkova and Delay, 1982; 

Hirokawa, 1989; Korobova and Svitkina, 2010; Landis and Reese, 1983; Markham and 

Fifkova, 1986), likely subserving its multiple roles within the spine (Figure 9).  Within 

this overall complex organization, several studies have provided clear evidence that actin 

filaments extend right up to the PSD apparently making contact with the cytosolic face of 

the synapse (Capani et al., 2001; Fifkova and Delay, 1982).  Furthermore, recent studies 

in this lab (Frost et al., 2010) and others (Honkura et al., 2008) have resolved that actin 

filaments are oriented such that addition of actin monomers at the spine tip, the location 

of the synapse, drives net filament polymerization from the tip toward the interior of the 

spine.  These measurements were made by measuring the bulk flow of photoactivatable-

GFP tagged actin and, thus, are not sensitive enough to detect any potential 

heterogeneity.  Frost et al. additionally applied PALM imaging of individual actin 

molecules permitting measurements of the direction and velocity of polymerization at 

individual filaments and to map these particular velocities with respect to structures 

within a single spine.  This approach revealed discrete foci where highly dynamic 

filament assembly was occurring and further demonstrated these foci are preferentially 

located near the PSD as compared to other functional domains within the spine.  Thus, 
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the actin filaments that apparently contact the PSD are notably dynamic, suggesting they 

may support important regulation of synapse function.   

 

 

Figure 9 Diverse Roles for the Spine Actin Cytoskeleton  

Each label represents a unique and spatially restricted function for actin within the spine.  Gray arrows 

represent the direction of actin flow, indicating monomer addition at the membrane with filament 

disassembly in the center of the spine.  Green arrows represent the potential bidirectional flow of cargo 

driven by myosin based motors moving along actin filaments.  The black line in the dendrite represents 

microtubules. 

 

Actin filaments are closely associated with the PSD, apparently contacting it 

directly (Capani et al., 2001; Fifkova and Delay, 1982) and these filaments are involved 
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in several distinct mechanisms of PSD regulation. Inhibition of actin polymerization with 

latrunculin destabilizes synapses in an age-dependent fashion (Zhang and Benson, 

2001a), and prompts the dissociation of AMPA receptors (Allison et al., 1998; Gu et al., 

2010; Kim and Lisman, 1999; Zhou et al., 2001) and PSD proteins (Kuriu et al., 2006). 

Within minutes of latrunculin treatment, enough time for one or a few complete cycles of 

treadmilling on spine actin filaments, approximately half of the PSD-bound Shank, 

GKAP, and Homer 1C is lost (Kuriu et al., 2006). Surprisingly, this occurs without 

affecting the molecular exchange rate of the remaining 50% (Kuriu et al., 2006), and with 

only partial loss of AMPARs (Allison et al., 1998; Gu et al., 2010; Kim and Lisman, 

1999; Zhou et al., 2001). Whereas the loss of AMPARs could involve actin-dependent 

processes outside the synapse, the immediate influence of depolymerization on PSD 

protein copy number also indicates that actin filaments act directly at the PSD.  However, 

the latrunculin-insensitive subset of PSD molecules is poorly understood.  Interestingly, 

latrunculin does not affect the stability of PSD-95 (Blanpied et al., 2008; Kuriu et al., 

2006), presumably because of the protein’s direct association with the plasma membrane 

or with transmembrane proteins.  Thus, the intermolecular binding of scaffold molecules 

that is the foundation of PSD architecture is apparently not sufficient to maintain GKAP, 

Shank, and Homer 1c in the absence of polymerized actin.  So, while interconnected, the 

PSD is not entirely cohesive.  Instead, it may be organized into functional subsets that are 

partially autonomous, allowing dispersal of molecules from PSD subcompartments.  

Alternatively, it may comprise interlinked lamina, with interfaces that require constant 

support from actin-driven processes.  Measuring PSD internal organization and 

determining the role of cytoskeleton in establishing this organization are important goals 
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for understanding synapse architecture.  An important, additional mechanism for 

cytoskeletal regulation of the PSD is clear from high-resolution time-lapse imaging of 

PSD morphology.  Surprisingly, even at synapses in mature neurons (i.e. synapses that on 

average persist days or weeks (Minerbi et al., 2009)), the morphology of the PSD 

undergoes continuous change on a time-scale of seconds to minutes (Blanpied et al., 

2008).  Thus, the PSD behaves not as a rigid body but as a flexible matrix, the shape of 

which is continuously adjusted by dynamics or treadmilling of the actin cytoskeleton.   

Because the nm scale local density of PSD molecules plays an important role in 

receptor confinement and mobility in the synapse (Ehlers et al., 2007; Triller and 

Choquet, 2008), actin-driven change in the shape of the PSD may influence the alignment 

of presynaptic and postsynaptic elements.  Though NMDA receptors can attach to actin 

via single intermediate actin-binding proteins such as alpha-actinin (Wyszynski et al., 

1997), AMPARs in the synapse generally contact the cytoskeleton through PSD scaffold 

proteins (via PSD-95 to citron or SPAR (Pak et al., 2001), or via GKAP and Shank to 

cortactin (Naisbitt et al., 1999a), bpix, or oligophrenin (Tada and Sheng, 2006)). Given 

that actin both regulates PSD scaffold composition and drives changes in overall PSD 

size and shape, how might these aspects of actin function control synaptic AMPAR 

number? One possibility is that this control stems from regulation of PSD composition 

and molecular positioning.  Thus, actin-mediated control of PSD scaffold density by 

component release (Allison et al., 1998; Kuriu et al., 2006) or by flexing (Blanpied et al., 

2008) may tune the ability of the synapse to retain AMPARs.  Taken together, these data 

support the hypothesis that perisynaptic actin dynamics play an important role in 

regulating the composition and dynamics of the PSD scaffold but that many questions 
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remain in elucidating the specific mechanisms of this actin-driven regulation particularly 

as it pertains to regulation of synaptic AMPARs. 

In this dissertation I directly measure the mobility of AMPARs within the synapse 

and compare their steady-state distribution to several important components of the PSD 

scaffold.  I find that AMPARs are strongly immobilized within synapse subdomains and 

that their distribution is more similar to some PSD components than others.  I directly test 

the hypothesis that the actin cytoskeleton regulates synaptic AMPAR distribution within 

the synapse.  In contrast to predominant models, F-actin in the spine does not play a 

significant role in acute anchoring of synaptic AMPARs.  Instead, actin dynamics drive 

constitutive reorganization of synaptic AMPARs both at the level of overall synapse 

morphology and at the level of intrasynaptic organization.  From this, I develop a 

mechanistic model capable of explaining these results by indicating that dynamics of the 

actin cytoskeleton regulate AMPAR distribution within single synapses, indirectly, by 

regulating the organization of PSD scaffold components.  Though these forms of synapse 

regulation occur constitutively, I show that they can be regulated by alterations in 

synaptic activity and by direct activation of glutamate receptors. 
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Chapter II. Methods 

 

Neuron Culture, cDNA, and Transfection.  

Dissociated hippocampal neuron cultures were prepared from E18 rats as 

previously described (Frost et al., 2010). Cells were grown 3-4 weeks in culture and 

transfected ~36 to 48 hours prior to experiments. cDNAs were obtained or produced as 

follows (with original sources or references noted): SEP-GluA1 and SEP-GluA2 (R 

Huganir); mCherry, mEos2 or PATagRFP-tagged PSD-95 by subcloning PSD-95-GFP 

(D. Bredt) at HindIII-EcoR1 into N1 versions of the fusion protein constructs; 

Membrane-mCherry by subcloning mCherry into Membrane-YPF (Clontech); GKAP-

mCherry by subcloning from GKAP-GFP (SAPAP2, G. Feng) into mCherry-C1; Shank3-

mCherry by subcloning Shank3 (P. Worley) into mCherry-N1 at the HindIII-EcoRI sites; 

Homer1c-mCherry by sublconing from Homer1c-GFP (P. Worley) to NheI-AgeI sites of 

mCherry-N1; mCherry and tdTomato (R.Y. Tsien); mEos2 (S. McKinney); PA-TagRFP 

(V. Verkhusha); Ruby-LifeAct (R. Wedlich-Soldner). Individual coverslips were 

transfected with 0.5-0.75 µg of cDNA for each expression construct using Lipofectamine 

2000 (Invitrogen). 

 

Live-cell confocal microscopes.  

 Live-cell imaging was performed on two confocal microscopes. Experiments for 

morphology quantification (Fig. 2, 5a-e, 6) were performed on a spinning disk confocal 

system (Andor Technology). This system consisted of a CSU-22 confocal (Yokagawa) 
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with Orca-ER CCD camera detector (Hamamatsu) mounted on the side port of an 

Olympus IX-81 inverted microscope with laser excitation provided by a 5W KrAr laser 

(Coherent) and emission filters (Semrock) positioned by a motorized filter wheel (Sutter). 

Imaging was performed with a 60X 1.42 NA oil immersion objective with additional 

1.6X magnification in the light path and 1.2X magnification placed between the confocal 

and the camera, yielding a final effective pixel size of 56 nm. In some cases the 1.6X 

magnification was omitted, yielding a pixel size of 90 nm. Z-stacks of images were 

collected at each time point with z step size of 0.5 µm. Acquisition was controlled by iQ 

software. Photobleaching and subsynaptic protein distribution measurements were 

performed on a Zeiss LSM 5Duo point-scanning confocal on an inverted Zeiss 

AxioObserver microscope using a 63X 1.4NA oil immersion objective and software 

acquisition control by Zen. Laser output powers were (in mW): 488 nm (75), 561 nm 

(150), and 405 nm (100). Pinhole size was set to 1 Airy unit, and a 4X optical zoom was 

used, yielding a pixel size of 70 nm.  

 

Imaging conditions.   

Coverslips were placed in custom-made chambers (Four Hour Day, Inc.) and cells 

were warmed from below using a heated objective collar so that the bath solution was 

~34°C. In most cases, imaging solution was perfused throughout the experiment at a rate 

of 1ml/min through an inline solution heater (Warner Instruments). Experiments on the 

LSM 5Duo utilized a humidified, semi-closed chamber without perfusion. Extracellular 

imaging solution contained the following (in mM): 120 NaCl, 3 KCl, 2 CaCl2, 2 MgCl2, 
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10 glucose, 10 HEPES, pH adjusted to 7.35 with NaOH. For experiments where 

jasplakinolide, latrunculin, or DMSO was applied, at the indicated time, 0.5 ml of 2X 

treatment solution was added to the 0.5 ml bath. Jasplakinolide and latrunculin were 

diluted from 1000X stock solutions in DMSO at 5 mM and 10 mM, respectively. Each 

condition thus resulted in a final concentration of 0.1% DMSO.  

 

Fluorescence recovery after photobleaching.   

Photobleaching of synaptic AMPA receptors was achieved using 488 nm laser 

excitation. Total bleaching time did depend on region number and size but was executed 

in all cases with 1.61 µs pixel dwell time (equal to the acquisition scan rate), and 4-5 

iterations at 30-40% of the available 488 nm laser power. Bleaching parameters were 

adjusted within this range at the beginning of each experiment to provide near total 

bleaching of SEP fluorescence while minimizing mCherry bleaching. Time=0 image 

acquisition followed directly after photobleaching. For full photobleaching a square or 

rectangular bleaching region was placed around an entire synapse. In contrast, a small 

region was placed at the edge of synapses for partial synapse photobleaching. This 

resulted in a bleaching spot nearly the size of the microscope point spread function with 

minimal affect at the opposite side of the synapse. On average 35% of total synaptic 

AMPAR fluorescence was lost during partial synapse bleaching. Each experiment 

contained some synapses that were targeted for partial synapse photobleaching while 

others were fully bleached. Synapses targeted for partial photobleaching that 



43 
 

 
 

inadvertently resulted in decreased fluorescence over >3/4 of the synapse area were 

excluded. 

 

Simultaneous photoactivation of PSD-95-PATagRFP and photobleaching of SEP-GluA1.   

This procedure was similar to the SEP photobleaching above except that the 405 

nm laser was used for simultaneous photoactivation and photobleaching in targeted 

regions. 10-12 rapid iterations were used at 70-80% of the available 405 nm laser power. 

On average, 49% of total synaptic AMPAR fluorescence was bleached. PATagRFP was 

sub-maximally (approximately 2/3) photoactivated. This was necessary because maximal 

photoactivation of PATagRFP led to spatially unrestricted SEP photobleaching in 

partially targeted synapses.  

 

Image Analysis.   

Image processing and analysis was performed in Metamorph (Molecular Devices) 

after export from iQ. Values measured in Metamorph were output to Excel (Microsoft) 

and further processing, statistics, and graphing were performed in Origin (OriginLab). 

Images of single synapses were interpolated 4X in Metamorph prior to export and figure 

assembly in Powerpoint. Images were routinely background subtracted prior to analysis 

and display. Brightness and contrast were linearly adjusted. In cases where red and green 

intensity were not compared channels were adjusted separately to maximize clarity of the 

individual channels. In cases where red and green intensity were compared directly, 
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brightness and contrast were adjusted in an identical fashion for red and green images 

though they were optimized for individual experiments. 

Synapse morphology was quantified essentially as described previously (Blanpied et al., 

2008) using custom-written analysis journals in Metamorph. Image z-stacks at each time 

point were maximally projected in the z dimension and digitally interpolated 4X. Images 

of single synapses were segmented by thresholding to delineate the AMPA receptor 

cluster or PSD from the surrounding background image. This threshold was generally set 

as 0.5 times the maximum fluorescence intensity within the synapse. EF measurements 

over time were 3-point smoothed, and coefficient of variation (CV) was calculated with a 

running 10 min bin. The degree of morphological change was also analyzed by 

measuring unsmoothed, frame-to-frame differences in EF, which had a higher time 

resolution but is considerably more noisy than the calculation of CV as above. Most 

importantly, this analysis clearly supported the kinetic conclusion in Figs. 4c and 4d that 

elimination of actin treadmilling suppressed morphological changes of the synapse in <2 

min. Fluorescence intensity was integrated within oval regions drawn tightly around 

synapses.  

To measure subsynaptic protein distribution, I first systematically corrected 

images for imperfection in chromatic alignment in the LSM 5Duo. To match the imaging 

conditions of experiments, 0.1 µm microspheres (Molecular Probes, Invitrogen) were 

placed onto cells in culture and incubated overnight so that they would become 

internalized or affixed to the cell surface. The XY displacement measured between red 

and green images of the microspheres was corrected in each biological image by a sub-

pixel XY shift. Images were then background subtracted, and rectangular regions of 
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interest were drawn around each synapse, minimizing the number of included 

background pixels. For each region, the pixel-wise fluorescence correlation coefficient RF 

was calculated in Metamorph. An average RF value was calculated for all synapses on a 

single neuron and then group averages were calculated from these values. 

 

SEP-AMPA Receptor FRAP.   

For full synapse photobleaching, a single region was drawn around the entire 

synapse utilizing the PSD-95-mCherry image. Integrated fluorescence intensity of SEP-

GluA1was quantified at each time. For partial synapse photobleaching, two regions were 

drawn. The first “bleached” region was drawn based on where the original bleaching 

region of interest was targeted. An additional “control” region of equal size was placed 

on the opposite side of the synapse. These two regions sometimes had to be moved for 

analysis of later time points; in these cases, the PSD-95-mCherry image was used to track 

obvious PSD features that allowed region placement to be updated to track the proper 

region of the synapse matched to previous time-points. In several cases, synapse 

morphology changed substantially within the 10 minute experiment and I were not able 

to reposition the analysis regions with confidence, and these synapses were discarded 

from further analysis. Synapses or partial bleaching regions that were less than 70% 

bleached with respect to baseline fluorescence intensity were excluded from further 

analysis. Baseline fluorescence intensity was normalized to 1.0 and FRAP recovery was 

calculated as the fluorescence increase between t=0 (immediately after SEP 

photobleaching) and the indicated time-point. Fractional bleaching was also assessed for 
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partial synapse photobleaching. This was calculated by placing a region around the entire 

synapse and calculating the fraction of total fluorescence lost during photobleaching. I 

calculated this because the area affected by photobleaching was not equal for each 

synapse studied. I reasoned that the fraction of unbleached receptors could influence the 

recovery within the bleached region. However, I found no correlation between the 

fractional photobleaching and the magnitude of FRAP in the bleached region (data not 

shown), suggesting that this effect did not complicate interpretation of our results, and 

consistent with minimal intrasynaptic exchange.  

 

Simultaneous SEP-GluA1 photobleaching and PSD-95-PATagRFP photoactivation. 

 Analysis of SEP-AMPAR FRAP was performed exactly as described above. To 

quantify mobility and loss of synaptic PSD-95-PATagRFP following photoactivation, I 

normalized the fluorescence in the targeted region to 1.0 at t=10 s. Then, fractional 

fluorescence was measured at 600 s. Normalization to the 10 s time point was necessary 

because PATagRFP exhibits a non-fluorescent state, which can persist for seconds, 

following photoactivation but before stochastically entering the excitable state ((Subach 

et al., 2010); data not shown; V. Verkhusha personal communication). Thus, accurate 

quantification of PSD-95 content in the targeted region was best achieved by normalizing 

to this time point. Finally, in all synapses I reactivated PSD-95-PATagRFP which 

permitted visualization of the entire synapse morphology at the end of the experiment and 

confirmed the presence of PSD-95 on the initially untargeted regions of partially targeted 

synapses. 
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Statistics.   

Where means are presented, the accompanying “error” is the standard error of the 

mean (SEM). Pair-wise statistical tests were performed using the Mann-Whitney U test. 

For experiments with greater numbers of conditions, Kruskal-Wallis One-way ANOVA 

was used to test for overall differences among group means. Then, pair-wise comparisons 

were performed with Mann-Whitney U test.  Non-parametric statistics were consistently 

applied throughout because data deviated significantly from normally distributed as 

determined by the Shapiro-Wilk test.  In all cases, means were considered significantly 

different if the test reported p < 0.05. 
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Chapter III. Results 

 

Intrasynaptic mobility of synaptic AMPARs is minimal 

First, I employed two methods to confirm that the AMPAR clusters under study 

were in fact synaptic.  Previous reports have demonstrated that SEP at the plasma 

membrane is strongly isolated from SEP stored within acidic intracellular compartments 

(Ashby et al., 2004; Kopec et al., 2006; Miesenbock et al., 1998).  Under these 

experimental conditions, recombinant SEP-GluA1,2-containing AMAPRs were strongly 

enriched within dendritic spines with little extrasynaptic fluorescence (Figure 10a).  Co-

expression of a construct encoding a red fluorescent protein and a palmitoylation 

consensus motif, Membrane-mCherry, allowed clear evidence for the location of each 

dendritic spine along the dendrite.  This was further verified in the current study using a 

series of exchanges of the extracellular medium during live-cell fluorescence confocal 

microscopoy of hippocampal neurons grown 21-27 days in culture.  A cell-impermeant 

acidic solution (pH 6.0) quenched GluA1,2 fluorescence intensity in receptor clusters 

(Figure 10a,b-arrow).  Though the density of SEP-tagged AMPARs outside the synapse 

was much lower, the sparse receptors along the shaft of the dendrite also showed a 

decrease in fluorescence intensity.  Application of a cell-permeant basic solution (NH4Cl) 

revealed AMPARs in intracellular stores that were completely quenched during basal 

imaging and these stores were also clearly spatially separated from spine receptor clusters 

(Figure 10a,b-arrowhead). Importantly, AMPAR fluorescence of receptor clusters within 

spines was unchanged (Figure 10b) demonstrating that this population is completely at 

the spine plasma membrane.  Second, I performed immunostaining for the presynaptic 
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excitatory synapse marker Bassoon (tom Dieck et al., 1998).  The fixation procedure did 

reveal additional intracellular AMPARs which are particularly visible along the shaft of 

the dendrite (Figure 10c).  Nevertheless, the location of spine receptor clusters remained 

clear and these clusters consistently colocalized with presynaptic terminals 

immunopositive for Bassoon.  This provides further evidence that the surface AMPAR 

clusters within spines represent the AMPARs contained within single synapses.  

 

Figure 10 SEP-GluA1 Specifically Labels Synaptic AMPAR Clusters 

(a) Neuron expressing SEP-GluA1,2 and Membrane-mCherry treated with extracellular acidic solution and 

cell-permeant base. Acid quenches all surface AMPAR fluorescence (arrow) and base (NH4Cl) neutralizes 

the pH of acidic intracellular compartments revealing intracellular AMPARs (arrowhead). Scale bar, 1 µm.   

(b) Quantification of fluorescence during treatment with pH 6.0 solution and later with NH4Cl. Green = 

synapes within spines, Black = extrasynaptic regions in the dendritic shaft, Red = dendritic regions at sites 

where fluorescence appears only after dequenching fluorescence of AMPARs in intracellular stores.   

(c) Bassoon immunostaining for a neuron expressing SEP-GluA1,2. Bassoon staining tightly co-localized 

with SEP-GluA1,2 in single spines (44/45, 97.8% for this cell). Scale bar, 2 µm top and 1 µm bottom.  
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An important mechanistic consideration of receptor positioning is whether the 

receptors can move freely within the confines of the synapse (as in a corral), or whether 

they remain immobilized (as if bound in a matrix) (Bressloff and Earnshaw, 2009; Opazo 

and Choquet, 2010; Ritchie et al., 2003; Shi et al., 2001).  To distinguish between the 

corral and matrix-type mechanisms constraining AMPARs at synapses, I assayed the 

intrasynaptic exchange of receptors by measuring FRAP of SEP-tagged GluA1.  In these 

experiments SEP-GluA1 was expressed along with PSD scaffold component and 

MAGUK, PSD-95 (Figure 11).  PSD-95-mCherry expression permitted continuous 

imaging of synapses even if SEP-GluA1 fluorescence was targeted for photobleaching.  I 

compared recovery in synapses that were entirely photobleached to those in which only a 

subdomain (roughly half) was bleached.  Partial synapse photobleaching provides a 

measure of intrasynaptic mobility, because the bleached subregion can recover 

fluorescence by exchange of receptors within the synapse or with extrasynaptic regions. 

Thus, if there is exchange within the synapse, these subregions will recover SEP-GluA1 

fluorescence more quickly than a fully bleached synapse (where there is only access to 

the extrasynaptic unbleached pool) (Figure 12).  Prior work suggests that photobleaching 

of a whole spine will reveal substantial exchange of the AMPAR population within 10 

min (Frischknecht et al., 2009; Heine et al., 2008; Sharma et al., 2006).  In contrast, 

modeling predicts that receptors, if mobile, would disperse within the synapse on a time 

scale as short as 100s of ms (Blanpied et al., 2008; Bressloff and Earnshaw, 2009; Heine 

et al., 2008; Santamaria et al., 2010).  Thus, I first examined recovery 10 s after 

photobleaching but also measured recovery at 10 min in the same experiments. 
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Figure 11 Expression of Fluorescent AMPAR Subunits and PSD-95 

Confocal image of cultured hippocampal neuron expressing PSD-95-mCherry + SEP-GluA1.  

Scale bar, 10 µm.  

 

 

Figure 12 Experimental Design to Measure AMPAR Intrasynaptic Mobility 

Diagram of synapses from neurons expressing PSD-95-mCherry (red) and SEP-GluA1 (green) targeted for 

photobleaching that either covers the entire synaptic area (left) or just a spatially restricted domain (right).  

Previous experiments have demonstrated that receptors will exchange between the synaptic and 

extrasynaptic regions (curved arrows) and this rate can be measured as the fluorescence recovery following 

full synapse bleaching (blue box, left).  If AMPARs are mobile within the synapse (depicted by question 

mark) the rate of fluorescence recovery will be greater (blue box, right). 

 

SEP-GluA1PSD-95-mCh
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Following photobleaching of entire synapses, I detected little fluorescence 

recovery after 10 s (3.4 ± 0.9%; n = 34 synapses in 9 neurons; Figure 13, Figure 14), 

suggesting that the population of rapidly exchanging receptors in these synapses is very 

small.  After 10 min, 33.2 ± 2.4% of synaptic receptor fluorescence was recovered (n = 

37 synapses in 9 neurons; Figure 13, Figure 14), consistent with previous reports 

(Frischknecht et al., 2009; Heine et al., 2008).  Following partial synapse photobleaching 

(performed during the same image series on neighboring synapses), recovery was no 

different after 10 s than in fully bleached synapses (1.5 ± 1.6% for partial, n = 20 

synapses in 7 neurons, p = 0.60 compared to fully bleached synapses; Figure 14), 

suggesting a very small fraction of receptors are able to move within the synapse on this 

time scale.  Remarkably, recovery after 10 min was also similar following partial and full 

synapse photobleaching (30.5 ± 4.3% for partial, n = 10 synapses on 4 neurons, p = 0.60 

compared to full; Figure 13, Figure 14).  The image acquisition itself caused minimal 

photobleaching, as fluorescence intensity in neighboring unbleached synapses remained 

nearly constant (96 ± 2% of baseline after 10 min).  I also measured fluorescence in the 

unbleached region of each synapse that was partially photobleached, and detected no 

change (-1.2 ± 2%) in fluorescence intensity there after 10 min.  Thus, if any unbleached 

receptors did diffuse into the bleached portion of the synapse, their rate was no faster than 

the overall rate of exchange between the synaptic and extrasynaptic compartments.  

Figure 13 Example Images from Targeted SEP Photobleaching Experiments 

 Example synapses expressing SEP-GluA1 and PSD-95-mCherry where all or part of the synaptic SEP-

GluA1 was photobleached and fluorescence recovery was imaged over 600 sec. Brackets represent the 

region targeted for photobleaching just before t = 0. Scale bar, 1 µm. 
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Figure 13 

 

 

 

Figure 14 Quantification of SEP-GluA1 Fluorescence Recovery Reveals No AMPAR 

Intrasynaptic Mobility 

SEP-GluA1 fluorescence recovery in synapses targeted for full or partial synapse photobleaching and 

control synaptic regions at the indicated times following photobleaching.  At 10 sec: full n = 34 synapses, 9 

neurons; partial n = 20 synapses, 7 neurons. At 600 sec: full n = 37 synapses, 9 neurons; partial n = 10 

synapses, 4 neurons; unbleached region of partially bleached synapses n = 10 synapses, 4 neurons; control 

synapses which were not targeted for photobleaching 10 synapses, 4 neurons.  n.s. p > 0.05. 
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In these experiments, PSD-95-mCherry expression was beneficial for targeting 

photobleaching regions specifically to small subsynaptic AMPAR domains and for 

tracking the bleached and unbleached populations of receptors during analysis.  Because 

substantial evidence indicates that PSD-95 is a key component of mechanisms to capture 

and stabilize AMPARs in the synapse (Bats et al., 2007; Newpher and Ehlers, 2008; 

Opazo and Choquet, 2010; Schnell et al., 2002), I tested whether PSD-95-mCherry 

overexpression affected either the rate of receptor exchange or intrasynaptic mobility.  In 

an additional series of experiments interleaving neurons co-expressing SEP-GluA1 with 

either PSD-95-mCherry or free, cytosolic mCherry, I found no differences in the 

fractional fluorescence recovery (Figure 15).  In neither case did the rate of recovery 

following partial synapse photobleaching differ from the rate of recovery in fully 

bleached synapses.  Interestingly, there was a slight trend toward slower recovery in 

PSD-95-mCherry expressing neurons (Figure 15; p = 0.090), consistent with the idea that 

this scaffold, which increases synapse strength, size, and complexity (El-Husseini et al., 

2000; Nikonenko et al., 2008; Stein et al., 2003), regulates receptor retention.  

Nevertheless, intrasynaptic mobility by these measures was minimal even in the absence 

of PSD-95 overexpression, consistent with the model that the PSD forms a matrix that 

severely restricts receptor passage from one side of the synapse to the other. 

Figure 15 PSD-95 Overexpression Does Not Significantly Alter AMPAR 

Intrasynaptic Mobility 

SEP-GluA1 fluorescence recovery after either full or partial synapse photobleaching. Experiments were 

interleaved in neurons co-expressing either PSD-95-mCherry (a) or cytosolic mCherry (b). n = 7-19 

synapses from 7-9 neurons.  
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Figure 15 

 

 

Morphological dynamics of synaptic AMPAR clusters 

The positional stability of receptors observed within the PSD raises the possibility that 

the overall structure of the receptor cluster may be quite rigid for long periods.  However, 

such rigidity would contrast with previous observation of PSD flexibility (Blanpied et al., 

2008). To investigate potential flexibility of the overall receptor cluster in more detail, I 

performed extended time-lapse imaging for neurons transfected with SEP-GluA1 and 

SEP-GluA2.  Coexpression of mCherry-membrane, confirmed that spines contained 

synaptic clusters of SEP-labeled AMPARs that could be demarcated from the sparse 

receptors on the dendrite surface (Figure 16) as in Figure 10.  

Figure 16 Morphology of AMPAR clusters is continuously dynamic 

Confocal image of a region of dendrite (left) from an example neuron expressing Membrane-mCherry and 

both SEP-GluA1 and SEP-GluA2. Example synapse (right) is from the spine marked with an arrow. SEP-

GluA1,2 images of an example receptor cluster imaged over time. Scale bar, 1 µm.   
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Figure 16 

 

 

Using this time-lapse imaging approach, I found that individual synaptic clusters 

of AMPARs exhibited substantial and continuous changes in morphology (Figure 16).  I 

quantified the shapes of individual synapses at any single time point by measuring their  

elliptical form (EF = length/breadth), a simple but robust and sensitive measure of 

morphology (Blanpied et al., 2008).  Synapse EF continuously varied over time, was 

independent for individual even neighboring synapses, and changed with various 

magnitude and directionality (Figure 16).  Because synapse morphology is related to 

synapse strength; for example, synapse size positively correlates with synapse strength.  I 

tested whether synaptic AMPAR number increased or decreased during morphology 

transitions.  For individual synapses I quantified both AMPAR cluster morphology and 

integrated SEP fluorescence intensity.  In this analysis, even though most receptor 

clusters underwent profound changes in morphology, such changes were not 

accompanied by clear changes in SEP fluorescence intensity (Figure 17a,b).  To further 

quantify this, I tested whether the coefficient of variation (CV = standard deviation/mean) 

of receptor cluster EF correlated with CV of SEP fluorescence intensity, as would be 

predicted if morphology changes were accompanied by addition or removal of synaptic 

AMPARs.  Consistent with the stable SEP fluorescence, I found the CV of receptor 

cluster intensity to be substantially smaller than the CV of EF (mean CVintensity = 0.018 ± 

t=0 8 12 16 20 24 28 324

  
  

SEP-GluA1,2
Membrane-mCh SEP-GluA1,2
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7.8E-4, CVEF = 0.076 ± 0.0047, p < 0.01).  I also found no correlation between these two 

measures for either a single neuron or a larger population from a group of neurons (r2 = 

0.0089, p = 0.26; n = 37 synapses from representative neuron analyzed in e-f; r2 = 0.0393, 

p = 0.11; n = 67 synapses on 4 neurons) (Figure 17c).  From this, I conclude that synapse 

morphology can change even when a principal postsynaptic determinant of synaptic 

strength, receptor number, remains constant.  Thus, though the overall topology of the 

postsynaptic complex remains flexible, few receptors appear freely mobile over large 

regions of the synapse, suggesting that the pattern of receptor distribution within the 

synapse is controlled by characteristics of the PSD.  

 

Figure 17 AMAPR Cluster Morphology Changes Do Not Involve Changes in 

Synaptic AMPAR Content 

(a) Receptor cluster EF (elliptical form, EF=length/breadth) for 4 example synapses imaged every 2 min 

for 60 min.  

(b) SEP-GluA1,2 fluorescence intensity for synapses analyzed in (a). 

(c) Coefficient of variation (CV) of EF and of integrated SEP-GluA1,2 fluorescence intensity for all 

imaged synapses on 1 neuron. The best linear fit to the data (black line) revealed no correlation (r2 =  

0.0089, p = 0.25; n = 37 synapses). Group mean r2 = 0.0393, p = 0.11; n = 67 synapses, 4 neurons (not 

shown). 
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If changes in the shape of the PSD (Blanpied et al., 2008) determine the shape of 

the receptor cluster at the synapse, the structures of the two should be highly correlated 

over time.  To test this, I directly compared PSD and AMPAR cluster morphology in 

neurons expressing both PSD-95-mCherry and SEP-GluA1.  At single synapses, time-

dependent changes in AMPAR distribution directly matched those of the PSD-95-labeled 

scaffold (Figure 18a). Line profiles through single synapses clearly demonstrated the 

fine-scale similarity between fluorescent AMPARs and PSD-95 protein distribution 

(Figure 18b).  To compare morphology, the EF of PSDs and AMPAR clusters was 

measured at each time point.  Absolute differences between the two EF values were small 

and the measurements co-varied over time (Figure 19).  

 

Figure 18 Synaptic PSD-95 and AMPAR Distribution are Matched 

(a) Time-lapse images of a synapse from a neuron expressing PSD-95-mCherry and SEP-GluA1. Dashed 

lines represent regions used for intensity profiles in (b). Scale bar, 1 µm. 

(b) Line profiles measuring fluorescence intensity across three axes from the synapse shown in (a).  

Fluorescence normalized to peak intensity value in that dimension. Red, PSD-95-mCherry; green, SEP-

GluA1.  

 

Figure 19 PSD and AMPAR Cluster Morphology are Tightly Correlated 

EF over time for PSD (red) and AMPA receptor cluster (green) measured in three synapses. 
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Figure 18 

 

Figure 19 

 

 

Next, I calculated for each synapse the quotient of the EF of its AMPAR cluster 

and the EF of its PSD (the EF ratio) at each time point.  The EF ratio remained close to 

1.0 throughout the imaging (Figure 20a, n = 4 neurons).  To examine the correlation in 

shape across many synapses, I averaged the EF measured once per min for 20 min and 

compared this to the averaged EF of the receptor cluster (Figure 20b).  The two averaged 

EF values were highly correlated across synapses (r2 = 0.85, n = 4 neurons).  To examine 

this correlation over time, I calculated the CV of EF at single synapses.  The CV of PSD 
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EF was well correlated with the CV of the AMPAR cluster EF (Figure 20c; r2 = 0.48, n=4 

cells) whereas randomized pairings were uncorrelated (r2 = 0.017 and 0.020 for EF and 

the CV of EF, respectively).  Thus, in a population of synapses with widely varying 

shapes and sizes, and during substantial, rapid temporal variation, the shape of the PSD 

predicts the shape of the AMPAR cluster.  A straightforward conclusion from these 

results is that reshaping of the PSD drives global changes in the structure of the receptor 

cluster.  Still, in combination with the measurement of limited intrasynaptic AMPAR 

mobility by FRAP suggests that these morphological dynamics occur even while 

confinement of resident AMPARs within very local PSD subdomains is preserved. 

 

 

Figure 20 Morphology of PSD and AMPARs Tightly Correlated 

(a) EF ratio (the quotient of PSD EF and receptor cluster EF) calculated at single synapses and averaged for 

each neuron (n = 4 neurons). 

(b) EF of PSD and AMPA receptor cluster averaged over time (20 min) for each synapse in a neuron. 

Average EF values were strongly correlated (group mean r2 = 0.85, n = 4 neurons). 

(c) CV of the EF of PSD and AMPA receptor cluster calculated for individual synapses (over 20 min). The 

two measures also strongly correlated on a synapse-by-synapse basis (group mean r2 = 0.48, n = 4 cells). 
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Subsynaptic AMPAR distribution patterns are differentially correlated with 

individual components of the PSD scaffold 

The preceding observations indicate that malleable global morphology of the PSD 

controls the overall shape of the synaptic receptor cluster. I next considered mechanisms 

within single PSDs that might influence receptor positioning at that synapse.  Though 

considerable effort has been put to identifying whether various species of scaffold protein 

are important in formation or plasticity of synapses (Boeckers, 2006; Elias and Nicoll, 

2007; Okabe, 2007), the organization of scaffolds within the PSD has been difficult to 

assess, particularly in living synapses.  Immunological labeling of PSD scaffold proteins 

has revealed a lamination of receptors and PSD components along the axo-dendritic axis 

of the PSD (Dani et al., 2010; Valtschanoff and Weinberg, 2001) but it is the lateral, en 

face array of proteins that is likely to determine receptor position. However, measuring 

the distribution across this dimension of single synapses has been difficult to achieve in 

part because antibody labeling is typically kept far from saturating to maintain 

specificity.  To investigate PSD scaffold organization in live cells, I utilized high-

resolution confocal microscopy on neurons expressing SEP-GluA1,2 paired with 

expression of one of four scaffold proteins tagged with mCherry.  I could then quantify 

the relative subsynaptic distribution between synaptic AMPARs and particular scaffold 

protein types by calculating the pixel-wise fluorescence correlation coefficient, which I 

termed RF.  PSDs are thin and the axo-dendritic displacement of proteins is only 20 to 30 

nm (Valtschanoff and Weinberg, 2001), but they can be >20 times this wide (Harris and 

Stevens, 1989) and so the axo-dendritic offset will contribute little to the overall RF. 

Thus, if scaffold types differ from one another in their distribution with respect to 
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receptors, I would expect their RF values to differ (Figure 21-right). On the other hand, if 

the PSD scaffolds differ from one another only along the axo-dendritic axis, I would 

predict that pair-wise relation of each scaffold type to the receptor will be equal (Figure 

21-left).  

 

 

Figure 21 Schematic Depiction of Axial and Lateral PSD Organization 

Model summarizing the known lamination of PSD proteins in the axo-dendritic axis (left) and two potential 

organizations of scaffold proteins that are in addition heterogeneous across the lateral extent of the synapse 

(right).  

 

Because pixel intensity contains shot noise proportional to the square root of the 

number of collected photons, the correlation between the two channels will inevitably 

depend on signal strength.  Accordingly, I adjusted only the scanning laser power (over a 

~2-fold range) between cells that expressed different amounts of tagged proteins so as to 

maintain consistent image intensity across cells and constructs.  The voltage of the 

photomultiplier detector was held constant to minimize differences in instrumentation 

noise between samples.  For single synapses, the individual pixel intensity values of the 

Axo-dendritic heterogeneity Additional lateral heterogeneity
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GFP and mCherry channels were plotted as in Figure 22, and the RF between the two was 

calculated.  

 

 

To assess the dynamic range of this approach, I first co-expressed two different 

GKAP constructs, one tagged with mCherry and the other with GFP, because I expect 

two differently tagged versions of the same scaffold protein should provide a maximal 

RF.  As expected, the pattern of expression of these constructs essentially completely 

overlapped within the cell and at individual synapses (Figure 23a).  The result of this 

analysis was an RF of 0.91 ± 0.01 (n = 5 neurons) between GKAP-GFP and GKAP-

mCherry, providing the maximum correlation for identically distributed synaptic proteins 

achievable in practice given instrumentation and acquisition noise (Figure 23c).  (Note 

that this is within the image of the PSD not including intersynaptic regions of low 

expression.)  The minimum RF in this assay would likely be between an exclusively PSD-

resident protein and one localized non-specifically at the synapse.  Therefore, I measured 

RF between GKAP-GFP and membrane-mCherry, a marker that diffuses freely over the 

plasma membrane but also enters the synaptic membrane with a distribution presumably 
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unrelated to the distribution of GKAP (Figure 23b).  Between these two proteins, the 

mean RF in the boundaries of the PSD was 0.41 ± 0.03 (Figure 23c; n = 8 neurons). 

 

 

Figure 23 Empirical Determination of Rf Assay Bounds 

(a) Neuron expressing membrane-mCherry and GKAP-GFP. Insets show example spines with PSDs; the 

spines were generally as large as the cropped image, highlighting that membrane-mCherry is found in 

synapses but not targeted there specifically.  Scale bars, 5 µm (top) 1 µm (bottom) applies to all panels.  

(b) Neuron expressing two different GKAP constructs, one tagged with mCherry and the other with GFP. 

For each synapse, RF value shown was calculated as in Figure 22.  

(c) The bounds of RF measurements in this assay were empirically determined (bottom right graph) with 

interleaved measurements of synapses from neurons expressing GKAP-GFP and GKAP-mCherry (upper 

bound) and GKAP-GFP:Membrane-mCherry (lower bound). 
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Given these bounds for the assay, I then measured RF for each of four canonical 

PSD scaffold components with respect to AMPA receptor fluorescence (Figure 24, 

Figure 25).  Three observations were apparent.  First, the correlation of receptor with 

each scaffold was less than the maximum detectable.  PSD-95-mCherry had the highest 

correlation coefficient of the scaffolds tested (0.86 ± 0.012, n = 7 neurons), indicating not 

surprisingly that its subsynaptic distribution was very similar to the AMPARs at the same 

synapses.  However, this was significantly lower than the GKAP to GKAP correlation (p 

< 0.01), potentially because some PSD-95 molecules are bound not to AMPARs but to 

NMDA receptors, neuroligin, or other synapse components.  On the other hand, even the 

lowest correlation coefficient value measured for Homer (0.73 ± 0.02, n = 8 neurons) was 

substantially above the low end of the dynamic range of our assay (p < 0.01), reflecting 

close association of this protein with AMPARs despite linkages to other receptor types 

and other proteins throughout the spine. 

 

Figure 24 Example Synapses for RF Quantification 

(a-d) Pair-wise co-expression of the indicated scaffold components and SEP-GluA1,2.   Individual RF 

values are presented for the examples shown.  Scale bars, 5 µm (top) 1 µm (bottom) applies to all panels. 
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Figure 24 

 

 

Second, the RF values of the different scaffolds were each different from one 

another (Figure 25). The variety and range of correlation coefficients support the idea that 

the different types of scaffolds play distinct roles in positioning AMPARs.  Third, the 

correlation values varied systematically across the set of scaffolds.  The rank order of 
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correlation coefficients (PSD-95 > GKAP > Shank > Homer) was well predicted by both 

the mean physical distance (Dani et al., 2010; Valtschanoff and Weinberg, 2001) and the 

number of expected intermolecular links (Kim and Sheng, 2004) between the scaffold 

and receptor (Figure 25) in spite of the fact that protein distribution within individual 

synapses was quite heterogeneous.   

 

Figure 25 Quantification of RF Values for Each Experimental Condition 

Mean RF for neurons expressing the indicated constructs. (n = 5, 7, 7, 7, 8 neurons in the order shown). 

Statistics: Kruskal-Wallis ANOVA, (p << 0.001) post-hoc pair-wise comparisons by Mann-Whitney U-test, 

** p < 0.05. 

 

 In addition to measuring the steady-state distribution of PSD components with 

respect to synaptic AMPARs, RF measurements could also be applied to assess molecular 

mechanisms that determine the organization of these components.  Nevertheless, the 

0.7

0.8

0.9

1.0

G
K

A
P

-m
C

h

P
S

D
95

-m
C

h

G
K

A
P

-m
C

h

S
ha

nk
3-

m
C

h

H
om

er
1c

-m
C

h

+SEP-GluA1,2

G
K

A
P

-G
FP

R
F

All **



68 
 

 
 

experiments are particularly challenging because it is difficult to identify mutant scaffold 

proteins which lack a particular protein-protein interaction but still accumulate in the 

PSD.  Particular mutant constructs must also preserve the abundance of other scaffold 

proteins and the synaptic AMPARs themselves.  If the synaptic protein contents are 

strongly affected by overexpression of a mutant protein, many experiments become 

impossible either to interpret or to complete at all.  For example, in RF experiments if a 

mutation decreases the protein content in the synapse, it is difficult to assign a change in 

RF to a change in synaptic organization or simply to an insufficient synaptic recruitment 

of mutant protein.  In a related challenge, the understanding of PSD intermolecular 

relationships is so incomplete that sometimes our predictions based on current models are 

incorrect.  For example, a Homer mutant unable to bind Shank unexpectedly disrupts 

Shank localization, whereas a GKAP mutant that cannot bind Shank does not affect 

Shank localization (Usui et al., 2003).  Similarly, mutants can have different 

consequences when overexpressed or used as “replacement” molecules following RNAi 

reduction of the endogenous protein (Sturgill et al., 2009).  Thus, even experiments that 

sound straightforward are in many cases highly unlikely to reveal interpretable results 

because of the incomplete understanding of PSD composition and assembly.   

I did identify one experiment that met the above requirements and allowed me to 

test the role of GKAP binding to Shank in positioning GKAP within the PSD.  An 

expression construct was used which contained a published mutant of GKAP with a point 

mutation (L694A) within the PDZ-binding domain that renders it unable to bind Shank 

(Naisbitt et al., 1999b).  When tagged with mCherry, this construct accumulated normally 

at synapses.  I then directly compared this construct to the original GKAP-mCherry 
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construct which lacks the mutation and has PDZ binding intact.  There was no difference 

in RF comparing this construct to interleaved wildtype controls (Figure 26).  Thus, it may 

be the case that the GKAP-Shank interaction is sufficiently “distant” from the receptors 

that disrupting it ends up causing little disruption to the relative organization between 

AMPARs and GKAP.  Alternatively, the result may indicate that if the protein retains 

sufficient targeting information to get to the synapse, this information is sufficient to 

position it normally with respect to AMPARs.  A molecular replacement strategy may be 

the method of choice to analyze the molecular mechanisms of the characteristics that I 

have revealed as it is difficult to rule out additional confounding effects from endogenous 

GKAP present in the synapse even with GKAPL694A overexpression. 

 

Figure 26 GKAP Point Mutation that Prevents Shank Binding Does Not Alter 
GKAP Positioning Within the Synapse 

GKAP with its terminal leucine mutated to alanine (L694A) cannot bind Shank (Naisbitt et al., 1999b), and 

this construct was tagged with mCherry and expressed with SEP-GluA1. N=100 PSDs/5 neurons for 

GKAP:GKAP and 69/3 for GKAP L694A:GluA1 measured in interleaved experiments.  
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 In summary, it is clear that a hierarchy exists among PSD scaffold proteins with 

respect to the organization of synaptic AMPARs.  The specific protein-protein 

interactions and molecular mechanisms that mediate this relative organization remain 

largely undetermined but will benefit greatly from future advances that may allow 

targeting of specific molecular interactions, acutely, within the PSD. 

 

Role of the GluA1 PDZ Ligand 

Subsynaptic positioning and restricted movement of AMPARs could be mediated 

by interactions of the receptor C-terminus with intracellular partners.  Deletion of the C-

terminus of GluA2 does not affect its mobility in the synapse as measured by antibody 

tracking (Bats et al., 2007).  GluA1 contains a PDZ domain-binding ligand capable of 

binding SAP97 (Leonard et al., 1998; Shepherd and Huganir, 2007).  Although deletion 

of this ligand does not affect basal transmission or induction of plasticity (Hayashi et al., 

2000; Kim et al., 2005), the role of this interaction in stability of synaptic receptors is not 

known.  To determine this, I applied the two experimental approaches outlined above, 

this time specifically testing the role of the GluA1 PDZ ligand (SEP-GluA1 1-880).  

Truncated receptors trafficked to the surface and accumulated at synapses in a manner 

indistinguishable from the full-length receptor (Figure 27a,b) as previously reported (Lin 

et al., 2009).  RF values (measured with respect to GKAP-mCherry) for synapses 

expressing SEP-GluA1 1-880 were not different from those measured for full-length 

SEP-GluA1 (SEP-GluA1 1-880 RF = 0.78 ± 0.01, SEP-GluA1 RF = 0.77 ± 0.01 p = 0.80; 

Figure 27c). This suggests that deletion of the PDZ ligand was not sufficient to alter 

AMPAR distribution within synapses.  Next I tested whether this deletion was sufficient 
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to alter AMPAR mobility.  Full synapse photobleaching revealed no difference in 

recovery between full-length and truncated receptors (41.4 ± 5.6% SEP-GluA1, n = 9 

synapses in 5 neurons, 37.7 ± 3.0% SEP-GluA1 1-880, n = 31 synapses in 10 neurons p > 

0.9 at 600 s; Figure 27d). Comparing recovery after full or partial synapse 

photobleaching, I did not detect additional intrasynaptic mobility for SEP-GluA1 1-880 

(33.7 ± 8.6% for partial, n = 8 synapses in 5 neurons; p = 0.54 compared to full at 600 s; 

Figure 27e). Thus, these data support the conclusion that the direct association between 

GluA1 and SAP-97 is dispensable for the strong immobilization within the PSD matrix. 

 

Figure 27 GluA1 PDZ Ligand is Not Required for AMAPR Positioning or Limited 

Intrasynaptic Mobility 

(a-b) Dendrite regions from neurons expressing either full-length SEP-GluA1 (a) or SEP-GluA1 1-880, 

lacking the PDZ ligand, (a) and PSD-95-mCherry. Scale bar, 10 µm. 

(c) Mean RF for neurons expressing the indicated constructs. (n = 4, 9, 12, 6 neurons in the order shown). 

Statistics: Kruskal-Wallis ANOVA, (p << 0.001) post-hoc pair-wise comparisons by Mann-Whitney U-test, 

* p < 0.05. 

(d-e) SEP-GluA1 fluorescence recovery after either full or partial synapse photobleaching. Experiments 

were interleaved in neurons co-expressing either SEP-GluA1 or SEP-GluA1 1-880. n = 9 to 31 synapses 

from 5 to 10 neurons. 
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Figure 27 

 

  

As discussed in the introduction, though the C-terminus of AMPAR subunits were 

identified as important mediators of differential AMPAR surface trafficking, many of the 

identified mechanisms regulating synaptic AMPAR content do not involve interactions 

via the AMPAR C-termini.  Instead AMPAR synaptic content and lateral mobility are 

importantly regulated by AMPAR auxillary subunits, particularly Stargazin.  Thus, I 

initially sought to test whether the interaction of Stargazin with PSD-95 was necessary 

for the strongly limited intrasynaptic exchange that I have observed.  Generating a PSD-

95 that does not bind Stargazin would potentially require a combination of the H130V 

and H225V mutants (Schnell et al., 2002) in addition to the analogous mutation in the 3rd 

PDZ domain H372V.  Though this mutant has not been published, a priori there is good 

reason to expect this mutant PSD-95, like many published PSD-95 PDZ manipulations, 
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would disrupt synapse function and receptor accumulation.  In any case, the interpretation 

would be difficult due to the numerous other proteins that bind to these critical domains 

(Sheng and Hoogenraad, 2007).  As an alternative, I attempted overexpression of the 

reciprocal construct, a truncated Stargazin construct that is not capable of binding PSD-

95, that has been successfully utilized in previously published reports including its 

reported ability to increase diffusion coefficient of AMPARs at synapses (Bats et al., 

2007).  However, expression of this construct led to a large effect on synaptic receptor 

content (Figure 28) which prevented us from effectively applying either the RF or partial 

bleaching tests.  In addition, I observed that expression of full length Stargazin appeared 

to increase spine density, whereas StargazinΔC appeared to decrease spine density under 

control levels.  Each of these effects would potentially further complicate interpretation 

of the effect of the C-terminal deletion on synaptic receptor dynamics.  These effects may 

relate to published reports that this truncated protein decreases evoked and spontaneous 

EPSC amplitude (Bats et al., 2007; Schnell et al., 2002). 

 

Figure 28 Deletion of the Stargazin C-terminus Prevents Synaptic AMPAR 
Enrichment 

StargazinΔC-mCherry (Schnell et al., 2002) strongly disrupts SEP-GluA1 expression pattern. Note that the 

extremely high level of extrasynaptic receptors and if anything a diminishment of receptor clustering within 

spines precludes a confident analysis of synaptic receptors. Similar results were seen in 8 neurons for each 

condition. PSD-95-Cer is PSD-95 tagged with the photostable CFP variant Cerulean 3 (Markwardt et al., 

2011). Stargazin-GFP was obtained from David Bredt. The protein was subcloned to mCherry-C1, and the 

C-terminal deletion was accomplished by PCR. 
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Figure 28 

 

 

Actin-dependent restructuring of the synaptic receptor cluster and internal protein 

organization 

Rearrangement of the actin cytoskeleton is required for many forms of synaptic 

structural and functional plasticity (Blanpied et al., 2008; Kim and Lisman, 1999; 

Krucker et al., 2000; Zhou et al., 2004).  I thus hypothesized that the ongoing plasticity of 

synapse organization I observed would be actin-dependent.  First, I asked whether 

constitutive reshaping of the synaptic AMPAR cluster required ongoing actin turnover.  

Following a 20 min baseline, 5 µM jasplakinolide was added to stabilize existing actin 

filaments, and this treatment rapidly stopped ongoing morphology changes of the 

synaptic AMPAR cluster (Figure 29a).  Indeed, CV of EF was strongly reduced 

following jasplakinolide application to levels seen in fixed cells (dashed line) (Figure 

29c).  I calculated this by first measuring the CV of EF in 10 min running bins across the 

experiment.  Strikingly, application of 10 µM latrunculin A to depolymerize filaments 

resulted in similar, rapid stabilization of receptor cluster dynamics (Figure 29b,d).  I also 

Stargazin-mCh SEP-GluA1 PSD-95-Cer

StargazinΔC-mCh SEP-GluA1 PSD-95-Cer
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subtracted the fixed cell CV of EF values from the CV of EF values from the 

experimental data and calculated the percentage decrease between baseline and final CV 

of EF values.  This analysis confirmed that DMSO vehicle had no effect and that each of 

the pharmacological manipulations of the actin cytoskeleton resulted in a complete loss 

of receptor cluster reshaping (Figure 29e).   

These measurements clearly demonstrated that CV of EF was reduced following 

either the stabilization or depolymerization of actin filaments.  However, this analysis has 

poor time resolution because it requires 10 time points per analysis and will spread even 

the most rapid effects over multiple time points.  To avoid this artifact of binning, I re-

analyzed these data by simply subtracting the immediately preceding value from each 

current value across the duration of the experiment (Figure 30).  This running subtraction 

produces a much noisier result because the measurement itself is less robust.  Still the 

results confirm (and even strengthen) the conclusion that latrunculin and jasplakinolide 

quickly suppress synapse morphing, within 1-2 min.  Treatment with either jasplakinolide 

or latrunculin significantly decreased the running EF difference with DMSO having no 

effect (Jasp, p = 0.012, Lat, p = 0.0028, DMSO, p = 0.27).  This time course is probably 

explained by the ~1 min time scale of actin filament turnover during treadmilling in 

spines (Frost et al., 2010; Honkura et al., 2008).  Thus, ongoing remodeling of the actin 

cytoskeleton drives continual changes in the shape of the synaptic receptor cluster.  
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Figure 29 Actin Drives AMPAR Cluster Morphological Dynamics 

(a) Confocal images of an AMPA receptor cluster (SEP-GluA1,2) over time. Arrow indicates application 

of 5 µM jasplakinolide. Scale bar, 1 µm.  

(b) Confocal images of an AMPA receptor cluster (SEP-GluA1,2) over time. Arrow indicates application 

of 20 µM latrunculin. Scale bar, 1 µm.  

(c) CV of AMPA receptor cluster EF analyzed in 10 min running bins. Jasplakinolide was added and 

remained in the bath as indicated by the thick black bar. The thin dashed bar indicates points prior to the 

time of drug application that are affected because the binned analysis includes some time points from after 

the application. Thin dashed line indicates CV of EF measured in fixed cells. n = 6 neurons. 

(d) CV of AMPA receptor cluster EF analyzed in 10 min running bins. Latrunculin was added and 

remained in the bath as indicated by the bar. Bars as in (c). n = 8 neurons 

(e) Percent decrease in CV of EF between 5 to 15 min and 25 to 35 min bins. 
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Figure 30 Running Subtraction of EF Data Confirms the Effects of Actin 
Manipulations 

(a) For each time point after the first, the EF of the previous time point was subtracted; each PSD was 

normalized to its 20-min baseline.  These difference values were normalized for each neuron and averaged.  

DMSO vehicle treatment does not significantly decrease the normalized running difference value across the 

experiment.  p = 0.27, comparing the last 10 points of the baseline to final 10 points post-treatment, Mann-

Whitney U-test.   

(b) Though large noise intrinsic to the running difference analysis precludes much detailed analysis, the 

drop within ~2 min after drug but not vehicle application is clear and statistically significant.  Jasp, p = 

0.012, Lat, p = 0.0028, Mann-Whitney U-test. 

 

This strong, actin-dependent synapse reshaping seemed likely to drive 

reorganization of proteins within the PSD.  On the other hand, the density of the PSD and 

the limited mobility of receptors within it suggests that PSD internal organization might 

be time-invariant.  Little is known about internal organization of live synapses, so to 

resolve this issue, I probed whether the spatial scaffold-receptor correlation is maintained 

over time.  For these experiments, I chose GKAP because of its mid-range RF value.  At 

individual synapses, the spatial correlation between GKAP-mCherry and SEP-GluA1,2 

varied substantially over time (Figure 31a).  Synapses from neurons co-expressing 
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GKAP-mCherry + GKAP-GFP showed much smaller changes in RF over time (Figure 

31a), as did GKAP-mCherry + SEP-GluA1,2 synapses from fixed cells.  

To test the role of actin remodeling in controlling intrasynaptic reorganization, I 

measured RF after treatment with jasplakinolide or latrunculin.  Disrupting actin 

remodeling reduced variation of RF over time (Figure 31a).  I quantified the magnitude of 

variation by measuring the standard deviation (SD) of six RF measurements spaced at 2-

min intervals.  Treatment with either latrunculin or jasplakinolide promoted a leftward 

shift in the cumulative distribution of this measure (Figure 31b, latrunculin p = 0.023, 

jasplakinolide p < 0.001).  In contrast, randomizing the RF values in sets of 6, then 

measuring the SD, resulted in a rightward shift of the curve, indicating that chance would 

in fact drive these values higher (Figure 31c, p < 0.001).  Synapses from neurons co-

expressing GKAP-mCherry + GKAP-GFP also had a left-shifted distribution, offering 

further evidence that intrasynaptic organization varied less in the absence of actin 

remodeling.  Analysis of the mean SD of RF confirmed these observations (Figure 31d).  

Application of latrunculin or jasplakinolide reduced the SD of RF between GKAP-

mCherry and SEP-GluA1,2 (latrunculin p = 0.024, jasplakinolide p = 0.0067).  

Importantly, momentary changes in RF were not due to imprecision in fluorescence 

intensity measurements, because the SD but not the mean of RF was significantly lower 

when fixed cells were repeatedly measured under identical conditions (Figure 31d,e; p = 

0.0029 for SD of RF control compared to fixed).   In addition, the larger SD of GKAP-

mCherry + SEP-GluA1,2 in live cells was not due to a higher mean RF, because 

measured RF values for GKAP-mCherry + GKAP-GFP were also consistently greater 

than those measured for GKAP-mCherry + SEP-GluA1,2 (Figure 31e).  Thus, the 
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subsynaptic distribution of core PSD scaffold proteins and AMPA receptors is actively 

regulated by the spine actin cytoskeleton.  

 

Figure 31 Actin Drives Constitutive Dynamics of Intrasynaptic Organization 

(a) RF values at single synapses expressing GKAP-mCherry + GKAP-GFP (triangle), GKAP-mCherry + 

SEP-GluA1,2 (square), or GKAP-mCherry + SEP-GluA1,2 after application of jasplakinolide (circle).  

(b-c) Cumulative frequency plots of SD of RF calculated over 10 min at synapses treated as indicated. For 

jasp (5 µM) and lat (20 µM) groups, pretreatment was used so that their effects were complete before t = 0. 

GKAP-mCherry:SEP-GluA1,2: control n (synapses/neurons) = 137/19; jasp n = 73/9, lat n = 41/10, GKAP-

mCherry:GKAP-GFP n = 98/7. For (b) p < 0.05 for lat treated (dot) vs. control (solid) and p < 0.01 for jasp 

treated (dash) vs. control; for (c) p < 0.001 randomized vs. experimental data, Kolmogorov-Smirnov test. 

(d-e) SD (d) or mean (e) RF for the groups in G and H. Kruskal-Wallis ANOVA, (p << 0.001) post-hoc 

pair-wise comparisons by Mann-Whitney U-test * p < 0.05, n.s. p >> 0.05. 
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Synaptic AMPA retention and subsynaptic confinement are primarily actin-

independent 

Depolymerization of the actin cytoskeleton has been previously reported to cause 

a decrease in synaptic AMPAR content over 10s of min to 10s of hours (Allison et al., 

1998; Kim and Lisman, 1999; Zhou et al., 2001) leading to the notion that the actin 

cytoskeleton “anchors” synaptic AMPARs (Cingolani and Goda, 2008; Halpain, 2000).  

To test whether the actin-based mechanism responsible for AMPAR cluster dynamics 

was distinct from receptor maintenance, I developed an approach to measure the rate of 

F-actin filament depolymerization within individual spines while simultaneously 

measuring AMPAR content within the receptor clusters of those spines.  To directly 

measure the rate of actin depolymerization by latrunculin I utilized the low-affinity actin 

probe Lifeact (Riedl et al., 2008) tagged with red fluorescent protein Ruby.  I first 

confirmed that Lifeact expressed in cultured hippocampal neurons would specifically 

label spine F-actin under these experimental conditions and reliably report the loss of 

actin filaments following latrunculin application.  I did this by treating cultures 

expressing SEP-GluA1 and Lifeact-Ruby with 20 µM latrunculin and then fixing the 

neurons at different time points following treatment followed by staining of F-actin with 

Alexa-647-phalloidin, a well established and specific stain for actin filaments in neurons 

and many other cell types.  Alexa-647-phalloidin staining completely overlapped with 

Lifeact-Ruby expression pattern (arrows) in baseline images (neurons treated with 0.1% 

DMSO) though phalloidin also stained actin filaments in all of the other untransfected 

cells surrounding the transfected neuron (Figure 32a).  Quantification of Lifeact-Ruby 

and Alexa-647-phalloidin fluorescence in regions surrounding synapses decreases in a 
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parallel and time-dependent fashion following latrunculin application (Figure 32b) with 

filaments being substantially depolymerized within the first min following treatment and 

the effect being complete with the initial 5 min.  In some cases phalloidin staining did 

reveal collections of F-actin that persisted after latrunculin application (arrowheads) but 

these regions were not in spines.  Furthermore, the fluorescence intensity of Lifeact-Ruby 

and Alexa-647-phalloidin staining were strongly correlated across all of the experimental 

conditions.  Taken together, these data indicate that Lifeact-Ruby reliably reports the 

location and concentration of actin filaments within spines.  If anything, Lifeact-Ruby 

underestimates the efficacy of latrunculin because even when all actin filaments in the 

neuron are depolymerized, Lifeact will reach diffusional equilibrium within the cytosol 

and a small amount of Lifeact will persist in all cellular compartments even in the 

absence of F-actin.  Nevertheless, Lifeact-Ruby provides a powerful approach to measure 

the time-course of actin filament depolymerization in living spines which can be 

combined with measurements of the abundance of other synaptic proteins. 

 

Figure 32 Phalloidin Staining Confirms the Efficacy of the Lifeact Probe 

(a) Coverslips were fixed, permeabilized, and stained with phalloidin-Alexa647.  Because phalloidin signal 

nearly disappeared after latrunculin application, the example images are shown with enhanced contrast. 

Arrows indicate spine-like receptor accumulations.  Arrowhead indicates that after latrunculin, the few 

remaining phalloidin puncta are not associated with receptors or spines.  

(b) Fluorescence intensity of Lifeact and Phalloidin in spines identified based on receptor fluorescence and 

cell morphology. Phalloidin decreases nearly to background levels.  

(c) Relationship between phalloidin and Lifeact intensity at different times.  Dashed line is the best linear 

fit to the four points, showing an extremely high correlation.  
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Figure 32 

 

Using this approach, I first measured loss of AMPARs from the synapse over 10 

min following latrunculin application.  In contrast to the rapid elimination of 

morphological dynamics during this time, SEP-GluA1,2 intensity showed only a very 

modest decrease (Figure 33a,b,d; 7.2 ± 1.3%), suggesting that receptor retention on this 

time scale was primarily actin-independent.  The co-expressed LifeAct-Ruby, confirmed 

that latrunculin application quickly resulted in the overwhelming loss of spine actin 

filaments (Figure 33a,b,d) while DMSO treatment had no effect (Figure 33c).  
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Measurements of Lifeact fluorescence intensity within the dendrite increase following 

latrunculin application (Figure 33a,b,d).  This occurs because Lifeact initially 

concentrated within dendritic spines redistributes to the large volume within the dendritic 

shaft after spine actin filaments are depolymerized and unavailable for Lifeact binding.  

This increase is large because the dendritic shaft is largely devoid of polymerized actin 

with its cytoskeleton instead being primarily composed of microtubules.  Thus, at 

baseline conditions the overwhelming majority of Lifeact-Ruby is recruited into spines 

and very little is free to diffuse within the dendritic cytosol.  In summary, these data 

strongly suggest that receptor retention on this acute time scale was primarily actin-

independent.   

 

Figure 33 Synaptic AMPAR Retention is Actin-Independent 

(a) Region from a neuron expressing SEP-GluA1 and SEP-GluA2 along with the probe Lifeact-Ruby that 

binds F-actin. Latrunculin (20 µM) was applied just before the image stack was acquired for t=0. Scale bar, 

5 µm.  

(b) Spine marked in (a) by arrow head imaged at the indicated times. Scale bar, 1 µm. 

(c-d) Normalized fluorescence intensity over time for a group of experiments performed with the indicated 

treatments of either 0.1% DMSO (c) or 20 µM latrunculin (d). Red traces are Lifeact-Ruby fluorescence 

measured in spines (circles) or dendrites (triangles). Green traces are SEP-GluA1 fluorescence measured in 

spines (circles) or dendrites (triangles).  n = 8 lat, 6 DMSO. 
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Figure 33 

 

 

In contrast, it has been reported that a subset of scaffold molecules are lost from 

the PSD following latrunculin application (Kuriu et al., 2006), and so I examined the 

effect of latrunculin on synaptic scaffold under these experimental conditions.  In neurons 

cultured 14 to 17 days, I found that latrunculin lead to loss of less than 10% of mCherry-

tagged PSD-95, GKAP, or Homer1c (Figure 34a).  Nevertheless, in neurons cultured only 

7-10 days, latrunculin application prompted loss of Homer 1c, GKAP, and Shank, with 

no effect on PSD-95 (Figure 34b), suggesting that the developmental regulation of 

synapse stability (Zhang and Benson, 2001b) is reflected in enhanced actin-resistance of 

the scaffold matrix.  In these same neurons, I co-expressed SEP-GluA1,2 so that I could 

simultaneously measure synaptic receptor content following latrunculin application.  As 

found in Figure 33, latrunculin led to very slow and minimal loss of synaptic AMPARs.  
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These data suggest that a core set of PSD scaffold proteins is sufficient to retain synaptic 

AMPARs for at least minutes even in the absence of the spine actin cytoskeleton and that 

this the core PSD structure is particularly pronounced at culture ages that most closely 

replicate the mature brain.  

 

Figure 34 Actin Stabilizes Some PSD Scaffolds Early in Development 

(a-b) Normalized intensity for mCherry-tagged PSD scaffold proteins or Lifeact-Ruby with 20 µM lat 

treatment as indicated. Neurons were grown for either 14-17 days in vitro (DIV; left) or 7-10 DIV (right) 

before imaging. n = 6 neurons for PSD-95, 6 GKAP, 4 Homer, 3 Lifeact (DIV 14-17), and n = 5 PSD-95, 6 

GKAP, 7 Shank, 5 Homer, 3 Lifeact (DIV 7-10).  For DIV 7-10, p values Mann-Whitney U test (baseline 

vs. average of values flanking 10 min): 0.83 PSD-95, 0.03 GKAP, 0.007 Shank, and 0.012 Homer.  

(c-d) Normalized intensity measurements for SEP-GluA1,2 which was co-transfected along with the 

indicated constructs in (a-b).  Color code matches previous panels. 
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The minimal loss of receptors and the apparently complex role for actin in 

differential regulation of PSD scaffold components do not support a simple anchoring 

role for actin.  To test whether actin regulated either total synaptic turnover or positional 

stability within the synapse, I again utilized a subsynaptic receptor photobleaching 

approach, now along with simultaneous photoactivation of PSD-95- PATagRFP to detect 

potential actin-dependent alteration of scaffold mobility (Figure 35, Figure 36).  I 

interleaved control experiments utilizing simultaneous photoactivation/photobleaching 

with identical experiments where neurons were pre-treated with 20 µM latrunculin for at 

least 5 min prior to imaging.  There was some variability in the duration of latrunculin 

pre-treatment because each experiment takes a slightly different amount of time to set up 

prior to image acquisition.  In all cases, pre-treatment lasted at least 5 min because this 

was the experimentally determined amount of time required for full depolymerization of 

spine actin filaments (Figure 32, Figure 33). 

 

Figure 35 Experimental Design for Simultaneous Measurement of AMPAR and 
PSD-95 Intrasynaptic Mobility 

Individual synapses were targeted for simultaneous photobleaching of SEP-AMPARs and photoactivation 

of PATagRFP-PSD-95 with a brief 405-nm laser pulse to the regions indicated with blue boxes. At 

subsequent time points AMPAR fluorescence recovery and PSD-95 fluorescence loss were measured in the 

same regions. Intrasynaptic mobility is equal to the increase in the rate of fluorescence recovery (for SEP-

AMPARs) or loss of fluorescence (PATagRFP-PSD-95) in partially targeted synapses compared to full 

synapse targeting. Control experiments were interleaved with experiments where F-actin was 

depolymerized to test whether the actin cytoskeleton regulates these protein mobility rates. 
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Figure 35 

 

 

Synaptic photobleaching combined with photoactivation allowed clear and 

specific visualization of targeted and untargeted portions of the synapse (Figure 36) to 

measure mobility.  Depolymerization of actin filaments with latrunculin treatment did not 

affect the overall rate of synaptic receptor turnover (Figure 36, Figure 37a,b).  

Interestingly, in the presence of latrunculin, there was a trend towards an increase in 

intrasynaptic receptor mobility from undetectable to a few percent.  Nevertheless, the 

large majority of receptors remained within the initial domain of the synapse even after 

10 min (Figure 37b).  Thus, actin filaments are not acutely necessary for confinement of 

receptors in synapse subdomains.  An alternative explanation for the continued 

stabilization of receptors is that PSD-intrinsic mechanisms prevent receptor mobility and 

remain essentially intact after application of latrunculin.  However, a subset of molecules 

can be lost quickly from the PSD following latrunculin application (Figure 34; (Kuriu et 

al., 2006)), suggesting that the integrity of the PSD may be compromised under these 

conditions.  Even though PSD-95 content is not decreased following latrunculin 

application, the loss of the actin cytoskeleton or the other PSD scaffold components may 
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lead to an increase in intrasynaptic mobility.  To assay the influence of the cytoskeleton 

on PSD-95 dynamics in the PSD, I measured PSD-95 mobility following subsynaptic 

photoactivation.  This mobility was nearly undetectable under control conditions, because 

the extent of recovery in subsynaptically and fully activated synapses was the same 

(Figure 37c, gray bars).  Following latrunculin, the overall rate of PSD-95 dissociation 

significantly increased (Figure 37c; “Full” p = 0.0069, compare left gray and left red 

bars), but loss out of activated subregions still matched that in fully activated synapses 

(Figure 37c; p = 0.84, compare red bars) indicating that PSD-95 remained immobile 

within the synapse.  Thus, PSD scaffold and subsynaptic AMPAR confinement are 

primarily intact even after depletion of spine actin filaments by latrunculin.   

 

Figure 36 Examples of Synapses for Simultaneous Measurement of AMPAR and 

PSD-95 Intrasynaptic Mobility 

(a-b) Synapses from neurons expressing SEP-GluA1 and PSD-95-PATagRFP. After acquiring baseline 

images, a brief 405 nm laser pulse was applied to the full synapse to simultaneously bleach SEP-GluA1 

fluorescence and activate PSD-95-PATagRFP fluorescence.  A final bleach/activation step was applied to 

the full synapse after t = 600s (large bracket).  In (b) and (d), neurons were treated with latrunculin (20 

µM) for at least 5 min before and during imaging.  Scale bar, 500 nm, applies to (a)-(d). 

(c-d) Synapses from experiments conducted as in (a) and (b), except that only a portion of the synapse was 

targeted (brackets).  
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Figure 36 

 

 

Interestingly, these cultures were at the same developmental stage as cultures that 

showed very minimal loss of PSD scaffold components following latrunculin application.  

Furthermore, this experiment demonstrates that even in synapses where scaffold content 

is minimally changed following F-actin depolymerization, actin loss can increase the 

exchange rate of of the highly stable scaffold protein PSD-95 between the cytosolic and 

synaptic pool.  This increased exchange occurs even in the absence of increased mobility 

within the synapse.  Together these results indicate that while actin may play a minor role 

in the maintenance of limited intrasynaptic mobility for AMPARs and PSD-95, it appears 

to constitutively limit the exchange of PSD-95 in and out of the synapse. 
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Figure 37 Effects of Actin Depolymerization on AMPAR and PSD-95 Mobility 

(a) Quantification of normalized SEP-GluA1 (green) and PSD-95-PATagRFP (red) fluorescence over time, 

for synapses targeted for full photoactivation/photobleaching.  Control (solid line, n = 27) or latrunculin 

treated (dashed line, n = 21). 

(b) SEP-GluA1 fluorescence recovery measured at the indicated time points for either full or partial 

synapse photobleaching. Gray bars are from untreated neurons and green bars from latrunculin treated.  

Number of synapses/neurons: Full photobleaching: control 27/11, latrunculin 21/8, Partial photobleaching: 

control n = 10/6, latrunculin 12/6.  * p < 0.05, n.s. not significant. 

(c) PSD-95-PATagRFP fluorescence loss 600 sec after photoactivation in either full or partial synapse 

targeting. Same synapses as in (b).  Gray bars are from untreated neurons and red bars from latrunculin-

treated.  * p < 0.05, n.s. not significant. 

 

Activity-Dependent Regulation of Synapse Structure and AMPAR Mobility 

 As discussed earlier in the Introduction, measures of PSD size and complexity 

positively correlate with the number of synaptic AMPARs as well as presynaptic 

measures of synapse strength.  These measurements at the structural level have required 

the study of fixed tissue.  I instead addressed this question in living synapses with the 
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measurements of synapse dynamics that I have developed.  First, I tested whether the 

magnitude of AMPAR cluster morphological dynamics correlated with a direct measure 

of AMPAR content, the integrated intensity of synaptic SEP-GluA1 (Figure 38a-c).  To 

have complete confidence that SEP intensity measurements could be directly compared 

among synapses, I only performed these correlation tests for a single cell.  For each cell I 

tested for a correlation between the magnitude of receptor cluster reshaping (measured as 

the CV of EF) and the integrated SEP-GluA1 fluorescence intensity.  Individual synapses 

showed either a weak correlation between these two measures (Figure 38a) or no 

correlation at all (Figure 38b).  I performed these experiments for neurons either 

expressing PSD-95 or GKAP and found very few significant correlations within these 

neurons (Figure 38c).  Alternatively, I compared synapse size itself (area) to CV of EF 

for synapses measured under the experimental conditions used elsewhere (Figure 38d).  

Using this analysis I found that synapse size does weakly correlate with CV of EF.  One 

additional consideration is that the limitations confocal microscopy (with resolution limit 

> 250 nm) may lead directly to this correlation as shape changes will always be more 

readily detected in larger, better resolved synapses.  Still, these data support that synapses 

with a range of biologically relevant sizes do exhibit significant morphological dynamics.  

Finally, I further verified that the overexpression of PSD scaffold proteins did not affect 

this result by comparing receptor cluster morphology dynamics of neurons imaged under 

the same conditions but expressing either Membrane-mCherry or GKAP-mCherry.  

GKAP expression did not affect the CV of EF (Membrane-mCherry coexpression CV of 

EF = 0.086 ± 0.01, GKAP-mCherry coexpression CV of EF = 0.090 ± 0.008 p = 0.67).  

In sum these data indicate that synapse strength is not a strong predictor of the magnitude 
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of synapse morphological dynamics.  Viewed conversely, some level of constitutive 

synapse morphological dynamics is a nearly universal property exhibited by most 

synapses studied regardless of their apparent strength.  

 

Figure 38 Measures of Synapse Strength Do Not Strongly Predict Magnitude of 
Synapse Dynamics 

 (a-c) CV of receptor cluster EF and integrated SEP intensity for each analyzable synapse within a field of 

view. This was repeated for 5 neurons coexpressing PSD-95 and 7 neurons coexpressing GKAP (c). 

(d) Synapse area measured for the indicated number of neurons and synapses indicated.  In these 

experiments the correlation was tested for CV of EF versus synapse size.  This allowed direct comparison 

of synapses across experiments and with or without additional 1.6X magnification. 
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Though synapse morphological dynamics seem only weakly related to synapse 

strength, it remains possible that the current activity state of a synapse regulates synapse 

morphological dynamics.  Changing PSD structure could reflect progress towards a 

particular synaptic state such as potentiated or depressed.  To assess this possibility, the 

average EF of PSDs was measured across whole neurons.  Despite large fluctuations of 

the morphology of individual PSDs, the population of PSDs showed a stable average 

elliptical form (Figure 39a).  Thus, individual PSDs at established synapses are 

structurally dynamic, and this is not a directed or maturational evolution related to 

synapse growth or loss. Rather, ongoing changes in PSD shape are an intrinsic feature of 

otherwise stable synapses. 

Individual PSDs appeared to enter periods of relatively high dynamic behavior.  To 

examine whether this mode of behavior accounted for most PSD morphological change, 

an approach was first developed to delineate the periods when the rate of morphological 

change was high (Mode 1) or low (Mode 0) as defined by periods where the absolute 

value of the instantaneous rate of change of the EF over time was either greater or less 

than the standard deviation (Mode 1, ׀dEF/dt׀ ≥ σ; Mode 0, ׀dEF/dt׀ < σ; Figure 39b).  

Using this metric, 87 ± 3% of PSDs entered Mode 1 at least once within 25 to 60 min 

recordings, and the average duration of occupancy in Mode 1 was 3.4 ± 0.2 min.  Though 

individual PSDs entered and exited this mode periodically, the overall number of PSDs in 

Mode 1 (27 ± 2%) remained stable for long periods (Figure 39c).  Notably, 57 ± 4% of 

the total change in elliptical form occurred during Mode 1, despite accounting for only 

27% of the total time examined.  This approach combined with measurements of average 

EF and CV of EF then provided a powerful set of tools to test what aspects of PSD 
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morphological dynamics are regulated during manipulations of synaptic activity 

experienced by synapses under study. 

 

Figure 39 Morphological Dynamics of Individual PSDs 

(a) Elliptical form (EF) over time for 20 PSDs from one neuron.  Thin colored lines plot the elliptical form 

of individual PSDs, and the thick line shows the mean of all PSDs measured.  Note that individual PSD 

dynamics are highly varied, while average elliptical form is constant. 

(b) Modes of PSD morphological dynamics defined by the rate of change in EF.  Gray region indicates ±1 

standard deviation of dEF/dt for PSDs in 10 control neurons. 

(c) Continuous entry to dynamic Mode 1 by changing sets of 24 PSDs of a single neuron.  Although 

individual PSDs switch between Mode 1 and Mode 0 as in (E), the fraction in Mode 1 remains nearly 

constant. 

To test whether changes in synaptic activity influence PSD structural dynamics, I 

first reduced global activity by chronically blocking action potentials with TTX.  This 

treatment did not affect the CV of EF (Figure 40a), indicating that ongoing network 

activity was not required for maintenance of basal rates of constitutive synapse 

morphological dynamics.  Next, I restored activity in chronically treated cultures with an 

acute switch to an activity-promoting solution containing GABA-A receptor antagonist 

a b c
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bicuculline and the potassium channel blocker 4-aminopyridine. This treatment did not 

change the average elliptical form (Figure 40b) but prompted a pronounced and transient 

increase in the degree of morphological change (Figure 41a,c) as indicated by the CV of 

EF. This transient increase was prevented by including ionotropic glutamate receptor 

antagonists DNQX and APV in the activity-promoting solution (Figure 41b), suggesting 

that this response is driven by synaptic activity. The combination of activity-promoting 

agents plus glutamate receptor antagonists also did not affect average PSD EF (Figure 

40c). Next, I examined whether the switch from chronic TTX to activity-promoting 

solution promoted entry of PSDs into Mode 1. While both groups initially showed equal 

Mode 1 occupancy (ratio≈1), neurons treated with the activity -promoting solution 

showed a spike in the fraction of PSDs occupying the dynamic Mode 1 compared to 

controls treated with activity-promoting solution plus receptor antagonists (Figure 41d). 

These experiments suggest that PSD morphological dynamics are regulated by synaptic 

activity, particularly during accommodation to changes in network activity with an 

activity increase prompting a transient increase in morphological dynamics.   

 

Figure 40 Activity Level Does Not Regulate Basal PSD Dynamics or Shape 

PSD reshaping (a)  is unaffected by TTX (1µM, 4 days). CV of EF over 20 min (n = 5 control, 12 TTX). 

Average EF of PSDs (b-c) from 4 day TTX treated neurons switched during imaging to solution with 50 

µM bicuculline (Bic) and 25 µM 4-aminopyridine (4-AP), with or without glutamate receptor antagonists. 

a b c
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Figure 41 Acute Changes in Activity Level Regulate PSD Morphological Dynamics 

(a-b) CV of EF measured in 10 min running bins.  Neurons were incubated with 1 µM TTX for four days 

prior to experiments and perfused with 1 µM TTX for 20 min (black bar).  (a) Red bar indicates switch to 

solution containing 50 µM bicuculline (Bic) and 25 µM 4-aminopyridine (4-AP) (n = 5).  (b) Red and blue 

bars indicate change to control solution containing 50 µM , 25 µM 4-AP, 50 µM D-APV and 25 µM 

DNQX (N = 7). 

(c) Same experiments as (a-b).  CV of EF measured just before solution change and at the peak of the 

response to increased activity (normalized to Before).  Individual neurons are plotted as connected points 

and group averages are displayed on the right (p< 0.015, Mann-Whitney U test). 

(d) Response of PSDs to changes in activity involves an increase in dynamic Mode 1 occupancy.  Modes 

were calculated and Mode 1 PSDs were plotted as a ratio of the activity promoting solution group to 

control solution group.  

 a b

c d
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Finally I asked whether receptor activation is capable of regulating intrasynaptic 

mobility of either AMPARs or PSD-95.  A very low concentration of glutamate (8 µM) 

applied to neurons for 5 min has been applied in published studies to alter actin 

regulation within dendritic spines (Ackermann and Matus, 2003).  This treatment 

protocol did not alter fluorescence recovery in fully bleached synapses, indicating that 

this protocol did not affect exchange of AMPARs between synaptic receptor and 

extrasynaptic populations (Figure 42a; at 600 s, Control 38 ± 3%, Glutamate 36 ± 2%, p 

= 0.55).  However, intrasynaptic mobility of AMPARs was substantially increased, as 

revealed by a strong increase in recovery following partial photobleaching (Figure 42a,b; 

600s Partial 60 ± 7, p = 0.001).  Despite the change in receptor mobility, exchange of 

PSD-95 between the synaptic and cytosolic pool as well as intrasynaptic PSD-95 mobility 

were unaffected (Figure 42c).  These data clearly lead to the conclusion that activity level 

within the culture and direct activation of glutamate receptors are capable of regulating 

the degree of synapse structural and molecular dynamics, respectively.  This is the case in 

spite of the result that particular degrees of synapse strength are not strongly associated 

with measures of synapse morphological dynamics.  Interestingly, the glutamate 

application protocol had differential effects on regulation of AMPAR mobility compared 

to PSD-95 even though the synaptic positioning of each is tightly co-regulated during 

basal conditions. 
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Figure 42 Glutamate Receptor Activation Increases AMPAR Intrasynaptic Mobility 

(a) SEP-GluA1 fluorescence recovery measured at 600s for either full or partial synapse photobleaching in 

control conditions (gray) or with 5 min of 8 µM glutamate application (green).  Full photobleaching: 

control n = 25/15, glutamate 31/12. Partial photobleaching: control 16/10, glutamate 15/7.  Kruskal-Wallis 

ANOVA, (p << 0.001) post-hoc pair-wise comparisons by Mann-Whitney U-test * p = 0.001, n.s. not 

significant.  

(b) SEP-GluA1 fluorescence recovery measured at the indicated time points after full synapse 

photobleaching in control conditions (black) or with 5 min of 8 µM glutamate application (green). * p = 

0.001, as in (a). 

(c) PSD-95-PATagRFP fluorescence loss 10 min after photoactivation for full or partial synapse targeting 

as indicated, gray bars control and red bars glutamate treated. Kruskal-Wallis ANOVA n.s. not significant p 

= 0.44. 
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Chapter IV. Discussion 

 

In this study, I measured the distribution and subsynaptic dynamics of AMPARs 

within single living synapses.  Photobleaching of synapse subregions demonstrated that 

most synaptic AMPARs were not free to diffuse across the synapse but rather were 

restricted to subdomains.  However, synaptic AMPAR cluster morphology was 

continuously dynamic via a process driven by the actin cytoskeleton.  Within the synapse, 

receptor position was most closely tied only to a subset of PSD scaffold proteins, and 

changes in the relative distribution of receptors and scaffolds were also propelled by 

actin.  Within this organization, actin dynamics were also capable of reorganizing 

synaptic AMPARs with respect to core PSD scaffold components.  Surprisingly, 

elimination of filamentous actin prompted only the gradual loss of receptors and only a 

quite small increase in their mobility while in the synapse.  Thus, I conclude that 

AMPAR positioning within the synapse is not principally determined by intrasynaptic 

diffusion of mobile receptors, nor directly by the actin cytoskeleton, but instead by 

dynamic mechanisms intrinsic to the postsynaptic scaffold. 

 

Characteristics of the PSD that determine synaptic AMPAR position 

Whole-synapse AMPAR photobleaching revealed that ~30% of receptors 

exchanged between synaptic and extrasynaptic membranes within 10 min, consistent with 

previous analyses of the exchanging fraction using FRAP (Arendt et al., 2010; 

Frischknecht et al., 2009; Heine et al., 2008; Sharma et al., 2006) or single-particle 

tracking (Ehlers et al., 2007).  It is noteworthy that the range of values reported for 
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particular AMPAR subunits and by different labs is quite large.  A simple explanation for 

these differences could stem from the exact nature of the preparation studied (i.e. whether 

a dissociated or organotypic slice hippocampal cultures was utilized) or by the particular 

methods used to measure the time course and calculate the exchanging fraction.  

Interestingly, it has also been reported that the degree of clustering of recombinant 

AMPARs at synapses, compared to the extrasynaptic plasma membrane, influences the 

mobility of AMPARs.  When SEP-GluA1 was poorly clustered at synapses, ~50% of 

synaptic AMPARs exchanged which is double the rate that was measured for neurons 

where SEP-GluA1 was more strongly clustered at synapses (Heine et al., 2008).  In this 

study SEP-GluA1 or SEP-GluA1,2 coexpression consistently led to distinct clustering of 

SEP-tagged AMPARs at synaptic sites.  In fact, for the rare occasions where a neuron did 

not show clear receptor clusters these neurons were excluded from study because they 

were not representative of the overall population.  It is reasonable to propose that the 

slow rate of synaptic AMPAR mobility presented here is directly related to the strong 

synaptic enrichment of recombinant AMPARs exhibited by the mature cultured 

hippocampal neurons studied here.  This type of distribution is more closely matched to 

that reported by immunogold EM performed on hippocampal tissue (Baude et al., 1995; 

Nusser et al., 1998; Zito et al., 2009) than would a more moderately enriched AMPAR 

distribution.  In conclusion, it is likely that AMPAR exchange between synaptic and 

extrasynaptic populations is strongly influenced by the relative synaptic enrichment of 

AMPARs which would explain at least some of the experimental discrepancy in FRAP 

results and that the strong synaptic AMPAR enrichment in my experiments may have 

been beneficial in detecting a relatively slow rate of synaptic AMPAR exchange.   
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A strikingly small fraction (less than 5%) of receptors underwent exchange in 

seconds.  By precisely targeting the photobleaching laser to synaptic subdomains, I 

further found that intrasynaptic mobility of AMPARs is so minimal that receptors rarely 

migrate the few hundred nanometers from one side of the synapse to the other, either 

during the first seconds of the experiment or even within the full 10 min of the FRAP 

assay.  These results may initially appear at odds with many of the measurements of 

AMPAR mobility reported with SPT.  However, a more detailed consideration reveals 

that these results are a compatible extension of the results from SPT experiments in two 

ways.  I will specifically consider SPT results tracking GluA1 subunits since this will be 

directly comparable to my photobleaching results.  First, the mobile fraction of synaptic 

receptors (the fraction of all tracked synaptic AMPARs that leave the synapse during a 60 

s experiment) is less than 25% (Ehlers et al., 2007).  SEP-GluA1 FRAP yields similar 

results but extends this measurement well beyond one minute.  Second, the receptors 

measured with SPT explored an average of just 22.3% of the synapse area which also 

corresponds to a confinement radius of 96 nm (Ehlers et al., 2007).  These results match 

with the findings from partial synapse photobleaching that mobility between the targeted 

and untargeted portions of the synapse is undetectable even 10 min after bleaching 

(Figure 14, Figure 37).  Interestingly, this confinement radius indicates that synaptic 

AMPAR movements are restricted to an area with a diameter of ~200 nm which is just 

smaller than the smallest areas that are possible to target with partial synapse 

photobleaching.  Thus, while partial synapse photobleaching is limited to synapses that 

are relatively larger in area, the congruence between these results suggests this may not 
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be a substantial limitation and partial synapse photobleaching extends the ability to 

measure AMPAR confinement within the synapse out to 10 min.  

The significance of my FRAP experiments in confirming and extending published 

SPT data is particularly compelling when one considers that the two approaches are 

complementary in several ways.  First, partial synapse photobleaching does not require 

that synaptic AMPARs be labeled with bulky combinations of fluorescent moiety and 

targeting probe such as Q-dot tagged antibodies.  While the size of this fluorescent probe 

combination undoubtedly alters the lateral diffusion of the tracked receptor, it is likely 

that this effect could be estimated by comparison of differently sized probes under 

particular experimental conditions, at least for extrasynaptic AMPARs (Groc et al., 

2007).  A much more important limitation is that the bulky probe itself limits the access 

of the tracked AMPARs into the small and crowded environment of the synapse (Groc et 

al., 2007; Triller and Choquet, 2008).  This means that extrasynaptic receptors will be 

heavily preferred during the labeling process and that studying their mobility within the 

synapse becomes more difficult, particularly within the most interior portions of the PSD 

where they are least likely to have access.  Thus, the study of expressed SEP-tagged 

subunits with FRAP provides a powerful alternative for studying mobility within the 

synapse.  Still, the expression of exogenous AMPAR subunits is likely to disrupt the 

endogenous subunit stoichiometry.  SPT results measuring the immobile fraction and 

instantaneous diffusion are comparable for either endogenous GluA2 or expressed GluA2 

when targeting each with the appropriate antibody, suggesting that the SEP itself at least 

has no further effect on lateral diffusion.  Second, each approach is best suited to study 

AMPAR diffusion over a particular time scale.  SPT permits precise measurement of 
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rapidly moving receptors, for example as they travel to or become released from the 

synapse.  FRAP, instead, requires relatively slow confocal imaging but can be utilized for 

many minutes while retaining confidence that the same synaptic population of receptors 

is being studied. 

In conclusion, partial synapse photobleaching demonstrates that synaptic 

AMPARs remain segregated within small confines of the PSD not just for seconds, but 

for minutes.  This argues strongly against a “corral” model of PSD construction and 

indicates instead that receptors are embedded in a matrix that determines their 

subsynaptic position.  Simultaneous photoactivation of PSD-95 within the same synapse 

subdomain revealed that at least one core component of the underlying PSD is also 

tightly restricted in terms of their lateral mobility.  This in turn emphasizes the 

importance of determining characteristics of PSD internal structure and potential dynamic 

organization, because these features will determine receptor position at the synapse 

(Ehlers et al., 2007; Opazo and Choquet, 2010). 

Mechanisms of receptor positioning within this matrix are not necessarily the 

same as those that incorporate receptors initially.  Synapses capture diffusing AMPARs 

via a mechanism that substantially depends on the interaction between PSD-95 and 

Stargazin and is triggered by phosphorylation of Stargazin by CaMKII (Bats et al., 2007; 

Opazo et al., 2010).  The subsynaptic placement of AMPARs could likewise be mediated 

by binding interactions with anchoring proteins in the synapse, most notably PSD-95 

(Bats et al., 2007; Chen et al., 2000b).  In this case, AMPAR number and subsynaptic 

position would be regulated predominantly by these anchoring proteins.  Consistent with 

this notion, I find that the subsynaptic distribution of PSD-95 closely matches that of 



104 
 

 
 

AMPARs.  However, peptides that eliminate TARP binding to PSD-95 reduce AMPAR 

mEPSC amplitude by only ~25% (Sainlos et al., 2011), suggesting that other mechanisms 

of receptor retention are also important.  In addition, deletion of the GluA1 C-terminal 

SAP97-binding ligand did not alter receptor mobility or its subsynaptic pattern with 

respect to GKAP (Figure 27), and deletion of the C-terminal of GluA2 that binds PICK1 

or ABP/GRIP also does not alter its intrasynaptic mobility (Bats et al., 2007).  This 

suggests that specific, direct interactions between AMPARs and PSD scaffold proteins 

are not sufficient for receptor positioning.  Finally, cooperative binding with multiple 

scaffolds is an alternative explanation but has not been tested.  This would certainly 

explain how targeting particular protein-protein interactions leads to incomplete loss of 

synaptic AMPARs.  However, approaches to specifically test the role of cooperative 

scaffold interactions in retaining and positioning synaptic AMPARs will require 

substantial technical advances. 

Another significant possibility stems from the fact that the dense packing of PSD 

molecules (Chen et al., 2008; Dani et al., 2010) creates an environment so crowded that 

diffusion of receptors is limited even if they do not remain bound to specific scaffold 

partners.  Experimentally, SPT measurements for a variety of molecules demonstrated 

anomalous diffusion at synaptic locations.  This is true even for lipid molecules bound to 

the plasma membrane that are not synaptically enriched and presumably not subject to 

any specific regulatory mechanisms at synapses (Renner et al., 2009).  Indeed, modeling 

synaptic AMPAR diffusion under the crowded conditions of the PSD suggests that elastic 

collisions between AMPARs and obstacle proteins, to which they do not bind, can 

promote synaptic retention and subsynaptic confinement (Santamaria et al., 2010).  In 
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this case, receptor retention and positioning would thus rely not only on proteins that 

interact biochemically with AMPARs, but also on the space-filling characteristics of 

diverse transmembrane and cytosolic PSD constituents.  Intriguingly, simulations that 

included specific binding partners for AMPARs promoted a counterintuitive 

enhancement of receptor exchange, presumably because the affinity of AMPARs for their 

known binding partners is rather low, while the efficacy of elastic collisions to confine 

AMPARs in crowded portions of the synapse can be very high.  

Many different classes of molecules could participate in crowding: 

transmembrane proteins (e.g. receptors, ion channels), molecules in the cleft (e.g. 

adhesion molecules or even presynaptic transmembrane proteins), and intracellular 

proteins near the postsynaptic membrane (e.g. PSD scaffolds).  NMDA receptors bind 

directly to PSD-95 (Niethammer et al., 1996) and would be optimally positioned to 

contribute to local receptor crowding, but their limited numbers and apparently central 

location suggest that they may not be important determinants of AMPAR movements.  

Still, NMDARs may act collectively with other neurotransmitter receptors and voltage-

gated channels to limit the passage of AMPARs in certain synaptic regions.  Because 

AMPARs have a very bulky extracellular domain (Sobolevsky et al., 2009) (Figure 43) 

that must navigate through a potentially tortuous environment in the synaptic cleft, it 

might be expected that even non-specific extracellular interactions will substantially 

obstruct diffusion.  For example, consider an intriguing candidate from the extracellular 

space. It was recently shown that the extracellular matrix (ECM) regulates AMPAR 

diffusion and that degrading the ECM increased the lateral diffusion of extrasynaptic 

receptors and accelerated their exchange into and out of synapses (Frischknecht et al., 
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2009). Interestingly, in spite of this increase in receptor exchange, the fraction of 

receptors immobilized at synapses did not change, nor did the diffusion properties of the 

synaptic receptors themselves.  Thus, while the ECM is important for regulating 

exchange of receptors, it is unlikely to play a substantial role in subsynaptic clustering. 

More broadly, the synaptic cleft is certainly rich with proteins, but appears not as densely 

packed as the PSD so the overall contribution to crowding by cleft proteins may not be 

more important than transmembrane or postsynaptic molecules.   

 

Figure 43 AMPAR Structure and Domain Sizes 

(a-b) Depiction of AMPAR domains: the N-terminal domain (NTD), ligand binding domain (LBD), four 

transmembrane domains, and the intracellular C-terminus (CTD). Side view of a single AMPAR subunit 

(a) or the assembly of four AMPAR subunits into the functional tetrameric channel.  Note that this 

highlights the large space-filling characteristics of the extracellular N-termini which face the synaptic cleft, 

particularly as compared to the intracellular C-termini, subscripts represent number of each domain. 

 (c) An isolated AMPAR demonstrating the accuracy of the scaling in the size of each of the various 

domains in the diagram when compared to single particle electron microscopy.  Reproduced from 

(Nakagawa, 2010) with permission from Springer. 

a b c
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Some adhesion molecules have clear means to be positioned at locations within 

the synapse near AMPARs and thus influence their subsynaptic positioning. For example, 

N-cadherin interacts directly with an extracellular domain of the AMPAR GluA2 subunit 

(Saglietti et al., 2007), making it a transmembrane barrier to AMPAR lateral diffusion 

that can also bind directly to the receptors themselves.  Similarly, the transmembrane 

protein neuroligin directly binds to PSD-95, and may be positioned in close proximity to 

AMPARs.  Finally, while some components of the PSD scaffold can bind AMPARs 

directly or via AMPAR auxiliary subunits, many PSD scaffold components do not.  

Given the dense packing of these proteins, they are likely to substantially crowd the 

intracellular portions of synaptic AMPARs.  In particular, close positioning of GKAP to 

the membrane (Dani et al., 2010; Valtschanoff and Weinberg, 2001) and its high but 

submaximal spatial correlation with receptors (Figure 25, Figure 31) suggests it may 

participate in local AMPAR positioning through crowding.  Interestingly, variation in the 

stoichiometry of AMPARs and TARPs in different synapse subpopulations (Shi et al., 

2010) suggests that the balance of binding and crowding mechanisms may be synapse-

specific.  That is, receptors associated with fewer TARPs may be less likely to undergo 

direct binding to PSD-95, though still be equally sensitive to macromolecular crowding. 

Thus, it will be important for future experiments to develop new approaches to separately 

test mechanisms of macromolecular crowding stemming from the extracellular, 

transmembrane, and intracellular portions of AMPARs and whether the local crowding 

within synapses can be dynamically regulated. 
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Stable PSDs are internally dynamic 

Regardless of how the influence of binding and crowding are balanced within a 

synapse, two critical characteristics of the underlying scaffold determine subsynaptic 

receptor positioning: the overall morphological features of the structure in which 

receptors are retained, and the lateral distribution of proteins within the PSD.  In this 

project I have explored each.  Most obvious was that striking changes occur in synapse 

morphology over the course of just seconds to minutes.  This phenomenon was quite 

distinct from spontaneous growth or loss of synapses measured over the scale of hours 

(Okabe et al., 1999) or days (Li et al., 2011; Minerbi et al., 2009) and instead reflects 

coordinated reorganization of existing constituents, scaffolds (Blanpied et al., 2008) and 

receptors.  It is tempting to speculate that scaffold-receptor binding interactions at the 

PSD edge help capture receptors, which then distribute into the synapse as a whole over 

quite long time scales and are internally restrained through a combination of crowding 

and binding interactions.  This would explain several of the results outlined above that 

many specific and non-specific interactions between AMPARs and synapse components 

each seem partially capable of regulating receptor mobility.   

To analyze the lateral organization of scaffolds compared to receptors, I 

developed a straightforward fluorescence correlation method suitable for time-lapse 

analysis of live PSDs.  AMPARs were most clearly associated with the distribution of 

PSD-95, and significantly but less strongly correlated with other scaffolds.  Most 

surprisingly, the scaffold-receptor spatial relation changes over time indicating 

considerable malleability within the deeper layers of the PSD.  Because subsynaptic 

photobleaching showed receptor and PSD-95 confinement within domains smaller than 
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the microscope point spread function, this fluidity likely occurs over similarly small 

spatial dimensions, rather than wholesale free motion of scaffolds across the extent of the 

synapse.  However, direct measurements of scaffold distribution and mobility will be 

required to resolve this.  Another important future direction will be to test whether 

dynamics in global and/or internal synapse organization regulate the rates of receptor 

capture or redistribution during basal synaptic function or during synaptic plasticity. 

Conflicting evidence from different approaches and different synapses has left it 

unclear whether the pattern of AMPA receptor positions within a synapse is consistent 

across synapses or between brain regions (Masugi-Tokita et al., 2007; Momiyama et al., 

2003; Takumi et al., 1999a; Tanaka et al., 2005; Tarusawa et al., 2009).  Recent 

immunocytochemical evidence indicates that individual synapses even within the same 

brain region can display quite divergent patterns of AMPAR placement (Dani et al., 

2010).  Though this divergence might indicate that individual synapses fall into distinct 

categories of molecular organization, a simple explanation for this variety may be that, as 

I have presented here, the distribution of receptors in single synapses is time-variant.  In 

addition, though small changes in activity level only mildly and transiently alter the 

morphological dynamics of the PSD (Blanpied et al., 2008) and do not strongly modify 

AMPA receptor dynamics within the synapse (Tardin et al., 2003), I found that direct 

glutamate receptor activation induces a substantial increase in subsynaptic receptor 

mobility.  Comparable effects on synaptic AMPAR mobility were seen using single-

particle tracking following exposure to 100 µM glutamate for 20 min (Tardin et al., 

2003).  This further reinforces the importance of identifying the mechanism of this 
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influence, as well as to determine how it may relate to activity-driven changes in receptor 

numbers. 

 

Actin drives PSD dynamics but does not directly anchor receptors 

Though actin is commonly portrayed as “anchoring” AMPARs in the synapse 

(2008; Cingolani and Goda, 2008), the results presented here indicate that this is an 

oversimplified view at best.  Latrunculin does induce a slow reduction in synaptic 

AMPAR number (Allison et al., 1998; Kim and Lisman, 1999), but kinetically, this effect 

lags dramatically far behind the loss of actin filaments (Figure 33).  Given that receptors 

are capable of rapid escape from the synapse (Heine et al., 2008), their continued 

retention for at least minutes in the absence of actin filaments clearly indicates that the 

spine cytoskeleton does not retain receptors either by directly binding or indirectly 

fencing them within the PSD.  Slow decreases in synaptic receptor number may instead 

result from subtle modulation of receptor trafficking steps potentially distant from the 

synapse.  Quite in contrast to the anchoring notion, I conclude that at the synapse itself, 

the most prominent acute role for actin is in fact to promote dynamics of receptor 

positioning: actin treadmilling drives changes in synapse morphology and prompts 

continual adjustment of the relative distribution of scaffolds and receptors.  

How does actin drive these changes in subsynaptic receptor distribution?  It could 

be that actin filaments interact directly with AMPARs to drive morphological contortion 

of the synapse.  However, filaments are sparse within the PSD itself, as visualized by EM 

(Capani et al., 2001; Fifkova and Delay, 1982) or deduced by single-molecule tracking 
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(Frost et al., 2010).  This suggests instead that filament contact is with peripheral or distal 

portions of the PSD.  Indeed, a variety of actin-binding proteins including Abp1 (Haeckel 

et al., 2008), cortactin (Naisbitt et al., 1999b), and neurabin (Allen et al., 1997; Terry-

Lorenzo et al., 2005) interact with Shank or other PSD scaffold proteins, linking 

regulation of the actin cytoskeleton to the synaptic scaffold itself. 

I have developed a mechanistic model in which actin actively regulates the pattern 

of receptors across the face of the synapse, but does so only indirectly (Figure 44). In this 

view, highly dynamic perisynaptic actin (Frost et al., 2010) powers distortion of the PSD 

by interaction with distal PSD components.  Through a slippage or clutch-like 

mechanism intrinsic to the PSD milieu, this indirectly affects receptors by repositioning 

both receptor binding partners and other PSD constituents.  It is reasonable to infer that 

prolific intermolecular engagement within the PSD creates a rigid enough structure to 

prevent mixing of PSD components over large distances, and simultaneously permits 

force generation from actin polymerization to alter synapse shape.  While known binding 

interactions as well as the rank order of RF correlation values observed here imply a 

general sequence of molecular interactions that could relay information from filaments to 

receptors, there is not a great deal of evidence to support a specific molecular 

mechanism; the highly interconnected nature of PSD proteins suggests there may be 

many alternatives.  
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Figure 44 Summary of Actin-Driven Regulation of Synapse Internal Organization 

A synapse viewed from the side (upper panels) and from the top (lower panels) illustrating the 

heterogeneous axial and lateral distribution of PSD proteins. Force generated from dynamic perisynaptic 

actin directly and constitutively regulates PSD lateral organization, though without complete mixing of 

components. Alterations of the PSD interior in turn regulate subsynaptic AMPAR distribution, potentially 

by setting either the position of specific binding partners or local domains of nonspecific molecular 

crowding. The axial ordering of protein components is schematic. 

(Rotate)

RF low RF high

Side Views
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This model also accounts for the results obtained with each of the 

pharmacological agents targeting actin.  Latrunculin modestly affects receptor mobility 

(Figure 37 left; (Rust et al., 2010), though not so dramatically that receptors are released 

directly.  This may stem from dissociation of a subset of scaffold proteins (Kuriu et al., 

2006), though I found that this occurs prominently only in young cells (Figure 34) at least 

with the culture conditions used in the current study.  When scaffold protein loss does 

occur following latrunculin, the greatest loss is in Homer protein content (Figure 34; 

(Kuriu et al., 2006)).  This is interesting because Homer binding to Dynamin-3 positions 

a specialized endocytic zone outside the synapse, but within the spine, and this endocytic 

zone is required to maintain a local supply of recycling receptors that maintain synaptic 

AMPAR content (Lu et al., 2007; Petrini et al., 2009).  It may also be the case that 

latrunculin reduces the available pool of extrasynaptic receptors available to exchange 

with the synaptic pool more globally.  This is likely to occur because motor proteins 

myosin Va (Correia et al., 2008) and myosin Vb (Wang et al., 2008) have each been 

implicated in AMPAR transport during trafficking to spines as has RIL, a protein that 

binds to the actin-binding protein ɑ-actinin (Schulz et al., 2004) and latrunculin will 

remove the necessary substrate for each of these actin-dependent trafficking mechanisms.   

Jasplakinolide does not elicit a reduction in receptor numbers perhaps because it 

does not strip away PSD components.  The specific mode of action for jasplakinolide 

may also be the key to this difference.  Jasplakinolide prevents force generation and halts 

actin-driven reorganization of the PSD interior by locking F-actin in the polymerized 

state (Figure 45).  Thus, the filamentous actin cytoskeleton is still in place to facilitate 
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surface AMPAR transport as outlined above even though actin filament dynamics have 

been eliminated.  

 

Figure 45 Differential Effects of Pharmacological Disruption of Actin Regulation 

Latrunculin depolymerizes spine actin filaments and induces a partial loss of some PSD scaffold 

components.  The loss of dynamic actin filaments blocks both morphology changes and subsynaptic 

receptor-scaffold reorganization. Receptors remain stably anchored within subsynaptic domains for long 

periods.  While eventually the number of receptors in the synapse decreases, this is likely due to alterations 

in extrasynaptic receptor trafficking, not disruption of receptor stability in the synapse.  

Jasplakinolide treatment blocks synapse morphology changes and subsynaptic receptor-scaffold 

reorganization by preventing actin dynamics. 

 

Implications for Synapse Function 

 The strength of synaptic transmission at individual excitatory synapses is 

ultimately determined by the efficiency of presynaptic glutamate in activating 

JasplakinolideLatrunculin
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postsynaptic AMPARs.  As outlined in the Introduction, this efficiency is often expected 

to be submaximal because quantal glutamate release is predicted to produce a hot-spot of 

postsynaptic AMPAR activation with a diameter much smaller than the average synapse 

(Harris et al., 1992; Raghavachari and Lisman, 2004), leaving some postsynaptic 

receptors unopened (McAllister and Stevens, 2000b; Silver et al., 1996).  Therefore, aside 

from the total receptor number of receptors present, the density of receptors within 

domains apposed to release sites determines the strength of synaptic transmission.  The 

finding that actin drives constitutive dynamics in the internal organization of synapses 

suggests that the relationship between release sites and receptors may not be constant, 

potentially regulating the strength or reliability of synaptic transmission (Newpher and 

Ehlers, 2008; Raghavachari and Lisman, 2004).  Direct experimental evidence for the 

influence of AMPAR-release site alignment is lacking primarily because of the technical 

challenges of measuring both synapse ultrastructure and synaptic transmission within a 

single identified population.  For this reason, computational models remain the best tools 

to systematically investigate the relation between the interior structures of a synapse as it 

relates to synaptic transmission.  In addition to replicating and clarifying experimental 

results that AMPARs are not saturated by quantal glutamate release, several of these 

models have been applied to asking how synapse organization relates to the variability in 

synaptic transmission.  For example, Raghavachari and Lisman simulate multivesicular 

release, where more than one vesicle can be released nearly simultaneously, and 

demonstrate that this can account for experimental observations of variance for both 

spontaneous mEPSCs and evoked EPSCs.  It is the restricted activation of postsynaptic 

AMPARs at medium-sized or large synapses that permits multiple quanta to summate 
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quasi-linearly (Raghavachari and Lisman, 2004).  Another recent study reported 

comprehensive testing of numerous variations of presynaptic release location with respect 

to different organizations of postsynaptic receptors and clearly demonstrated that a 

diverse set of configurations can generate variance in EPSC amplitude that spans the 

range found experimentally (Freche et al., 2011).  In summary, the spatially restricted 

diffusion of glutamate limits activation of AMPARs at many hippocampal excitatory 

synapses and the significance of this limited activation depends directly on the alignment 

between presynaptic release location and postsynaptic clustering of AMPARs. 

Molecular mechanisms capable of regulating synapse alignment are potentially 

important determinants of the variability in synaptic transmission.  Particularly strong 

candidates in this regard are the trans-synaptic adhesion complexes because they link 

components of the active zone cytomatrix to scaffold in the PSD.  The location of PSD-

95 at the plasma membrane facilitates its binding to a complement of adhesion molecules 

such as neuroligins, LRRTMs, and SALMs (de Wit et al., 2009; Han and Kim, 2008; Irie 

et al., 1997).  While these proteins have a clearly demonstrated role in synaptogenesis 

(Linhoff et al., 2009; Scheiffele et al., 2000) or development of proper balance of 

excitatory and inhibitory synaptic inputs (Chih et al., 2005), the adhesion complexes 

continue to be expressed beyond development and may play additional roles.  For 

example, it has been shown that the neuroligin-PSD-95 complex promotes synaptic 

efficacy by a transsynaptic mechanism, apparently via neurexin (Futai et al., 2007).  As a 

result, an important role for adhesion complexes at mature synapses could be to regulate 

subsynaptic receptor positioning by participating in the creation or alignment of modules 

within the synapse.  Of particular interest is whether or how scaffold-adhesion complexes 
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at a single synapse coordinate postsynaptic receptor positioning with presynaptic sites of 

glutamate release, but there is little evidence to date on this question.  Recently, it was 

reported that AMPARs, specifically the N -termini of GluA2 subunits, enhance the 

synaptogenic effect of neuroligin (Ripley et al., 2011).  This suggests that AMPARs 

themselves also have the ability to influence tra nssynaptic organization.  Extrapolating 

even further, it is intriguing to speculate that such molecular bridges emanating from the 

receptors themselves would be ideally suited to coordinate the alignment of receptors 

with release sites. 

 

Relation to Disease Mechanisms 

Accumulating evidence suggests that even subtle disruptions of receptor 

positioning are capable of altering synapse function.  The model presented above for 

actin-driven regulation of synaptic AMPAR positioning suggests these perturbations may 

induce pathological disruption of synapse function, even without overt loss of spines, 

through altered cytoskeletal control of receptor positioning.  Consistent with this 

possibility, mutations in several components of the PSD scaffold (Bayes et al., 2011), 

spine actin cytoskeleton (Hayashi-Takagi et al., 2010; Woolfrey et al., 2009), and 

synaptic adhesion (Betancur et al., 2009) that would be expected to influence PSD lateral 

organization have been linked to human disease.  While these diseases often involve 

synapse loss or altered connectivity, the convergence upon proteins responsible for 

synaptic regulation suggests that mechanisms of synaptic AMPAR positioning are altered 

in the pathology.  In this way, many diseases may initially involve dysregulation of 
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synaptic transmission resulting from defects in synaptic organization with secondary 

spine loss.   

In the case of the PSD, Shank3 genetic mutations and deletions are linked to 

autism spectrum and other neurodevelopmental disorders (Bonaglia et al., 2001; Durand 

et al., 2007) as well as schizophrenia (Gauthier et al., 2010). Mutations in GKAP family 

member SAPAP3 have been linked to pathological grooming and obsessive-compulsive 

disorders (OCD) in human patients (Bienvenu et al., 2009) and when deleted in mice both 

a synaptic dysfunction and an OCD-like behavioral phenotype result (Welch et al., 2007). 

The complex roles of actin governing synaptic transmission and plasticity are 

particularly important to decipher.  If actin participates in mechanisms regulating lateral 

PSD organization and receptor distribution, as outlined above (Figure 44), then 

cytoskeletal dysfunction may represent an important route to synaptic pathophysiology.  

In fact, dysregulation of the spine cytoskeleton has emerged as a strong candidate 

mechanism in many diseases (Penzes et al., 2011) in part because disruptions to spine 

structure are readily observed in diseases as diverse as addiction (Shen et al., 2009), 

schizophrenia (Glantz and Lewis, 2000), and Alzheimer's disease (Walsh and Selkoe, 

2004).  However, the dramatic spine morphology changes in these diseases may be only 

the most obvious of multiple consequences of cytoskeletal dysregulation near the 

synapse.  Because the PSD itself may be an important location for regulating actin (Frost 

et al.,2010a), more subtle changes to subsynaptic structure seem likely to occur even if 

overall spine morphology or number is not grossly disrupted.   In one intriguing example, 

the activity of the Rho-GEF Kalirin-7, which activates the potent cytoskeletal modulators 

Rac1 and Rap1, is regulated by its binding to PSD-95.  This binding is altered by disease 
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associated mutations of the schizophrenia susceptibility gene DISC1 (Hayashi-Takagi et 

al., 2010), raising the possibility of highly localized disruption of actin at the PSD 

potentially capable of generating such synapse specific changes in actin regulation.  It 

will be important to expand our analysis of synaptic dysfunction in disease models 

beyond simply measurements of spine density and morphology and apply methods 

developed in this dissertation to test whether dysregulation of synapse organization 

underlies synaptic dysfunction in disease.  
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