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Abstract 

 

Title of Dissertation:  Structural and Biochemical Studies of Base Excision Repair 

Enzymes using Nuclear Magnetic Resonance and X-ray Crystallography 

 

Brittney Ann Manvilla, Doctor of Philosophy, 2012 

 

Dissertation Directed by:  Alexander C. Drohat, Assistant professor, Department of 

Biochemistry and Molecular Biology 

 

Cellular DNA is often damaged by oxidation, alkylation, and spontaneous 

deamination processes, as well as exposure to other exogenous agents.  To preserve 

genome integrity, it is crucial for cells to recognize and repair DNA to its original 

encoding form.  For damage occurring at a single base, DNA repair proceeds through the 

base excision repair (BER) pathway.  BER is initiated by damage-specific glycosylases, 

such as Methyl Binding Domain IV (MBD4), which bind and excise specific types of 

damaged bases from DNA.  The removal of these damaged bases results in the formation 

of an abasic or AP site, allowing the next enzyme in the pathway, Apurinic/Apyrimidinic 

Endonuclease 1 (APE1), to hydrolytically cleave the DNA backbone 5' to the lesion.  

Subsequent enzymes in the BER pathway then incorporate the correct nucleotide back 

into the DNA, excise the sugar fragment, and ligate the remaining nick, completing the 

repair process.  It is important to maintain the repair pathways since mutations of BER 

enzymes can result in disease or cancer, and depletion of APE1 expression is correlated 

with embryonic lethality. 

This body of work predominantly focuses on the structural and biochemical 

characterization of the multi-functional APE1 protein.  Using Nuclear Magnetic 

Resonance (NMR) spectroscopy, we assigned the backbone chemical shifts for APE1.  

This non-trivial assignment process required the development of a novel refolding 



 

 

protocol for the enzyme, which then enabled us to implement specialized TROSY NMR 

experiments. The assignments were used to identify the binding site for two redox 

(another APE1 function) inhibitors of APE1, one of which was surprisingly found to bind 

at the repair active site and inhibit its repair activity in contrast to previous proposals.  We 

have also investigated the structure of APE1 using X-ray crystallography by determining 

a new crystallization condition for the enzyme. We crystallized wildtype and two natural 

variant APE1 proteins, Q51H and D148E, and found the variant proteins retain nearly 

identical structural integrity as the wildtype enzyme.  The new crystallization condition 

will be useful for future structural studies of APE1, including crystallization with APE1 

inhibitors. 

In addition to our studies of APE1, we have begun structural studies of MBD4, a 

BER glycosylase responsible for removing mispaired thymines from guanines within .a 

CpG context.  We have obtained and solved the first crystal structure of the glycosylase 

domain of MBD4 bound to AP-DNA, enabling us to identify several residues likely 

involved in G:T recognition and catalysis.  Altogether, the studies described herein 

provide new experimental strategies which can readily be used to study both enzymes, 

and our work provides significant insight into mechanisms and interactions involving 

APE1 and MBD4. 
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Chapter 1. Introduction 

 

1.1 Overview 

 

 Cells are continually exposed to DNA damaging agents from both endogenous 

and exogenous sources, including radiation and chemotherapeutics (1, 2).  To prevent 

genetic mutations, cell cycle arrest, and apoptosis, it is imperative that DNA damage is 

repaired and DNA is restored to its original encoding form (3, 4).  In efforts to preserve 

the integrity of the genome, cells inherently possess several DNA repair pathways 

including Base Excision Repair (BER), Nucleotide Excision Repair (NER), Mismatch 

Repair (MMR), Nonhomologous End Joining (NHEJ), and Homologous Recombination 

(HR).  These pathways serve to protect the cellular DNA from an expansive variety of 

lesions (1, 2).  Disruption of the pathways can result in disease, such as colorectal cancer, 

which can be caused by gene mutations in the BER proteins, MutY and Methyl Binding 

Domain IV (MBD4) (5, 6).  Furthermore, some repair proteins have been found to be 

essential for cellular viability and embryonic developement such as 

Apurinic/Apyrimidinic Endonuclease 1 or APE1 (7).  

 APE1 is a multi-functional protein involved in several molecular pathways.  Apart 

from its important role in DNA repair, APE1 also participates in redox regulation, RNA 

metabolism, and transcriptional repression (8).  Since APE1 is involved in so many 

different pathways and has been found to be upregulated in numerous cancer types such 

as prostate, ovarian, and cervical (9), it is important to structurally and biochemically 

characterize this multi-faceted enzyme.  Towards this end, the work described here 
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investigates the structure of APE1 for both wildtype and natural variants, gives insight 

into the elusive APE1 redox mechanism, and provides the first ever structural studies of 

APE1 bound to inhibitors.   

 In this thesis, I also investigate another BER enzyme, Methyl Binding Domain IV 

(MBD4), a mammalian glycosylase responsible for removing thymine bases from G:T 

mispairs.  I was able to identify a new crystallization condition for the enzyme and solved 

the first crystal structure of the glycosylase domain of MBD4 bound to product DNA.  

This important crystal structure provides insight into residues involved in G:T mispair 

recognition and catalysis as well as providing a new crystallization condition to 

investigate other crystal structures of wildtype or mutated MBD4 with various DNA 

substrates.  

 

1.2 The Role of APE1 in Base Excision Repair 

 

 Cellular DNA damage is incurred from a variety of sources such as alkylation or 

oxidation events, spontaneous deamination processes, or other exogenous agents (1, 2).  

Left unrepaired, these lesions result in DNA strand breaks, increased cytotoxicity, and 

cellular apoptosis (4).  When a single base is damaged, the BER pathway enzymes are 

responsible for recognizing and repairing the damaged base (10).  As shown in Figure 

1.1, the first step of the pathway involves recognition of the lesion by DNA damage-

specific glycosylases such as MBD4.  These enzymes bind to the damaged site and excise 

the base, producing an abasic or AP site.  Some glycosylases are bifunctional and utilize 

AP lyase activity to nick the backbone of DNA 3' to the newly-formed AP site (11).     
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APE1 is the second enzyme involved in the BER pathway.  Following the 

removal of the damaged base, APE1 hydrolytically cleaves the phosphodiester backbone 

5' to the AP site, resulting in the formation of a 5'-deoxyribose phosphate (5'-dRP) and a 

3'-OH primer (12, 13).  At this juncture, DNA repair proceeds either through the short-

patch or long-patch BER pathway.  For short-patch BER, polymerase β (Pol β) utilizes its 

lyase activity to remove the 5'-dRP and inserts the correct nucleotide back into the DNA 

using the 3'-OH terminus as a primer (14–16).  To complete short-patch BER, DNA 

Ligase III in complex XRCC1 then seals the nick in the DNA.   

Often BER repair will preferentially proceed through the long-patch pathway if 

the AP site has become chemically modified by oxidative or reductive processes.  In 

long-patch BER, several nucleotides (3-8) adjacent to the AP site are displaced during 

strand displacement synthesis, resulting in a flap of DNA extruding from the 

complementary strand.  DNA polymerase β, δ, or ε, in conjunction with proliferating cell 

nuclear antigen (PCNA) and replication factor-C (RFC), are responsible for incorporating 

the correct nucleotides back into the DNA strand (17–20).  The displaced DNA flap is 

removed by flap endonuclease 1 (FEN1) and the DNA is sealed by the DNA Ligase 

I/PCNA complex, completing the repair of the damaged DNA through the long-path BER 

pathway (9).  
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Figure 1.1.  Base Excision Repair (BER).   Shown here is the short patch (or single  

nucleotide) BER pathway.  Damage occuring at a single nucleotide (denoted as B) is 

recognized by a damage-specific glycosylase which removes the damaged base from the 

DNA, creating an abasic site.  APE1 then binds and nicks the DNA 5' to the AP site 

resulting in the formation of 3'-OH and a 5'-dRP termini.  Subsequent enzymes in BER 

(DNA Pol β, DNA Ligase III, and XRCC1) then incorporate the correct nucleotide base 

back into the DNA strand. 

 

 Due to the cytotoxicity of intermediates in BER such as damaged DNA, AP sites, 

and DNA breaks, the BER pathway is believed to be coordinated, where damaged DNA 
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is secluded from cellular exposure by the repair enzymes.  This mechanism of seclusion 

has been referred to as “the passing of the baton”, where the BER enzymes are believed 

to have transient protein-protein interactions with enzymes in the baton order, constantly 

preventing exposure of the damaged DNA (10, 18).  Evidence for this mechanism 

includes the APE1-dependent stimulation of the uracil DNA glycosylase (UDG) and 

thymine DNA glycosylase (TDG) enzymes which are displaced from their product DNA 

(AP sites) by APE1 (21, 22).  Evidence suggests APE1 also forms a transient, ternary 

complex with DNA and the subsequent enzyme in BER, Pol β.  This interaction increases 

Pol β activity and supplements the enzyme with additional 3'-5' exonuclease activity, 

enhancing its proofreading capability (23).    

 In addition to the formation of AP sites in BER repair, abasic sites can also form 

via spontaneous base hydrolysis in cells or through exposure to endogenous and/or 

exogenous damaging factors at an estimated rate of 10,000 AP sites per cell per day (12, 

24).  Importantly, APE1 is the major mammalian enzyme capable of processing AP sites 

in cells and is estimated to be responsible for ~ 95% of all mammalian endonuclease 

activity (12, 13, 25).  If AP sites are not processed, mutagenesis and cellular cytotoxicity 

can result from blocked DNA replication machinery or from misincorporation of bases 

opposite the AP site.  To further highlight the pivotal role of APE1 in cells, APE1-

nullizygous mice experience embryonic lethality at days E5-E9 (26), and stable APE1-

knockout cell lines have not successfully been developed due to inviability. 

 

In addition to its endonuclease activity, APE1 possesses other DNA activities 

including 3'-phosphodiesterase, 3'-phosphatase, and 3-5'-exonuclease activities.  The 
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phosphodiesterase and phosphatase activities of APE1 enable the enzyme to remove 3’-

blocking groups which may be produced by bifunctional glycosylases, such as NTH1 and 

OGG1, or by exogenous/endogenous oxidizing agents (9, 27, 28).  Some examples of 3’-

blocking groups include 3'-phosphoglycolates, 3'-unsaturated aldehydes, or 3'-phosphates 

(9, 29).  While the 3'-phosphodiesterase activity of APE1 is substantially lower than its 

endonuclease activity (200 fold), this APE1 function is integral for proper DNA repair in 

the BER pathway and is involved in regulating the rate of single-strand break repair (30, 

31).  As mentioned APE1 possesses 3'-5' exonuclease activity that enables the enzyme to 

remove aberrant deoxyribonucleoside analogs and allows the enzyme to process 

mispaired 3'-termini although it is not clear if this function is physiologically relevant 

(32–35). 

 

1.3 The role of APE1 in transcriptional regulation 

  

 Reactive oxygen species (ROS), such as superoxide ions (O2
.-
), hydrogen 

peroxide (H2O2), or hydroxyl radicals (OH
.
), impart oxidative stress in aerobic organisms 

(36).  ROS levels in cells are regulated by endogenous antioxidant systems which 

includes proteins, nucleic acids, lipids, and carbohydrates.  In addition, ROS production 

is regulated by enzymatic and non-enzymatic systems which ensure the cellular 

environment is retained in an overall reduced redox state. Current research has focused 

on sub-toxic ROS levels as a method for cell signaling, since small changes in redox 

states can result in significant changes in cellular functions including gene regulation.  

Specifically the redox state of thiol groups of proteins are considered to be triggers for 
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redox-mediated signaling events since oxidative modifications to thiol groups can be 

reversible (37).   

 APE1 is also known as Redox Effector Factor-1 (Ref-1) since the enzyme 

possesses redox activity (38, 39).  The redox activity of APE1 allows it to directly reduce 

oxidized, redox-sensitive cysteine residues contained within the DNA binding or 

regulatory domains of transcription factors such as AP-1 (cJun/cFos), NF-κB, HIF-1α, 

p53, Egr-1, among others (40–44).  Once reduced, these factors are able to bind to their 

DNA targets allowing them to modulate target gene expression.  Since many of the genes 

regulated by redox-sensitive transcription factors are integral for cell survival and growth, 

APE1 plays a crucial role in gene regulation and is implicated in cancer development (9, 

45).  The importance of APE1 redox activity is further highlighted by evidence that APE1 

protects endothelial cells against the tumor necrosis factor-α or hypoxia-induced 

apoptotic pathways by transactivating or reducing the redox-sensitive cysteine of the NF-

κB transcription factor (46).  Additionally APE1 counters ROS-induced apoptosis and 

regulates nitric oxide levels in endothelial cells (47) – effects that are thought to be 

modulated by the redox function of APE1.   

 In comparison to the APE1 repair mechanism, the redox mechanism of APE1 is 

poorly understood.  Some evidence suggests the redox activity involves the N-terminal 

domain of the enzyme, a region that is conserved in mammalian enzymes but is lacking 

in lower level vertebrates (9).  A study has also shown that truncation of the first 40 

residues of APE1 does not impede its redox activity of APE1, while removal of the N-

terminal residues 1-62 does render the enzyme redox-inactive (48, 49).  Further research 

found residues 1-127 of APE1 are sufficient for reducing AP-1 in vitro, leading to the 
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proposal that the repair and redox activities of APE1 are encoded by two separate 

domains with the repair activity conserved in the C-terminus (residues 162-318) and the 

redox activity in the N-terminus (residues 1-127) (48).  However, later deletion studies 

provided evidence residues 61-80 and Glu96 (residue involved in Mg
2+

 coordination) are 

necessary for APE1 endonuclease activity and residues 43-93 are required for redox 

activity (50, 51).       

 Since thiol groups are sensitive to reducing and oxidizing conditions, all of the 

seven APE1 cysteine residues have been investigated for a potential role in APE1-

mediated redox activity, with specific focus on Cys65.  Individual site-directed 

mutagenesis of each of the cysteines found that only the reduced APE1 C65A mutant was 

redox-deficient, and only the oxidized APE1 C93A mutant retained redox activity (49).  

These results suggest a disulfide bond between Cys65 and Cys93 may be involved in the 

redox mechanism of APE1, but there is no corroborating structural evidence for this 

inference (49).  Another study supports Cys65 as the APE1 redox-sensitive cysteine.  For 

example, transformation of the redox-inactive zebrafish APE1 to a redox-active enzyme 

was achieved by a single point mutation of the zebrafish C65 residue equivalent (T58C).  

Additionally, this group solved a crystal structure of human APE1 C65A showing the 

mutation did not affect the overall conformation or fold of the protein (52).  Thus any 

activity effects observed with the C65A mutant are not resultant from a misfolded 

enzyme.   

 While early evidence implicated Cys65 as the residue responsible for the APE1-

mediated redox activity, later studies including my own, have challenged this concept.  

There is limited structural information about redox protein interactions, but one NMR 
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structure of thioredoxin (TRX) and an APE1 peptide revealed a mixed disulfide bond 

between APE1 Cys65 and TRX Cys32.  Though this structure seems to implicate Cys65 

as the redox sensitive residue of APE1, this structure was completed with only a short 

APE1 peptide (residues 59-71), and in order to induce the disulfide bond, the chemical 

cysteamine was used to artificially covalently link TRX to the APE1 peptide (53, 54).   

There is also contradictory genetic evidence which argues Cys65 is not required for APE1 

redox activity.  Knock-in homozygous APE1 Cys64Ala mouse mutants (homologous 

mouse residue to human Cys65) experience proper development and growth and 

importantly, have typical reducing activity of AP-1 in vitro.  Additionally, the mouse 

recombinant Cys64Ala APE1 protein retained typical DNA binding in vitro as compared 

to the wildtype APE1 protein, arguing against an essential role of Cys65 within cells (55).   

 Unfortunately examination of the solved APE1 structures does not reconcile the 

conflicting biochemical data. While most research implicates Cys65 as the residue 

responsible for the APE1 redox activity, the structural evidence for APE1 is seemingly in 

conflict with the redox biochemical data.  On examination of the eight solved structures 

of APE1, Cys65 remains embedded in the interior of the protein in all structures.  

Specifically, residues 43-62 of the redox domain are found in an extended loop crossing 

over the β13 and β14 strands, forming multiple salt bridges and hydrogen bonds with the 

globular interior of the protein.  As shown in Figure 1.2., Cys65 is located on the β1 sheet 

with its side chain buried in a hydrophobic pocket, making the residue inaccessible to 

solvent (56).   Thus if Cys65 is truly responsible for the redox activity of the enzyme, a 

dramatic and potentially improbable conformation would have to be assumed by the 

enzyme. 
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Figure 1.2.  Cys65 embedded in the interior of APE1 and is not solvent-exposed.  

Shown is a crystal structure of APE1 (1BIX) with Cys65 highlighted in red. 

   

 In addition to determining the specific thiol involved in APE1 redox activity, it 

would be informative to characterize the oxidative state of the thiol group involved in the 

mechanism.  Oxidation of reduced thiol groups (SH) can result in either three reversible 

oxidative states: a disulfide bond (S-S) or oxidation to sulfenic (SOH) or sulfonic acid 

(SO2H) (57).  Again the crystallographic data of APE1 does not provide clear information 

about the redox mechanism – none of the structures contain oxidized cysteine residues, 
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despite the fact Cys93 and Cys208 are potentially close enough to form a disulfide bond 

given a minimal structural change (3.5Å) (56).  Due to the striking similarity of all the 

APE1 structures whether free protein or DNA-bound, and the lack of any oxidized 

cysteine residues, it has been suggested the enzyme may assume an alternate redox 

conformation which has not yet been captured in a crystallographic state (58).   

In addition to its direct role in redox regulation of transcription factors, APE1 has 

recently been found to recruit reducing molecules, such as the thioredoxin (TRX) or 

glutathione (GSH), to oxidized transcription factors through a “redox chaperone” activity 

(59).  This APE1-recruitment allows for reduction of transcription factors via a direct 

interaction with either TRX or GSH, independent of any APE1 cysteines and is also not 

dependent on DNA binding or APE1 repair activities.  Importantly the redox chaperone 

activity is functional at  physiological APE1 concentrations (~ 0.5 μM) in contrast to the 

higher concentrations required for the direct redox activity of APE1 for in vitro assays   

(~ 20 μM).   Possible mechanisms for the redox chaperone activity include APE1 acting 

as a bridge for the transcription factor and reducing molecule (recruitment model), APE1 

inducing a conformational change in the transcription factor, that facilitates reduction by 

the reducing molecules (conformational change model), or APE1 stabilizing the oxidized 

state of the transcription factor (oxidation barrier model).  Because APE1 recruits two 

structurally-disparate reducing molecules (protein versus tripeptide), it seems more 

plausible one of the latter mechanisms is utilized for its redox chaperone activity.   
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1.4 Other APE1 activities 

 

 In addition to its roles in DNA repair and transcriptional regulation by redox 

transactivation, APE1 is involved in other molecular pathways.  APE1 was found to 

downregulate gene expression by binding with nuclear complex proteins to negative 

calcium response elements (nCAREs) contained in the promoter regions of the 

parathyroid hormone (PTH) and renin genes as well as its own gene, making APE1 the 

first DNA repair enzyme to negatively regulate its own expression (60–62).  Subsequent 

work revealed in vitro and in vivo APE1 acetylation at Lys6 and Lys7 by the histone 

acetyltransferase (HAT) p300 protein enhances the affinity of APE1 for nCAREs (63).  

Activation of other genes including the phosphoinositol phosphatase and tensin 

homologue (PTEN) and multidrug resistance (MDR1) genes also appear to be strongly 

dependent on APE1 acetylation (44, 64).  Recently, APE1 has been found to bind and 

cleave ssRNA containing AP sites (65, 66).  Since RNA is extremely susceptible to 

oxidative damage, APE1 may be involved in RNA quality control.  Additionally APE1 

utilizes endoribonuclease activity to modulate c-Myc expression by cleaving its mRNA  

(67).   

 

1.5 Structural and mechanistic studies of APE1 

 

 AP endonucleases are divided into two classes of enzymes.  Class I endonucleases 

utilize β-lyase activities to cleave AP sites in a non-conventional 3' fashion, resulting in a 

5'-phosphate and a 3'-α,β-unsaturated aldehyde.  The Class I endonucleases typically 
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function with bifunctional glycosylases which are suited to repairing oxidative damage 

(68).  Conversely, the Class II AP endonucleases hydrolytically cleave 5' to AP sites 

resulting in the canonical 3'-OH and a 5'-dRP termini (12).  The Class II enzymes can 

further be broken down into two families based on their sequence similarities to either 

endonuclease IV (EndoIV) or exonuclease III (ExoIII).  APE1 is part of the ExoIII 

family, sharing structural similarity to both ExoIII and DNaseI, all of which are 

monomeric proteins requiring divalent cations for catalysis (69).  The Saccharmoyces 

cerevisiae AP endonuclease, Apn1, and E. coli Endo IV are part of the endonuclease IV 

family (70, 71).  While these EndoIV-related proteins share the same activity as the 

ExoIII family members, they do not share sequence or structural homology with APE1 

(12, 72).     

 The human APE1 protein is comprised of 318 residues with an overall molecular 

weight ~ 37 kDa.   The protein contains at least two functional domains with the N-

terminal residues 43-93 required for APE1 redox activity and residues 61-80, Glu96, and 

162-318 needed for repair activity (50, 51).  The N-terminus contains the nuclear 

localization signal (NLS) of APE1 involving residues 1-36 (73), and this region has also 

been found to be required for protein-protein and protein-RNA interactions (48, 65, 66, 

74–76).  While the N-terminus is highly conserved among mammalian enzymes (> 90%), 

this region is absent in lower level organisms [4]. Thus ExoIII, while sharing similar 

structural architecture to APE1, lacks the 61 residue N-terminal region of APE1 (77).   

 Several crystal structures of APE1 have been solved (PDB codes: 1BIX, 1DE8, 

1DE9, 1DEW, 1E9N, 1HD7, 2ISI, and 2O3H).   Despite the different conditions used to 

crystallize APE1, including crystallization with its DNA substrate, there are only 
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relatively minor conformational differences among the various crystal structures.  Overall 

the globular APE1 structure consists of two structural domains, each comprised of a six-

stranded β-sheet enveloped by α-helices (Figure 1.3).  Together these domains pack 

together to form an α/β four-layered sandwich.  The APE1 repair active site is a pre-

formed pocket located at the top of the α/β sandwich. Compared to the largely structured 

C-terminus of APE1, the N-terminal domain (residues 1-43) does not retain discernible 

structure and is a highly dynamic region as evidenced by the absence of electron density 

in all solved crystal structures (78) and intense, fast-relaxing resonance peaks observed in 

NMR studies (personal observations). 

 

Figure 1.3.  The overall topology of an APE1 crystal structure (1BIX) is shown bound 

to a magnesium surrogate ion (Sm
2+

) colored in orange. 
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Studies suggest APE1 scans along DNA searching for abasic sites in a processive 

fashion (79).  The enzyme slides along the DNA, making contacts with internucleotide 

phosphates, until encountering an AP site.  For APE1 to properly recognize an AP site, 

the DNA must have more than four nucleotide bases 5' and greater than three bases 3' to 

the abasic site (80–82).  The pre-formed DNA binding interface of APE1 is comprised of 

two loops which directly interact with both the major and minor grooves of the DNA 

helix.  The majority of the APE1-DNA contacts involve the AP strand with APE1 

contacting both the 3' and 5' phosphates directly adjacent to the AP site.  Residues 

Met270 and Met271 are contained in the loop interacting with the minor groove where 

Met270 is inserted into the groove, stabilizing base stacking at the AP site.  Arg177 

resides on the loop contacting the major groove and forms a hydrogen bond with the 3'- 

phosphate of the AP site, stabilizing APE1 to its DNA target (72, 83).  Once bound, APE1 

stabilizes an extra-helical conformation, flipping the AP site into its active site while 

severely contorting the DNA helix in the process (~35º).  

  While the endonuclease activity of APE1 has extensively been researched, the 

exact catalytic mechanism has not been resolved.  Several APE1 residues have been 

found to be essential for its endonuclease activity including Tyr171, Asp210, Asn212, and 

His309 (Figure 1.2), where mutation of any of these residues results in a minimum of 

10,000 fold reduction in APE1 repair activity (84–90).  In addition, Glu96 has been found 

to coordinate Mg
2+

, the divalent cation required for AP endonuclease activity (83).  Most 

likely the endonuclease mechanism of APE1 at a minimum, involves positioning and 

activating a water nucleophile, neutralizing the anionic phosphate for nucleophilic attack, 

stabilizing a negatively-charged transition state, and stabilizing and/or activating the 3' 
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leaving group in order to complete the endonuclease reaction (91).  Potential roles for 

conserved residues (shown in Figure 1.4) include the positioning and activation of the 

nucleophilic water molecule by either Asp210 or His309, and the attacking of the 5' 

phosphate group of the AP site by the hydoxyl ion (56, 83, 92–94).  I also propose the 

pentavalent transition state is stabilized by Tyr171 and Asn212, and the departure of the 3' 

leaving group is promoted by Tyr171 through general acid catalysis (83, 95).  This 

proposed mechanism varies from alternative theories (96), and it is clear more research is 

needed to thoroughly elucidate the specific endonuclease mechanism of APE1.    

 

 

 

 

 

 

 

 

 

 

Figure 1.4. Crystal structure of APE1 bound to abasic DNA substrate (E•S complex) 

showing target phosphate and essential residues.  Mg
2+ 

was not included in 

crystallization in order to preclude bond cleavage.  Nomenclature is given for H309 

nitrogens and the nonbridging oxygens (Sp and Rp).   
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1.6 Biomedical Relevance 

 

 Due to its essential functions in DNA repair and transcriptional regulation, it is 

unsurprising APE1 is ubiquitously expressed in cells, but APE1 has a remarkably 

elaborate distribution and localization pattern (9).  APE1 has been found to be localized 

in the nucleus of cells, but depending on the exact cell type, APE1 has also been 

exclusively localized in the cytoplasm (35, 97). The extremes of the localization pattern 

most likely reflect the multi-functional nature of APE1, where APE1 is localized in the 

nucleus for DNA repair and in the cytoplasm for its redox activity as well as other APE1 

activities.  Additionally, the distribution pattern can vary from subpopulations of the same 

cell types, further underscoring its complicated expression pattern (35).  APE1 is found in 

the nucleus at concentrations > 1 μM (98), and it is estimated that there are ~350,000-

7,000,000 APE1 molecules in each cell (96). Expression of APE1 can be regulated by a 

number of factors, including activation by hydrogen peroxide and hypochlorous acid, and 

oxidative compounds which are endogenously produced by immune cells.  In vitro and in 

vivo studies show APE1 mRNA and protein levels are both upregulated in the presence of 

ROS (99, 100).   This finding is important since upregulation of APE1 is not only 

correlated with increased cellular endonuclease activity, but cells expressing high levels 

of APE1 are resistant to cellular death by oxidative processes. 

 The APE1 distribution pattern, its overall expression level, and its correlation with 

other proteins are all markers which can be used to predict cancer pathogenesis.  The 

distribution pattern of APE1 varies depending on the cancer type, potentially indicating 

the type of APE1 function utilized more frequently in different cancers.  The differential 
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pattern of APE1 can also be used as a diagnostic for cancer progression and prognosis.  

For example, high levels of nuclear expression of APE1 in breast cancer is a positive 

prognosis marker, whereas upregulated cytoplasmic APE1 levels are a negative prognosis 

marker, correlated with higher levels of angiogenesis and positive lymph node status 

(101).  Another example includes the investigation of lung cancer cells, where low 

expression of p53 and high levels of APE1 are a positive prognostic (102).   There are 

also numerous cancers with elevated levels of APE1 including prostate, cervical, and 

ovarian cancers (103–106).  

 The DNA repair pathways are essential for proper cellular development and 

viability.  Disruption of these pathways by germline mutations of DNA repair enzymes 

results in several cancer disorders such as hereditary nonpolyposis colorectal cancer 

(HNPCC) and Xeroderma Pigmentosum (5, 107).  As previously stated, the DNA repair 

processes are integral for cell survival, yet this concept also remains true for cancer cells 

which may have elevated levels of DNA repair enzymes or defective repair.  Since the 

efficacy of most chemotherapeutic drugs and radiation are dependent on their ability to 

inflict damage on DNA in cancer cells, the efficiency of DNA repair can determine the 

overall sensitivity of cells to chemotherapeutic treatments (108).  Thus, there has been 

much focus on the development of DNA repair inhibitors which can reduce the repair 

capabilities of cancer cells in order to promote cell death. 

 Using this DNA repair targeting strategy, APE1 is an excellent candidate for 

protein inhibition in cancer cells.  Multiple cancer types have upregulated levels of APE1 

including gliomas (109), non-small cell lung cancers (102), prostate (110), bladder (111), 

osteosarcomas (112), and pancreatic (113), and this upregulation renders tumor cells 
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chemoresistant to cancer treatments.  Knocking down the activity of APE1 using anti-

sense oligonucleotide technology reverses the chemoresistance of the tumors (113), 

further highlighting the essential role APE1 plays in cellular survival.  While it appears 

cellular inviability is most likely resultant from the loss of APE1 repair activity, the 

effects of knocking out other activities of APE1 and their impact on cell survival is not 

fully understood.   

  There are several studies which provide evidence that the repair function is the 

only APE1 function required for cell viability.  One such study found siRNA-induced 

suppression of APE1 levels resulted in inhibition of cellular proliferation and enhanced 

apoptosis for several human cancer types.  Interestingly when these cells were 

supplemented with Apn1, the yeast functional equivalent to APE1, cellular growth was 

restored (3).  Since Apn1 possesses endonuclease activity, but is not structurally 

homologous to APE1 and not believed to retain any redox activity, these findings support 

that the repair activity of APE1 is the sole function required for cell survival.  Other work 

substantiates this line of thought by showing the expression of a repair-deficient APE1 

mutant (E96Q/D210N) enhances the sensitization of Chinese hamster ovary cells to the 

DNA damaging agents carmustine and zalcitabine (114).  Furthermore, the physical 

blocking of APE1 repair activity using the abasic DNA-binding compound 

methoxyamine, results in a 300 fold loss of APE1 endonuclease activity and enhances 

antitumor efficacy of chemotherapeutic drugs (115). 

While the repair function of APE1 appears to be essential for cell viability, some 

studies suggest the APE1 redox function may play an equally pivotal role in proper 

cellular growth and development.  Knocking out the redox function with the small 
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molecule inhibitor E3330 was found to reduce the growth and migration of human 

pancreatic cancer cells in vitro (116).  Recent work expanded on the effects of knocking 

down APE1 redox activity in pancreatic cancers, finding treatment with E3330 inhibited 

tumor growth in vivo for mice with pancreatic tumor xenografts.  While E3330 treatment 

did not promote apoptosis of the cancer cells, blocking APE1 redox activity prevented 

pancreatic cancer cell adhesion and arrested tumor cell progression (117).  Additionally, 

treatment of mouse embryonic stem cells with E3330 resulted in the inability of the cells 

to differentiate into primitive or definitive hematopoietic colonies, whereas blockage of 

the repair function with methoxyamine did not inhibit proper embryonic hematopoiesis 

(118).   Since blocking the redox function effected cellular differentiation, these results 

suggest the APE1 redox function, not the repair function, is integral during early 

embryonic developmental stages. There may also be therapeutic benefits for knocking out 

the redox function since the combined treatment of retinoic acid, a commonly used 

therapeutic drug for promyelocytic leukemias, and E3330 results in enhanced apoptotic 

levels in acute myeloid leukemia cells (119).   

Interestingly, all of these studies are contingent on the use of E3330 acting as a 

selective inhibitor of APE1 redox activity.   My work presented in Chapter 3 challenges 

the correlation of APE1 redox activity in cellular development, since I have found E3330 

inhibits both the repair and redox activity of APE1.  Thus these studies proposing APE1 

redox activity plays an important role in cellular development need to be reevaluated with 

a selective redox inhibitor of APE1. 
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1.7 APE1 Redox Inhibitor 

 

 The small molecule E3330 or (E)-3-(2-(5,6-dimethoxy-3-methyl-1,4-

benzoquinonyl))-2-nonyl propenoic acid was initially designed as an anti-inflammatory 

agent and was found to inhibit binding of NF-κB to its gene target without effecting its 

nuclear translocation, phosphorylation state, or degradation of its precursor protein IκB 

(120). The molecular targets of E3330 were determined by tethering the small molecule 

to latex beads, incubating with Jurkat cell nuclear extracts, and analyzing E3330-bound 

proteins by SDS-PAGE.  APE1, as well as two other unidentified proteins, were found to 

bind to E3330, with the binding affinity of the protein-ligand interaction reported to be 

1.6 + 0.10 nM by surface plasmon resonance (121).  Further studies with the small 

molecule showed direct inhibition of APE1 redox activity.  Using electromobility shift 

assays (EMSAs), E3330 was incubated at increasing concentrations with purified 

recombinant APE1 and P50 (subunit of NF-κB) proteins, resulting in diminished P50 

binding to its DNA target with significant inhibition observed at 100 μM E3330 (98). 

 Since the initial discovery of the E3330-APE1 interaction, several research groups 

have taken interest in the small molecule and other APE1 redox inhibitors, especially 

since E3330 is reported to selectively inhibit the redox function of APE1.  Potential 

impairment of the repair activity of APE1 by E3330 has previously been investigated by a 

single research group.  Studies with APE1 and AP-DNA at concentrations of 1.4 nM and 

10 nM respectively, did not show repair inhibition by E3330 up to concentrations of 25-

50 μM using a gel-based oligonucleotide assay (122).  Recently this same group has 

acknowledged a higher Kd value for E3330 and purified APE1, yet the effect of DNA 
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repair has not properly been investigated at these higher E3330 concentrations.  Nor has 

the effect on repair activity of APE1 been studied under steady state conditions [E] << 

[S].  Due to our recent findings, we revisit the specificity of E3330 for only the redox 

function of APE1 due to its surprising binding site at APE1.  We revisit the proposal that 

E3330 selectively inhibits the redox function of APE1 due to our surprising finding in 

Chapter 3 that the inhibitor binds at the repair site of the enzyme and inhibits both the 

repair and redox activities. 

 

1.8 Methyl Binding Domain IV (MBD4) 

 

 In addition to APE1, our lab studies other BER enzymes such as thymine DNA 

glycosylase (TDG) and Methyl Binding Domain IV (MBD4).  TDG and MBD4, also 

known as MED1, are mammalian enzymes capable of excising thymine from G:T 

mispairs, preferentially those found in a CpG sequence context (123).  CpG sites are 

often methylated to promote gene silencing, but cytosine methylation has been found to 

be a predominant cause of mutations due to hydrolytic deamination of 5'-methylcytosine 

(m
5
C) to thymine, thus creating a G:T mispair.  It is important to preserve the integrity of 

CpG sites since loss of CpG sequence context, thus epigenetic regulation, is responsible 

for > 1/3 of germline point mutations and many somatic mutations involved in genetic 

diseases and cancer development  (124–126).  

 CpG methylation is an important epigenetic modification which regulates gene 

expression and is essential for proper embryonic development (127, 128).  While it is 

known that CpG sites are methylated by DNA methyl transferases (DNMTs), the 
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demethylation process is not clearly defined (129).  Since there are no mammalian 

enzymes which are known to directly excise methylated cytosine (mC) from DNA, it is 

proposed that the methylated site must first either be deaminated or oxidized in order to 

activate demethylation of the CpG site.  For the mammalian enzyme, TDG, there is 

evidence for both modes of activate demethylation (130, 131).  Specifically our lab has 

found TDG can excise Tet-oxidized forms of mC, indicating demethylation can be 

activated by oxidized m
5
C sites (132).  Some studies have also implicated MBD4 in 

activate demethylation (133–135).  

 In this body of work, we investigate MBD4 using structural studies, providing 

significant insight into the mechanism utilized by the G:T glycosylase.  Additionally the 

structural techniques discussed herein can easily be used for investigating the potential 

role of MBD4 in the activate demethylation process.   
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Chapter II.  Chemical shift assignments for human apurinic/apyrimidinic 

endonuclease 1.  

 

2.1 Introduction 

 

 There are several solved crystal structures of APE1, and surprisingly, all of the 

conformations share a high degree of structural homology despite the varying conditions 

used to obtain the crystals, including crystals containing DNA substrate (56, 78, 83).  For 

all the structures, the N-terminal end of APE1 remains unstructured and is presumed to be 

a highly dynamic region, since no electron density has been observed for the N-terminal 

residues ~1-43 (56, 78).  While crystallographic studies are highly informative, it can be 

extremely difficult (not to mention potentially insurmountable) and time-consuming to 

obtain explicit structures such as conformations of proteins with specific modifications or 

bound to ligands.  We sought to investigate APE1 protein-protein and/or protein-ligand 

interactions using NMR spectroscopy instead of X-ray crystallography in efforts to 

monitor APE1 interactions in solution and potentially characterize interactions with its N-

terminal domain.   Consequently, there are many research questions that are more 

amenable for in solution studies using Nuclear Magnetic Resonance (NMR).   

 NMR spectroscopy is a powerful tool that can be used for the determination of 

structures, identification of binding sites for macromolecular interactions, and studies of 

dynamic processes (136).  Since APE1 undergoes several post-translational 

modifications, interacts with numerous protein partners, contains a dynamic N-terminus, 

and binds to repair and redox inhibitors (137), NMR is an attractive experimental 
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approach for obtaining new insight into the function and inhibition of APE1.  The first 

step in such NMR studies is to assign chemical shifts of backbone and potential side 

chain resonances (
1
H, 

13
C, 

15
N).  We originally pursued chemical shift assignments with 

only the truncated form of APE1, although the assignment of its N-terminal resonances 

present at lower pH levels could also be carried out in the future – enabling studies into 

the role of the N-terminus of APE1.   

 

NMR Background – NMR spectroscopy is used to obtain structural information of 

macromolecules by employing electromagnetic or radiofrequency (rf) pulses to samples 

and monitoring the intrinsic magnetic fields produced by NMR-sensitive nuclei (atoms 

containing spin quantum numbers = + ½) .  In the presence of a powerful, static magnetic 

field (B), the induced magnetization emanating from the nuclei can be measured by 

tipping the magnetization into the x-y plane using rf pulses.  The magnetization signal is 

monitored by wire coils, which are placed perpendicular to the x-y plane and are used to 

measure the electric current produced by the induced magnetization (an intrinsic property 

of magnetic fields).  The measurement of the electric current and subsequently the 

magnetization signal is referred to as the fourier induction decay (FID) (137).   

 Over time the induced magnetization signal or FID decays due to relaxation 

processes, such as T1 and T2 relaxation.  T1 relaxation, also known as either the spin-

lattice or longitudinal relaxation time constant, refers to the reestablishment of 

magnetization along the z axis, the directionality of the overall applied magnetic field B.  

T2 relaxation is known as the spin-spin or transverse relaxation time constant, and refers 

to the decay of x-y magnetization along the transverse or x-y plane.  T2 relaxation occurs 
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since nuclei process or “spin” along the x-y plane with differing frequencies due to 

inherent local field differences within a sample.  Importantly, T2 relaxation is inversely 

proportional to the width of NMR resonances, specifically the half-height linewidths (Δν 

½), as shown in equation 1.1.  Thus, short T2 values reflect fast relaxation processes, 

resulting in broad resonances as compared to long T2 values with slow relaxation and 

narrow linewidths (137, 138). 

 

Δν ½  = 1/ T2  (1.1) 

 

  Small molecules move quickly in solution and experience long T2 relaxation 

whereas large molecules tumble slowly, rapidly exchanging energy among their abundant 

spin systems.  Thus, large molecules have short T2 values, resulting in weak and broad 

NMR signals.  To enhance NMR resolution for larger proteins, specialized pulse 

programs have been developed called Transverse Relaxation Optimized Spectroscopy 

(TROSY).  TROSY experiments select for the β state 
15

N coherence peak in an 

uncoupled heteronuclear spectrum (
1
H-

15
N), minimizing the interference of the chemical 

shift anisotropy (CSA) / dipole-dipole (DD) cross-correlation effects, both of which are 

processes contributing to T2 relaxation.  Since CSA effects are proportional to the square 

of the local magnetic fields, the sensitivity of TROSY experiments are further enhanced 

at higher magnetic field strengths.   Additionally, collection of NMR experiments on 

perdeuterated samples significantly enhances the spectral resolution and sensitivity by 

suppressing relaxation via dipolar coupling (137, 138). 
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Chemical Shift Assignment Process – To assign the chemical shift resonances for a large 

molecular weight protein by TROSY techniques, the protein must be isotopically labeled 

with 
2
H, 

13
C, and 

15
N atoms.  Additionally the labile amide deuterons must be exchanged 

with protons in order for correct implementation of the TROSY experiments, most of 

which are designed to pass magnetization through protonated amide bonds.  After proper 

sample preparation, a 2D 
15

N-TROSY spectrum is collected.  The 2D 
15

N-TROSY 

spectrum shows coupled 
1
H and 

15
N resonances for all structured amide bonds contained 

within the protein, including backbone amides and tryptophan side chains.  To assign the 

backbone chemical shifts (i.e. amide bonds) for each amino acid, several complementary 

3D TROSY experiments can be collected including the HNCO, HN(CA)CO, HNCA, 

HN(CO)CA, HNCACB, and HN(CO)CACB.   

  

By comparing chemical shifts from the 3D complementary experiments, one can 

determine preceding (i-1) and initial (i) chemical shift assignments for several atom 

types.  Using prior knowledge of the average range of chemical shift values for each 

amino acid type, the sequence of amino acids can be elucidated.  This connectivity 

process is referred to as “walking through the backbone of the protein”.  For example, the 

3D HNCO and HN(CA)CO provide chemical shift resonances for the carbonyl carbon 

(CO), the amide nitrogen (N), and amide proton (H
N
), but only the HNCA(CO) gives 

both the COi and COi-1 resonances.  Thus, alignment of the CO resonances by alternating 

between the two spectra establishes a connectivity pattern of chemical shifts (Figure 2.1).  

Using this pattern with other data from other experiments that provide chemical shifts 

that have more discriminatory chemical shift values (Cα and Cβ), one can identify specific 
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amino acids in the connectivity sequence, thus assigning the chemical shift resonances of 

the protein.  

 

Figure 2.1 Backbone shift connectivity for carbonyl (CO) resonances of APE1
ΔN38

.   

Alternating spectra of traditional (non-TROSY) 3D HNCO and HNCA(CO) experiments 

are shown for 
13

C, 
15

N-APE1
ΔN38

.  Sequential carbonyl resonances are connected with 

black lines and assigned arbitrary numbers until their amino acid identity has been 

determined. 

 

 Despite the significant biochemical and structural studies conducted on APE1 

over the past two decades, including crystal structures of free and DNA-bound APE1 (56, 

78, 83), its catalytic mechanism has not fully been elucidated. To enable an important 

new experimental approach for studying the structure, dynamics, catalytic mechanism, 

post-translational modification (oxidation, acetylation), and inhibition of APE1, we 

assigned the chemical shifts (backbone and 
13

C
β
) of perdeuterated APE1 residues 39-318. 
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2.2 Materials and Methods 

 

APE1
ΔN38

 Expression- We produced a plasmid for expressing residues 39-318 of APE1 

(APE1
ΔN38

) via PCR amplification from a plasmid harboring the intact human APE1 gene 

and sub-cloning into the NheI and BamHI sites of a pET-28 plasmid (Novagen), and 

verified the construct by DNA sequencing.  APE1
ΔN38

 is expressed and purified at 4 ºC as 

described for full-length APE1 (21), including Ni-affinity chromatography (Qiagen), 

overnight thrombin cleavage of the N-terminal poly-His tag (giving six non-native N-

terminal residues, GSHMAS), and ion exchange using a 5 ml HiTrap SP HP column (GE 

Healthcare). This provides APE1
ΔN38

 (280 residues, 31.5 kDa) that is > 99% pure as 

judged by SDS-PAGE (coomassie-stained gel). APE1
ΔN38

 is quantified by absorbance 

(ε
280

 = 54.4 mM
-1

cm
-1

). APE1
ΔN38

 has the same AP endonuclease activity (kcat) as full-

length APE1 (not shown).  

 

Proton-deuteron Exchange - 
15

N-APE1
ΔN38

 (300 μL, 1 mM) in 20 mM sodium 

phosphate pH 6.5, 100 mM NaCl, 0.5 mM DTT, 0.2 mM EDTA was lyophilized and 

resuspended in 99.96% D2O (Cambridge Isotopes) into a dry shigemi tube (300 μL). The 

sample was immediately placed in the 800 MHz spectrophotometer (Bruker) and 
15

N-

HSQC experiments were collected every 2 h over the course of 18 h.  An additional 

HSQC was collected after 1 week of incubation in the deuterated buffer. 

 

2
H, 

13
C, 

15
N-labeled APE1

ΔN38
- We initially sought to assign the chemical shifts for 

uniformly 
13

C,
15

N-labeled APE1
ΔN38

 using the standard triple-resonance NMR 
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experiments, but we were unable to assign more than ~40% of the backbone resonances 

due to insufficient signal, indicating a need for perdeuterated protein and TROSY-based 

NMR experiments. To produce uniformly 
2
H,

13
C,

15
N-labeled APE1

ΔN38
, we transformed 

BL21(DE3) cells (Novagen) with the APE1
ΔN38

 expression plasmid, inoculated an LB 

plate and incubated overnight at 37 °C. A single colony was added to 5 ml LB medium 

(H2O) and grown at 37°C to OD600 = 0.7, then a 1.4 ml volume was centrifuged and the 

isolated cells added to 20 ml MOPS minimal medium (H2O) and grown to OD600 = 0.6. 

Subsequently, a 4 ml volume was centrifuged and the isolated cells were added to 80 ml 

of MOPS-
2
H2O medium prepared with 99.9% 

2
H2O, U-[

15
N]-NH4Cl (1 g/l), and U-

[
2
H,

13
C]-glucose (2 g/l) (Cambridge Isotope Laboratories). At OD600 = 0.5 the cells were 

diluted to 160 ml with MOPS-
2
H2O, grown to OD600 = 0.5, and diluted to 800 ml with 

MOPS-
2
H2O. At OD600 = 0.4 the temperature was reduced to 15 °C and expression was 

induced with 0.4 mM isopropyl-1-thio-β-D-galactopyranoside and continued for 24 

hours. The 
2
H,

13
C,

15
N-labeled APE1

ΔN38
 was purified as outlined above, giving a final 

yield of 15 mg. 

 

 

Small-scale refolding and analysis of soluble APE1
ΔN38

- APE1 was incubated at 2 

mg/mL in denaturing buffer (6M Gdn-HCl, 0.02 M Tris-HCl pH 7.8, 0.1 M NaCl, 5 mM 

DTT) for 1 hour at room temperature.  For refolding, APE1 was incubated at 100 ug/mL 

in each refolding buffer and incubated for 3 or 48 h.  Soluble protein was isolated by 

centrifugation at 13.2 rpm at 4 ºC for 10 m.  Due to the presence of Gdn-HCl present in 

some of the refolding buffers, all samples were diluted 6-fold with buffer before loading 
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20 μL into 10% SDS-PAGE gel.  APE1 was visualized using GelCode Blue Stain 

(Pierce). 

 

Refolding 
2
H,

13
C,

15
N-labeled APE1

ΔN38
- A key step in producing perdeuterated protein 

that is optimal for NMR studies is to replace 
2
H with 

1
H at backbone amide sites 

exhibiting slow exchange. This was important for APE1, because over 20% of the 
1
H

N
-

15
N peaks were substantially diminished or absent in a 2D 

15
N-TROSY spectrum of 

2
H,

13
C,

15
N-labeled APE1

ΔN38
 that was purified as described above, and many were still 

weak or absent after incubation of the protein at 30ºC for several weeks. To achieve 

complete exchange of the backbone amide sites, we denatured APE1
ΔN38

 (6M Gnd-HCl) 

and screened for refolding conditions that would provide the highest yield of catalytically 

active enzyme using a previously published buffer screen (139) with some important 

modifications.  

 The protocol used to prepare the NMR sample is as follows. We denatured 15.4 

mg of pure 
2
H,

13
C,

15
N-labeled APE1

ΔN38
 in 7.7 ml of buffer containing 6M Gdn-HCl, 

0.02 M Tris-HCl pH 7.8, 0.1 M NaCl, 5 mM DTT for 1 hr at room temperature with 

stirring. The denatured protein was rapidly diluted in 154 ml refolding buffer containing a 

2.5-fold molar excess of abasic DNA (an APE1 substrate), and incubated with stirring for 

1 hr at room temperature. The refolding buffer included 0.05 M Tris-HCl pH 8.2, 0.55 M 

Gnd-HCl, 0.011 M NaCl, 0.4 mM KCl, 5 mM TCEP, 2 mM MgCl2, 2 mM CaCl2. The 

duplex DNA was prepared from two oligonucleotides (Keck Facility, Yale University), 

5´-TCAFGTACAGAGCTGC (F is the tetrahydrofuran abasic site analog) and 

5´-AGTGCATGTCTCGACG, which were purified and quantified as described (21). The 
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refolded protein was dialyzed 16 hr at 4 °C versus ion exchange buffer (25 mM HEPES 

pH 7.5, 0.15 M NaCl, 1 mM DTT, 0.2 mM EDTA, 1% glycerol), and the DNA was fully 

removed by ion exchange chromatography, conducted twice, using a 5 ml HiTrap Q 

Sepharose HP column (GE Healthcare). The purified APE1
ΔN38

 was dialyzed against 

NMR buffer (0.02 M sodium phosphate pH 6.5, 0.1 M NaCl, 0.5 mM DTT, 0.2 mM 

EDTA) overnight at 4 °C and then concentrated. The complete removal of DNA and 

proper refolding was demonstrated by observation that the A280/A260 ratio and 
15

N-

TROSY spectrum for refolded APE1
ΔN38

 is identical to that observed for APE1
ΔN38

 that 

had not been denatured or exposed to DNA (Figure 2.8). Moreover, the AP endonuclease 

activity (kcat) is the same for APE1
ΔN38

 that had and had not been denatured and refolded. 

 

NMR Data collection with 
2
H,

13
C,

15
N-labeled APE1

ΔN38
- The NMR sample (0.33 ml) 

consisted of 0.8 mM APE1
ΔN38

 in NMR buffer with 10% 
2
H2O. The NMR experiments 

were performed at 298K on a Bruker AVANCE 800 MHz NMR spectrometer equipped 

with a 5 mm triple-resonance cryogenic probe with z-axis pulse field gradients. We 

collected a 2D 
15

N-edited TROSY and TROSY-based versions of the standard triple 

resonance experiments, including the HNCA, HN(CO)CA, HNCACB, HN(CO)CACB, 

HNCO, and HN(CA)CO (140). NMR data were processed with NMRPipe (141) and 

analyzed with Sparky (142). The MARS program was used to obtain initial chemical shift 

assignments for many residues (143). The 
1
H chemical shifts were referenced to external 

DSS, the 
13

C shifts were referenced indirectly to DSS using the frequency ratio 
13

C/
1
H = 

0.251449530, and the 
15

N shifts were referenced indirectly to liquid ammonia using 

15
N/

1
H = 0.101329118. 
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2.3  Results and Discussion 

 

APE1
ΔN38N 

is amenable for NMR studies- While full length human APE1 contains 318 

residues (35.6 kDa), previous structural and biochemical studies and our observations 

indicate that residues 1 to ~44 are disordered and are dispensable for AP endonuclease 

activity (56, 78, 83).  Consistent with crystallographic studies showing a lack of electron 

density for residues 1-44, we observe ~45 
1
H-

15
N peaks with very strong intensity and 

poor dispersion in a 
15

N-HSQC spectrum of full-length APE1 (Figure 2.2A).  Consistent 

with a disordered N-terminal region, most of the very intense and poorly dispersed 
1
H-

15
N resonances in a 

15
N-HSQC spectrum of APE1 are not observed for APE1

ΔN38
.   

Interestingly, we did observe disappearance of several of the poorly dispersed resonances 

of full-length APE1 in buffers with pH > 6.5, indicating the dynamics for N-terminal 

region can be modulated by environmental pH (Figure 2.2B).  Nevertheless, we 

proceeded with the truncated APE1 construct for the NMR backbone assignments to 

eliminate the majority of the intense signals of the N-terminus. 

A) 
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B) 

 

Figure 2.2.  The intense N-terminal resonances of APE1 can be suppressed with 

increasing pH.  Overlaid 
15

N-HSQC spectra of 
15

N-APE1 in NMR buffer at A) pH 6.5 

and B) pH 8.6.  With increasing pH, the intensity and appearance of the N-terminal 

resonances of the full-length enzyme are weakened and/or absent in the spectrum.    
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Proton-deuteron Exchange- To enhance the sensitivity and correctly implement the 

TROSY-based NMR experiments, we needed to obtain perdeuterated protein, yet 

exchange labile amide deuterons with protons to allow for experiment collection through 

an NMR-detectable proton-nitrogen bond.  We first investigated the rate of proton-

deuteron exchange by incubating fully-protonated 
15

N-APE1
ΔN38 

in deuterated buffer 

while monitoring the disappearance of protonated amide signals over time.  Even after a 

week of incubation in the buffer containing 99.99% D2O, we found residual protonation 

of ~20% of amide bonds (Figure 2.3), indicating we needed to unfold APE1
ΔN38

.  The 

unfolding process allows to fully-exchange solvent-inaccessible amide protons which are 

embedded in the interior of the protein or protons exhibiting slow exchange due to stable 

hydrogen bonding.   

 

Refolding conditions yielded soluble and active APE1 - To fully-exchange deuterons 

with protons, we developed a refolding protocol for APE1 based on the refolding 

fractional factorial screen outlined by Fox et al (139).  The screen was designed to 

systematically and rapidly determine refolding conditions by adjusting parameters such 

as reducing agents, detergents, salts, PEG, GdnHCl, divalent metal ions, arginine, 

sucrose, and ligands.  We screened 16/32 conditions outlined in the paper, eliminating 

conditions using Bis-mercaptoacetamide cyclohexance (BMC) or GSH:GSSG as 

reducing agents.  In addition, none of the refolding conditions originally contained DNA 

substrate (Table 2.1).   
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Figure 2.3.  Protonation of ~20% APE1 amide bonds is retained after one week of 

incubation in deuterated buffer. Overlay of 
15

N-HSQC spectra of protonated 
15

N-

APE1
ΔN38

 incubated in deuterated NMR buffer for 15 minutes and 1 week colored black 

and red respectively.   
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# Buffer
a 

Deterge

nt
b 

Reducta

nt
c 

Salt
d 

PEG 

3350
e 

GdnHC

l
f 

Cation
g 

Sucros

e
h 

Arginine
i 

5 Tris 8.2 NDSB DTT 1 1 0 1 0 0 

7 MES 5.5 DDM DTT 0 0 0 1 1 1 

8 MES 5.5 T80 DTT 0 1 1 0 0 1 

9 MES 5.5 NDSB TCEP 1 0 0 0 0 1 

10

* 

Tris 8.2 T80 TCEP 0 0 1 1 0 0 

13 Tris 8.2 DDM TCEP 0 1 0 0 1 0 

14 MES 6.5 NDSB DTT 1 0 1 0 1 0 

15 Borate 

9.5 

NDSB TCEP 1 1 1 1 1 1 

16 Borate 

9.5 

T80 DTT 0 0 0 1 1 1 

17 Tris 8.2 0 DTT 1 0 1 0 1 0 

22 MES 6.5 0 DTT 1 1 0 1 0 0 

24 MES 6.5 DDM TCEP 0 0 1 1 0 0 

27 Borate 

9.5 

0 TCEP 1 0 0 0 0 1 

30 MES 6.5 T80 TCEP 0 1 0 0 1 0 

31 MES 6.5 0 TCEP 1 1 1 1 1 1 

32 Borate 

9.5 

DDM DTT 0 1 1 0 0 1 

Table 2.1. Refolding screen adapted from Fox et al (139).  The refolding buffers 

contained the following components:  
a
buffer (50 mM);  

b
DDM (0.3 mM), Tween 80 (0.5 

mM), NDSB 201 (1 M);  
c
BMC (5mM), TCEP (5mM), DTT (5 mM), GSH:GSSG (1mM: 

0.1mM);  
d
0= NaCl/KCl (10.56 mM/ 0.44 mM), 1=NaCl/ KCl (264 mM/ 11 mM);  

e
0= 

no PEG 3350, 1= PEG 3350 (0.06 % w/v);  
f
0= no GndHCl, 1= GdnHCl (550 mM);  

g
0= 

EDTA (1.1mM), 1 = MgCl2/CaCl2 (2 mM/ 2mM);  
h
0= no sucrose, 1= sucrose (440 mM);  

i
0 = no arginine, 1= arginine (550 mM).  Ultimately refolding buffer #10 (*) was used to 

renature 
2
H, 

13
C, 

15
N-APE1

ΔN38
. 
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The refolding experiments were performed on a small-scale, and each condition was 

tested for soluble APE1 after 3 and 48 h incubations at room temperature and 4ºC.  

Several refolding buffers resulted in significant levels of soluble APE1 with the 

exceptions being buffers #5, #13, #17, #22, and #24 (Figure 2.4).  

 

 

 

Figure 2.4.  Several refolding conditions yielded soluble APE1
ΔN38

.  10% SDS-PAGE 

gels are used to show the level of soluble APE1
ΔN38

 after attempts to refold the denatured 

protein with buffers 5, 7, 8, 9, 10, 13, 14, 15, 16, 17, 22, 24, 27, 30, 31, 32 (lanes 3-10 

and 13-20) (139). Refolding experiments were performed at 4 ºC and 22 ºC, with the 

extent of refolding being assessed after 3 and 48 h.  The solubility of untreated APE1
ΔN38

 

(lanes 1 and 11) and denatured APE1
ΔN38

 (lanes 2 and 12) are also depicted on the gels. 

Untreated APE1 was originally loaded at 1000-fold the concentration than refolded 

samples at the 3 hours timepoint gels, but is shown at the 100% protein recovery 

concentration for all the 48 h gels, allowing for direct comparison of the folding efficacy 

for each tested condition. 
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Refolding condition results in fully-active APE1- Since several refolding buffers 

resulted in soluble APE1, we then examined the effect of refolding on the AP 

endonuclease activity of the enzyme.  Using a molecular beacon assay developed in our 

lab (21), we measured AP endo activity on an abasic DNA substrate under steady-state 

conditions for the refolding conditions giving the highest protein solubility.  On 

comparing the activities of the refolded and wildtype proteins, we found refolding buffer 

#10 yielded  nearly the same activity as untreated APE1
ΔN38 

(Figure 2.5).  

 

Figure 2.5.  Refolded APE1
ΔN38

 has comparable AP endo activity to untreated 

APE1
ΔN38

.  AP endonuclease activity for refolded APE1
ΔN38 

and untreated APE1
ΔN38 

are 

colored red and black, respectively, and were measured by monitoring the change in 

fluorescence over time.  Baseline fluorescence for each sample is also shown. 
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Refolding APE1 on large scale - Since refolding of APE1
ΔN38

 in buffer #10 yielded  

soluble enzyme with repair activity nearly to untreated protein, we used this condition on 

a larger scale in order to compare the structure of the refolded protein to untreated 

APE1
ΔN38

.  Using 
15

N-labeled protein, initial attempts to refold APE1
ΔN38

 with buffer #10 

were unsuccessful as evidenced by the presence of narrowly-distributed, intense 

resonances in the 7-8 ppm range – a textbook NMR spectrum pattern for unfolded protein 

(Figure 2.6).  On reevaluation, we postulated the DNA in the repair assay may have been 

essential for the refolding of APE1
ΔN38

, and we included DNA into refolding buffer #10.  

The inclusion of the DNA finally enabled us to obtain a folded, albeit DNA-bound 

APE1
ΔN38 

as shown in Figure 2.7.  The DNA was subsequently removed from the sample 

using anion exchange chromatography, allowing us to obtain a properly folded and DNA-

free APE1
ΔN38

 with no significant structural changes as compared to untreated APE1
ΔN38

 

(Figure 2.8).  Using this methodology, we then refolded 
2
H, 

13
C, 

15
N-APE1

ΔN38
 as 

described in extensive detail in Materials and Methods.  
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Figure 2.6. APE1
ΔN38

 remained unfolded after refolding attempt in buffer #10 without 

DNA substrate. 15
N-HSQC showing intense and narrowly distributed resonances for 

initial attempts to refolded APE1
ΔN38

 with buffer #10. 
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Figure 2.7.  APE1
ΔN38

 refolds in the presence of dsAP-DNA.  Overlaid 
15

N-HSQC 

spectra of refolded APE1 bound to DNA and untreated APE1 colored red and black 

respectively, show the significant conformational changes for free and DNA-bound 

APE1.    
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Figure 2.8. Refolded APE1
ΔN38

 assumes the same conformation as non-denatured 

APE1
ΔN38

.  Overlaid 
15

N-HSQC spectra of refolded APE1
ΔN38

 and untreated APE1
ΔN38

 

colored red and black respectively, reveals no significant structural changes due to 

refolding APE1
ΔN38

. 
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Extent of assignments and data deposition- Analysis of the triple resonance experiments 

provided the sequence-specific assignments for over 90% of the backbone (
1
H

N
, 

15
N, 

13
C

α
, 

13
C´) and 

13
C

β
 resonances for APE1

ΔN38
. The high quality of the 3D TROSY data is 

shown in Figure 2.9, which displays well-dispersed, intense resonance peaks for 

APE1
ΔN38

 collected with a TROSY HNCACB experiment.  Figure 2.10 shows a 
15

N-

TROSY spectrum of APE1
ΔN38

 with the backbone 
1
H-

15
N resonances assigned. 

 

Figure 2.9. 3D TROSY HNCACB of 
2
H, 

13
C, 

15
N-APE1

ΔN38
 (0.8 mM) collected at 298K 

on an 800 MHz spectrophotometer.   
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Figure 2.10.  Shown is the 2D 
15

N-TROSY spectrum of 
2
H, 

13
C, 

15
N-APE1

ΔN38
 (0.8 

mM) collected at 298K on an 800 MHz spectrophotometer.  For clarity, the region 

shown does not include G231 (δ
1
H = 6.23, δ

15
N = 118.3). 
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We assigned 235 of 261 (90%) of the backbone 
1
H

N
-
15

N resonances (APE1
ΔN38

 has 280 

native residues with 19 Pro), 94% of 
13

C
α
, 93% of 

13
C

β
, and 93% of 

13
C´ resonances. We 

assigned the 
13

C
α
, 

13
C

β
, and 

13
C´ resonances for all Pro residues except Pro48, which is 

followed by Pro49, and Pro122 located in a loop region. The backbone 
1
H

N
-
15

N chemical 

shifts could not be assigned for residues G80-V84, E87, D90, E101, L104, S120, S123-

G130, Q153-R156, G178, D210, T268, and G279. These residues are located in loops or 

regions for which low electron density or high temperature (B) factors are observed in 

one or more of the three crystal structures of free APE1 (56, 78). The absence of 

backbone 
1
H

N
-
15

N resonances for residues in helix 1 (80-87) is consistent with evidence 

of mobility from crystallographic studies (higher than average B factors) and molecular 

dynamics simulations (78). It was proposed that mobility of this helix may expose the 

buried Cys65 side chain, which has been suggested to play a role in the redox activation 

of transcription factors by APE1 (78).  As shown in Figure 2.11, the secondary structure 

predicted by the program TALOS+ (144) using our assigned chemical shifts is in close 

agreement with the crystal structures of APE1.  

 

Figure 2.11. Secondary structure of APE1 predicted by TALOS+ using the chemical 

shifts reported here agrees with observed in crystal structures of APE1.  The output 

from the program TALOS+ (144) is displayed in a column chart (blue, β-strand; red, α-

helix) and column height reflects the probability assigned by the prediction program of 
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TALOS+ (α-helical vaxues are negative for clarity).  Shown above the column chart is 

the secondary structure observed in APE1 crystal structures (PDB ID: 1BIX, 1HD7). 

 

Our assignment of the 
13

C
α
 and 

13
C

β
 chemical shifts for all seven Cys residues of APE1 

will facilitate NMR studies into the potential role of Cys oxidation in regulating its DNA 

repair activity and in its redox-mediated activation of transcription factors including c-

Jun, and NF-κB. We have also assigned chemical shifts for three residues essential for AP 

endonuclease activity, Tyr171, D210 (except 
1
H

N
, 

15
N) and His309, which could facilitate 

future NMR studies of their role in catalysis. The chemical shift assignments for 

APE1
ΔN38

 have been deposited in the BioMagResBank under the accession number 

16516. 
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Chapter III.  NMR studies reveal an unexpected binding site for a redox inhibitor of 

AP Endonuclease 1. 

 

3.1 Introduction 

 

APE1 is a multi-functional protein with essential roles in DNA repair and 

transcriptional regulation.  APE1 is required for repair of AP sites and other mutagenic 

and cytotoxic DNA lesions, and is a central element of BER and DNA strand break repair 

pathways (145–147). In one of its regulatory roles, APE1 serves as a trans-acting factor 

as part of a protein complex that binds nCaREs to down-regulate genes such as PTH and 

renin, a function promoted by p300-mediated acetylation of APE1 (148, 149). This 

regulatory role and the DNA repair functions of APE1 are essential for embryonic 

development and cell viability (3, 7, 150). In a distinct regulatory function, APE1 was 

found to activate the transcription factor AP-1 (c-Jun/c-Fos) via a redox (reduction-

oxidation) mechanism; thus, APE1 is also known as Ref-1 (redox effector factor 1) (42, 

151). APE1 activates AP-1 by mediating the reduction of a Cys residue in a DNA binding 

domain of the transcription factor target, and APE1 was subsequently shown to activate 

many other transcription factors in a similar manner, including NF-κB, HIF-1α, p53, and 

RARα, among others (149, 151). 

 While the catalytic residues and active site for the DNA repair activity of APE1 are 

established, the same cannot be said for its redox activity. Much attention has focused on 

the seven conserved Cys residues in mammalian APE1, and an initial study with 

recombinant APE1 and Cys/Ala mutants concluded that C65 (human APE1) is essential 
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for redox activity in vitro (49). However, crystal structures of APE1, free and DNA-

bound, show that C65 is buried, indicating a major conformational change would be 

required for C65 to mediate the reductive activation of transcription factors (56, 83). A 

subsequent study found that mice homozygous for the C64A variant of APE1 (equivalent 

to C65 in human APE1) survive to normal life expectancy with no overt abnormal 

phenotype, that cell extracts from these mice exhibit normal AP-1 DNA binding activity, 

and that recombinant C64A mouse APE1 has normal AP-1 reducing activity (in cell 

extracts), altogether indicating C64 (C65 human) is not essential for redox activity (55). 

A recent study shows APE1 can enhance the activation of transcription factors provided 

by GSH or thioredoxin (Trx), and this function is retained for APE1 that lacks all Cys 

residues (Cys → Ser), indicating a “redox chaperone” mechanism for APE1 activation of 

transcription factors (59). Nevertheless, the potential role of C65 remains controversial, 

despite the fact that more recent studies conclude C65 is important for redox activity (52, 

122) including a report that redox-inactive zebrafish APE1 gains redox activity upon 

Thr/Cys mutation at the site equivalent to C65 of human APE1. 

 Despite ambiguity regarding the mechanism of APE1 redox activity, numerous 

compounds have been reported to inhibit APE1 redox activity in vitro and in vivo. The 

most well studied example is a quinone derivative known as E3330 or (E)-3-(5, 6-

dimethoxy-3-methyl-14-dioxocyclohexa-25-dienyl)-nonylpropenoic acid, the first 

inhibitor of APE1 redox activity to be discovered (98, 120, 121). Previous studies 

indicate E3330 binds specifically to APE1, and it has been proposed that E3330 

selectively inhibits its redox but not its DNA repair activity (52, 121, 122). Recent studies 

have identified many new compounds that inhibit APE1 redox activity, some more 
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effectively than E3330 (152, 153). Efforts to develop inhibitors of APE1 redox activity 

are driven in part by findings that such compounds could potentially lead to drugs that are 

useful for treating diseases including cancer (116, 119, 153, 154). Such inhibitors are 

potentially important research tools for elucidating the effects of selectively inhibiting 

APE1 redox activity, which cannot be accomplished by suppressing APE1 levels given its 

essential roles in DNA repair and as a trans-acting transcriptional cofactor (118, 122). 

 While the development of novel redox inhibitors would benefit from structural 

information regarding APE1-inhibitor interactions, no structural data is available to date 

for any redox (or repair) inhibitor. Given that some studies implicate C65 in redox 

activity, it has been inferred that redox inhibitors bind near C65 (122), but the binding 

site remains unknown for any inhibitor. To address this issue, we used NMR chemical 

shift perturbation experiments and molecular docking studies to elucidate the binding site 

for E3330. Such an approach is enabled by our determination of the chemical shift 

assignments for APE1 as detailed in Chapter 2 (155). In addition, we synthesized another 

APE1 redox inhibitor, (E)-3-(3-chloro-1,4-naphthoquinon-2-yl)-2-methylpropenoic acid, 

also known as RN7-60, which is reported to inhibit redox activity more efficiently than 

E3330 (152, 153), and we determined the binding site for RN7-60. Using the NMR data, 

we also determined the dissociation constant (Kd) for E3330 and RN7-60.  Additionally 

we reassessed the effect of E3330 on both APE1 repair and redox activity.  Our results 

have implications for previously suggested mechanisms by which these compounds 

inhibit APE1 redox activity, and provide new structural information that could facilitate 

the development of improved redox inhibitors that may have important research and 

clinical applications. 
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3.2 Materials and Methods 

 

Protein Expression and Purification - Full length APE1 and a construct lacking the 38 

N-terminal residues (APE1
ΔN38

) were expressed in E coli and purified (at 4 °C) as 

previously described (21, 155), including Ni-affinity chromatography (Qiagen), overnight 

thrombin cleavage of the N-terminal poly-His tag, and ion exchange chromatography 

using a 5 ml HiTrap SP HP column (GE Healthcare). The resulting APE1 and APE1
ΔN38

 

was > 99% pure as judged by SDS-PAGE (coomassie stained gel). The concentration of 

both constructs was determined by absorbance using a molar absorption coefficient of 

ε
280

 = 54.4 mM
-1

cm
-1

 (156), flash frozen, and stored at −80 °C. 

An expression plasmid for the W280A variant was generated from the pET-28b 

plasmid for APE1
ΔN38

 (155) using the QuikChange II site-directed mutagenesis kit 

(Stratagene) with PCR primers of 5´-GAA TGC TCG ATC CAA GAA TGT TGG TGC 

GCG CCT TGA TTA C (forward), and 5´-GTA ATC AAG GCG CGC ACC AAC ATT 

CTT GGA TCG AGC ATTC (reverse). The W280A mutation was confirmed by DNA 

sequencing. APE1
ΔN38

-W280A was expressed and purified as above, and quantified by 

absorbance (ε
280

 = 50.9 mM
-1

cm
-1

).  

 

Uniformly 
15

N-labeled protein was produced by expression in MOPS minimal 

media with 99% [
15

N]-NH4Cl (1g/L) (Cambridge Isotope Laboratories) (157). Briefly, 

transformed BL21 (DE3) cells (Novagen) were grown overnight on an LB plate (37 °C), 

then ~30 colonies were used to inoculate 0.2 L of LB medium, and grown (37 °C) to 

OD600 = 0.6. Cells were harvested, suspended in 2 l of MOPS minimal media, and grown 
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to OD600 = 0.7. The temperature was reduced to 15 ºC, protein expression was induced 

with IPTG (0.4 mM) overnight (~14 hrs), and protein was purified as described above. 

Human p50, one subunit of the NF-κB heterodimer, was expressed in E. coli 

BL21 (DE3) cells using a pET-14b plasmid (generously donated by H. Handa) (121) with 

0.4 mM IPTG for 16 hrs at 16 °C, and purified using nickel affinity (Qiagen) and cation 

exchange chromatography, as described above for APE1. Purified p50 was dialyzed 

versus 20 mM HEPES pH 7.9, 0.1 M KCl, 10% glycerol, 0.2 mM EDTA, the p50 

concentration was determined using a molar absorption coefficient of ε
280

 = 29.3 

mM
-1

cm
-1

, and aliquots were flash frozen and stored at −80 °C. 

 

DNA Purification - The oligodeoxynucleotides (ODN) used to make duplex DNA for the 

APE1 repair and redox assays were synthesized (trityl-on) at the Keck Foundation 

Biotechnology Resource Laboratory, Yale University. The ODNs were purified with 

Glen-Pak cartridges (Glen Research) and their concentration was determined by 

absorbance (158). Duplex DNA was hybridized by heating to 80°C followed by slow 

cooling to room temperature. DNA containing a p50 binding site was comprised of 

5´-AAGGGACTTTCCGCTGGGGATTCCAY, where Y is fluorescein-dT, and its 

complement 5´-ATGGAATCCCCAGCGGAAAGTCCCTT. For the AP endonuclease 

assay, duplex DNA was comprised of 5´-AGTGCGTCCFCGACGAC, where F is a 

tetrahydrofuran abasic site analog, and its complement, 5´-GTCGTCGGGGACGCACT. 

 

E3330 - (E)-3-[2-(5,6-dimethoxy-3-methyl-1,4-benzoquinonyl)]-2-nonylpropenoic acid 

(E3330), generously provided by Dr. Hiroshi Handa (Tokyo Institute of Technology) or 
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obtained from Sigma, was dissolved in ethanol-D6 (99% D) at a concentration of 50 mM 

and stored at −20 °C. 

 

 

 

Synthesis of RN7-60 - We synthesized a previously identified inhibitor of APE1 redox 

activity, referred to as RN7-60 or as 16f, (E)-3-(3-chloro-1,4-naphthoquinon-2-yl)-2-

methylpropenoic acid, essentially as described (159) but with the changes noted below. 

Note that compounds 14a, 15a, 15f below are precursors for the synthesis of 16f as 

previously described (159). To obtain 14a, 1, 4-dimethoxy-2-naphthaldehyde (13a) (10.0 

g, 63.2 mmol) was hydrogenated using Pd/C (10 wt % 0.99 g) in the presence of 

anhydrous THF (250 mL) at 30 psi for 4 h, at which point it was purified using flash 

chromatography eluting with CH2Cl2, to yield 14a as a yellow-orange solid (2.26 g,  

10.45 mmol, 77%). In an analogous fashion, 14f was obtained as yellow solid (1.44 g, 

5.74 mmol, 64%). 
1
H NMR (CDCl3): δ 4.00 (s, 3H), 4.06 (s, 3H), 7.59-7.61 (m, 1H), 

7.68-7.72 (m, 1H), 8.12-8.14 (m, 1H), 8.23-8.25 (m, 1H), 10.62 (s, 1H). Synthesis of 15f 

was as described (159). Following purification using a silica-based gravity column (wash, 

100% hexane; elute, 5% EtOAc/95% hexane) and preparative TLC (acetone eluent), 

afforded 15f as a yellow solid (150 mg,0.45 mmol,10%). 
1
H NMR (CDCl3): δ 1.41 (t, 

3H), 1.80 (s, 3H), 3.81 (s, 3H), 3.94 (s, 3H), 4.21-4.26 (m, 2H), 7.52-7.63 (m, 2H), 7.71-

7.72 (d, 1H), 8.11-8.32 (m, 2H). In a similar manner as previously described (159), 16f 

was synthesized and purified using preparative TLC eluting with (3:17 acetone: hexanes; 
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0.5% AcOH, to give a tan solid (11 mg, 0.04 mmol, 7%). 
1
H NMR (CDCl3): δ 1.25 (d, 

3H), 7.26 (d, 1H), 7.81-7.83 (m, 2H), 8.19-8.24 (m, 2H). 16f was dissolved in ethanol-D6 

(99% D) at a concentration of 50 mM and stored at −20 °C. 

 

NMR experiments and determination of dissociation constants  - NMR samples (0.30 

ml) contained uniformly 
15

N-labeled protein (APE1, APE1
ΔN38

, or APE1
ΔN38

-W280A) at 

a concentration of 75-200 μM, in the absence or presence of inhibitor (varying 

concentrations). The standard NMR buffer contained 0.02 M sodium phosphate pH 6.5, 

0.1 M NaCl, 0.5 mM DTT, 0.2 mM EDTA, 10% D2O, and up to 2% (v/v) ethanol-D6. 

Ethanol-D6 was used to maintain ligand solubility. All samples with ligand were 

compared to a control that lacked ligand but had an identical concentration of protein and 

ethanol-D6. The 
15

N-HSQC or 
15

N-TROSY experiments were collected on 600 or 800 

MHz Bruker NMR spectrometers, processed with NMRPipe (141), and analyzed with 

SPARKY (142). The chemical shift change (Δδ) was calculated using eq. 1, which 

reflects the total weighted change in 
1
H and 

15
N chemical shift for a given peak in the 2D 

spectra: 

Δδ = [(ΔδH)
2
 + (0.1ΔδN)

2
]
1/2

      (1) 

We calculated dissociation constants (Kd) from the dependence of Δδ on ligand 

concentration using DynaFit (160, 161), with global fitting of data for multiple residues. 

Figures for Kd were generated using Grafit 5 (162). 

 

NMR Saturation Transfer Difference Experiments - 15
N-labeled APE1

ΔN38
 was 

lyophilized and then suspended in NMR buffer (above) prepared with D2O (99.9% D). 
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The NMR sample (0.5 ml) contained 50 µM APE1
ΔN38

 and 1 mM E3330 in this buffer 

with 2% ethanol-D6. The saturation transfer difference (STD) NMR experiments were 

performed as previously described (163) at 600 MHz and 25 °C. The pre-saturation 

period (2 s) consisted of 40 selective pulses of 50 ms duration and separated by a 1 ms 

delay. The selective pulse was set for on- and off-resonance frequencies of −0.4 ppm and 

30 ppm, respectively. A control STD spectrum collected without the T1ρ filter (30 ms 

spin-lock pulse) gives the expected 1D spectrum for APE1
ΔN38

. The 
1
H and 

13
C chemical 

shift assignments for E3330 were confirmed by 1D 
1
H and 2D 

13
C-HMBC spectra. 

 

Docking Studies - The molecular docking experiments were performed using AutoDock 

Vina (164). A crystal structure of APE1 (including residues 44-318; PDBID 1BIX) was 

prepared for docking using AutoDock Tools (ADT, version 1.5.4) (165), by adding 

hydrogens, removing metal ions, assigning AD4 atom types, calculating gasteiger 

charges, and merging non-polar hydrogens. The molecule was allowed no side chain 

flexibility before formatting into the .pdbqt file. The 3D structure of E3330 was created 

using ChemBioOffice 2010 and formatted using the ADT program (to add hydrogens, 

determine AD4 atom types, and calculate partial charges). The ligand was allowed 12 

rotatable bonds before final formatting into the .pdbqt format. Global docking of E3330 

utilized a 60 Å cube that encompassed the entire protein, and local docking used a 20 Å 

cube centered at the binding site determined by NMR, giving essentially the same 

docking result. The exhaustiveness parameter was extended to 100 to enhance the 

accuracy of predicted binding conformations. A similar approach was used for molecular 

docking of RN7-60. All docking figures were generated with PyMOL (166). 
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AP endonuclease assay for APE1 - The AP endonuclease activity of APE1 (1 nM) or 

APE1
ΔN38

 (2.5 nM) was determined under steady-state conditions with abasic DNA 

substrate (1 µM) in the presence or absence of E3330 (100 µM). Reactions were 

performed at 37 °C for APE1 or at 30 °C for APE1
ΔN38

 in HEMN.1 buffer (0.02 M 

HEPES pH 7.5, 0.2 mM EDTA, 2.5 mM MgCl2, 0.1 M NaCl). Reactions were initiated 

by adding concentrated enzyme to buffer containing substrate, with or without E3330, 

and samples were removed at varying time-points and quenched with 0.1 M NaOH, 0.01 

M EDTA (final concentration). All reactions (with or without E3330) contained 2 % 

ethanol, as needed to maintain solubility of E3330. The reaction progress (product 

concentration) for each sample was determined by analytical HPLC, as described (158). 

Initial velocities (v0) were determined by fitting the data (product concentration versus 

time) using linear regression, and were converted to kobs (= v0/[enzyme]). 

 

Redox Assay - Electrophoretic mobility shift assays (EMSAs) were performed using 

purified APE1 or APE1
ΔN38

 and p50, essentially as described (98). Briefly, p50 was 

reduced by incubation in p50 storage buffer (0.02 M HEPES, pH 7.9, 0.1 M KCl, 0.2 mM 

EDTA, 10% glycerol) with 1 mM tris(2-carboxyethyl)phosphine (TCEP; Calbiochem) for 

30 min at 16 °C, and p50 was oxidized in the same buffer but with 1 mM diamide 

(Sigma) for 30 min at 16 °C. Both APE1 constructs were reduced in APE1 storage buffer 

(0.02 M HEPES pH 7.5, 0.2 mM EDTA, 0.1 M NaCl, 1 mM DTT, 1 % glycerol) with 1 

mM TCEP. Subsequently, TCEP and diamide was removed by three 10-fold dilutions in 

p50 buffer and centrifugal concentrators (Amicon). Prior to incubation with p50, APE1 or 

APE1
ΔN38

 (20 µM) was incubated, in the presence or absence of E3330 (varying 
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concentration), for 5 min at room temperature in binding buffer (0.02 M HEPES pH 7.9, 

0.1 M KCl, 0.2 mM EDTA, 5% glycerol, 0.01% NP-40, 0.2 mg/ml BSA) that also 

contained 2 % ethanol for all samples. Subsequently, oxidized p50 was added (1.5 µM 

final concentration) and samples were incubated 5 min at 37 °C (APE1) or 30 °C 

(APE1
ΔN38

). Finally, p50 DNA (0.1 uM) and poly(dI-dC) (0.15 mg/ml; Sigma) were 

added and samples were incubated 20 min at room temperature. Samples were diluted 5-

fold with TBE sample buffer, 5 ul was loaded to a pre-equilibrated 6% polyacrylamide 

native gel (Invitrogen), and electrophoresis was performed with 0.5 X TBE for 65 min at 

4 °C. The fluorescein-labeled p50 DNA was detected using a Typhoon 9400 imager. 

 

3.3 Results and Discussion 

 

NMR Determination of the E3330 binding site for APE1 - Given the high sensitivity of 

backbone amide 
1
H-

15
N resonances to structural and environmental changes, NMR 

chemical shift perturbation experiments are a powerful and widely used method to 

identify ligand binding sites of proteins (167, 168). We previously assigned the backbone 

and Cβ chemical shifts for human APE1
ΔN38

 (155), allowing us to map chemical shift 

changes induced by ligand binding to existing crystal structures of APE1 (56, 83). The N-

terminal region of APE1 (~45 residues) is disordered and yields intense NMR signals that 

can obscure peaks for some residues in the folded domain. Accordingly, we used an 

APE1 construct lacking the initial 38 N-terminal residues (APE1
ΔN38

) for most of the 

NMR experiments in this work. Previous studies indicate the 40 N-terminal residues are 

dispensable for the repair and redox activity of APE1 (50). Nevertheless, because the 
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backbone 
1
H-

15
N shifts for nearly all residues of the folded domain are not perturbed by 

the presence of the N-terminal region (i.e., shifts for APE1
ΔN38

 are largely unchanged for 

APE1), we could readily confirm the ligand binding site for full-length APE1. 

To determine the binding site for E3330, we collected 
15

N-TROSY experiments 

for APE1
ΔN38

, alone and in the presence of E3330 at molar ratios ranging from 0.5:1 to 

12:1 (E3330:APE1
ΔN38

). Figure 3.1A shows overlaid spectra for APE1
ΔN38

 alone (black 

peaks) and APE1
ΔN38

 with a 12-fold excess of E3330 (red peaks). Figure 3.1B shows 

closeup views of E3330-induced chemical shift changes for some of the more perturbed 

residues. As shown in Figure 3.1C, substantial chemical shift changes (Δδ > 0.02 ppm) 

are observed for many residues, including G231, M270, M271, N272, A273, V278, 

W280, and D308, and significant changes (Δδ > 0.01 ppm) occur for many additional 

residues. 
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Figure 3.1.  E3330-induced chemical shift perturbations for APE1
ΔN38

. (A) Overlay of 

15
N-TROSY spectra for APE1

ΔN38
 (76 µM, black peaks) and APE1

ΔN38
 with 12-fold 

excess E3330 (red) collected at 800 MHz, 25 ºC. Some of the most strongly perturbed 

residues are boxed. Note that Cys65 is boxed to indicate it is not altered by E3330 
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binding. (B) Close-up views of 
1
H-

15
N shift perturbations for N272, A273, and V278 

(backbone) and W280 (side chain), showing data for free APE1
ΔN38

 (black) and for 

E3330:APE1
ΔN38

 ratios of 0.5:1 (purple), 1:1 (blue), 2:1 (teal), 4:1 (green), 6:1 (yellow), 

10:1 (orange), and 12:1 (red). (C) Plot of E3330-induced shift perturbations (Δδ) versus 

amino acid residue (those with Δδ ≥ 0.02 ppm labeled). 

 

Figure 3.2 shows a crystal structure of DNA-bound APE1, with the residues most 

substantially perturbed by E3330 binding (Δδ > 0.02 ppm) in stick format. Remarkably, 

the NMR data reveal that E3330, an inhibitor of redox activity, binds in a pocket of the 

DNA-binding cleft for the repair activity of APE1. Indeed, the residues exhibiting 

substantial E3330-induced shift changes also function in the repair activity, by interacting 

directly with bound AP-DNA substrate or lining the DNA binding cleft. The two residues 

most perturbed by E3330 binding (G231, W280) lie within 5 Å of the flipped abasic 

nucleotide in the enzyme-substrate complex. While the E3330 binding site is clearly in 

the DNA-binding cleft, it is adjacent to, but distinct from, the catalytic site that contains 

residues essential for phosphodiester bond cleavage (E96, Y171, D210, N212, H309). 

While many previous studies suggested a conserved cysteine residue, C65, is essential for 

APE1 redox activity, we observe no chemical shift changes for C65 upon binding E3330 

(Figure 3.1). Likewise, we find no E3330-induced shift changes for C93, also implicated 

in redox activity, or any other Cys residue. 

 

 E3330 Binding Site Predicted by Molecular Docking - We modeled the E3330 binding 

using a crystal structure of APE1 and the docking program AutoDock Vina (164), a more 
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robust and accurate version of AutoDock 4. We used three-dimensional search fields that 

encompassed the entire protein for global docking, or a specific region that included the 

residues exhibiting substantial E3330-induced shift perturbations (Δδ > 0.02 ppm) for 

local docking. The ten most energetically favorable docking results, for both local and 

global docking, place E3330 in the DNA-binding cleft at the site determined by the NMR 

experiments (Figure 3.2B and 3.2C). Indeed, some residues exhibiting the largest E3330-

induced shift perturbation (G231, W280) lie within 5 Å of the docked E3330 molecule.  

Thus, the docking studies are fully consistent with the binding site determined by NMR. 

 

 

 

 

 

 

 

Figure 3.2.  E3330 binds in the DNA repair active site of APE1. (A) Residues exhibiting 

the largest E3330-induced shift perturbations in the spectra from Fig. 1 (Δδ ≥ 0.02 ppm; 

G231, M270, M271, N272, A273, V278, W280, D308) are shown in red stick format on 

an APE1-DNA crystal structure (PDBID: 1DE8). Note that G231 and W280 lie within 5 

Å of the flipped abasic sugar (purple) in the APE1-DNA complex. (B) The E3330 

binding site predicted by molecular docking is in excellent agreement with NMR shift 

perturbations. Shown is a docking result for E3330 (blue, stick) bound to APE1 (PDBID: 

1BIX), with APE1 oriented as in 2A and the most perturbed residues in red stick format. 
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Note that docked E3330 lies within 5 Å of G231 and W280. (C) Surface representation of 

APE1 with E3330 bound using global (blue) and local (cyan) docking; residues with 

larger perturbations (Δδ ≥ 0.02 ppm) are red and those with significant perturbations (Δδ 

≥ 0.01 ppm) are yellow. The protein is rotated up (about a horizontal axis) relative to the 

orientation in A and B for a better view of the binding pocket. 

 

Binding Parameters and Potential Effects of Mg
2+

 and pH - Figure 3.3A shows a plot of 

chemical shift perturbation (Δδ) versus E3330 concentration for several residues 

exhibiting E3330-induced shift changes for APE1
ΔN38

. We globally fit the data (Δδ versus 

[E3330]) for all of these residues using the program DynaFit (160, 161), obtaining a 

dissociation constant of Kd = 390 ± 60 μM. Given that the E3330 binding site is in the 

DNA cleft and therefore relatively close to the coordination site of the Mg
2+

 cofactor 

(required for repair activity), we repeated the E3330 NMR titration using the same NMR 

buffer, but with MgCl2 (2 mM). We find that the same residues participate in E3330 

binding, and global fitting of Δδ versus [E3330] for several of the perturbed resonances 

shows the binding affinity is nearly the same, Kd = 610 ± 99 μM (Figure 3.3B). We also 

performed the E3330 titration in buffer without phosphate (which could bind the DNA 

cleft) and with neutral pH and Mg
2+

, and we found that the same residues mediate E3330 

binding and the affinity is essentially the same, Kd = 520 ± 248 μM (not shown). 

Consistent with relatively weak binding for E3330, the data in Figure 3.1B shows the 

binding is in fast exchange on the NMR timescale, kex >> 2πΔv = ~100 s
−1

, as indicated 

by observation of a single averaged peak for the free and bound states (169). Our results 

are consistent with the recent findings that E3330 binding to APE1
ΔN40

 is relatively weak  
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(58) but not consistent with the proposal that binding is exceedingly slow (kon = 0.02 M    

–1
s

–1
; koff = 10

–4
 s

–1
), which would be slow on the NMR timescale (i.e., kex << 2πΔv) and 

be expected to yield individual peaks for the free and E3330-bound states. 

 

 

Figure 3.3.  Binding affinity of APE1
ΔN38

 for E3330 determined in buffer without  

MgCl2 (A) or with 2 mM MgCl2 (B). The E3330 binding affinity was determined from 

the dependence of shift perturbation (Δδ) on E3330 concentration, using DynaFit and 

global fitting of data for multiple residues, giving Kd = 390 ± 60 μM for Mg
2+

-free 

APE1
ΔN38

 (A) and Kd = 610 ± 99 μM for Mg
2+

-bound APE1
ΔN38

 (B). Fitting included data 

(□), and an unassigned Arg side chain (◊). 
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E3330 Binding to Full Length APE1 - We also collected NMR shift perturbation 

experiments for full-length APE1 to ascertain whether E3330 binding might be altered by 

the presence of its disordered N-terminal region. These experiments were performed at 

35°C, which serves to suppress the intense signals from residues in the N-terminal region, 

and is more physiologically relevant. The residues experiencing E3330-induced shift 

perturbation for APE1 are also perturbed for APE1
ΔN38

, indicating E3330 binds the same 

site for both proteins (Figure 3.4). NMR shift perturbations were used to calculate the 

binding affinity of APE1 for E3330, giving Kd = 55 ± 12 μM, about 7-fold tighter than the 

Kd for E3330 binding to APE1
ΔN38

 at 25 °C. NMR data for binding of E3330 to full-

length APE1 at 25 °C indicates the binding affinity is close to that observed for APE1
ΔN38

 

at 25 °C (not shown). Thus, tighter binding of E3330 to APE1 at 35°C versus 25 °C 

appears to be an effect of temperature rather than presence of the N-terminal region, 

consistent with the absence of E3330-induced shift changes for N-terminal residues of 

APE1. The Kd = 55 µM determined here for E3330 binding to full-length APE1 (at 37 

°C) is similar to recently reported IC50 values for inhibition of APE1 redox activity by 

E3330 (122, 153). 
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Figure 3.4 E3330 binds to full-length APE1. (A) Close-up views of 
15

N-HSQC spectra 

for APE1, free (200 µM, black peaks) and with a 4-fold molar excess of E3330 (red), 

collected at 800 MHz, 35°C. Shift perturbations are shown for the M270 backbone and 

W280 indole side chain N-H resonances. (B) Global fitting of Δδ versus [E3330] yields 

Kd = 55 ± 12 μM. 

 

Saturation Transfer Difference NMR Experiments - To further characterize the binding 

of E3330 to APE1, we performed saturation transfer difference (STD) NMR experiments, 

an established approach for identifying regions of a ligand that are located at the protein-

ligand interface (163). STD experiments monitor the transfer of saturation from 
1
H 

resonances of the protein to 
1
H resonances of the ligand, following selective saturation of 

the protein. The approach is well suited for protein-ligand interactions that are relatively 

weak (0.01 µM < Kd < 1000 µM) and in rapid exchange (163), consistent with our 

observed parameters for E3330 binding to APE1 (Figures 3.1 and 3.3). As shown in 

Figure 3.5, an STD NMR spectrum indicates that nearly all 
1
H resonances of E3330 

participate to some extent in binding APE1, consistent with the nearly complete burial of 
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E3330 in a pocket of the DNA binding cleft, as indicated by NMR shift perturbations and 

predicted by molecular docking (Figure 3.2). 

 

 

 

 

 

 

 

 

 

Figure 3.5. Saturation transfer difference (STD) NMR spectrum indicates that all 
1
H 

resonances of E3330 interact to some extent with APE1. The structure of E3330 is 

shown with protons labeled for reference to signals in the STD spectrum. Peaks with an 

asterisk are attributed to buffer components. The spectrum was collected at 600 MHz, 

25ºC. 

 

APE1 W280A Mutant Binds E3330 - The large E3330-induced shift perturbation for 

W280 (Figure 3.1) suggests it may participate in binding E3330, and we sought to 

examine this idea using a W280A mutant. We prepared an expression plasmid for 

APE1
ΔN38

-W280A and produced 
15

N-labeled protein using the approach for wild-type 

enzyme. As expected, a 
15

N-HSQC spectrum for APE1
ΔN38

-W280A lacks the peak for the 

side-chain N-H of W280, confirming its assignment, and the backbone N-H peak is 
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dramatically shifted (Figure 3.6). The spectrum also shows that backbone amide N-H 

resonances of many residues are perturbed by the W280A mutation, and that the protein 

is properly folded.  

 

 

Figure 3.6. The backbone and side chain N-H resonances for W280 are shifted and 

absent, respectively, for the APE1
ΔN38

-W280A mutant. 15
N-TROSY for APE1

ΔN38
 

W280A (100 µM, red) overlaid with a 
15

N-HSQC for APE1
ΔN38

 (190 µM, black), 

collected at 800 and 600 MHz, respectively, and 25 °C. 

 

We collected NMR shift perturbation experiments for E3330 binding to APE1
ΔN38

-

W280A (Figure 3.7A and 3.8). Despite the significant structural changes imparted by the 

mutation, the residues most perturbed by E3330 binding to APE1
ΔN38

-W280A (G231, 

Y269, M270, M271, A273, and D308) are consistent with those perturbed for wild-type 
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enzyme. Thus, the binding site for E3330 is not substantially changed by the W280A 

mutation. To allow docking studies of E3330 to APE1
ΔN38

-W280A, we used the program 

COOT (Crystallographic Object-Oriented Toolkit (COOT) (170) to generate the W280A 

mutation in an APE1 crystal structure. Using this structural model, docking studies 

(AutoDock Vina) predict E3330 binds APE1-W280A at the same site identified by NMR. 

Moreover, E3330 binds the W280A mutant at essentially the same site as for wild-type 

APE1, though E3330 appears to be more buried for W280A relative to wild-type protein 

(Figure 3.7B). Consistent with this observation, the binding affinity of APE1
ΔN38

-W280A 

for E3330, Kd = 107 ± 22 μM, is about 4-fold tighter than the affinity for wild-type 

APE1
ΔN38

 (Figure 3.7) (conditions of 25 °C, pH 6.5, no Mg
2+

). 

 

Figure 3.7.  E3330 binds to W280A variant of APE1
ΔN38

.  (A) Close-up views of E3330-

induced chemical shift changes for some strongly perturbed residues; including spectra 

for free protein (black) and for E3330:protein ratios of 1:1 (blue) and 10:1 (red). 
15

N-

HSQC spectra were collected at 600 MHz, 25 ºC. (B) Binding affinity of APE1
ΔN38

-

W280A for E3330 was determined from the dependence of shift perturbation (Δδ) on 

E3330 concentration using DynaFit and global fitting, giving Kd = 107 ± 21 μM. Fitting 
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representation of APE1-W280A with E3330 (purple stick) bound as determined by 

molecular docking. Residues exhibiting Δδ ≥ 0.01 ppm are colored yellow, and those with 

Δδ ≥ 0.02 ppm are red. The NMR and docking results indicate E3330 binds the same site 

as observed for native APE1, but the pocket is expanded by removal of the W280 indole 

side chain, providing additional protein-E3330 interactions. The structure of the APE1-

W280A mutant used for docking was generated with COOT (using PDBID: 1BIX). 

 

 

 

Figure 3.8. 
15

N-HSQC spectra for APE1
ΔN38

-W280A, free (100 µM, black) and in the 

presence of a 4-fold molar excess of E3330 (red), collected at 600 MHz, 25 °C. The 

most strongly perturbed residues are G231, Y269, M270, M271, A273, and D308 (as 

seen for wild-type APE1
ΔN38

), and many other residues are significantly perturbed (Δδ ≥ 

0.01 ppm), including Y171, V172, A175, G176, Q186, R187,  I218, R221, G225, N226, 
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K227, Q235, R274, R301, and L314. Several of the strongly perturbed residues are boxed 

on the overlaid spectra. 

 

E3330 inhibits the repair and redox activity of APE1 - Given our unexpected finding 

that E3330 binds the repair active-site of APE1, we examined the effect of E3330 on the 

DNA repair and redox activities of APE1. We find that E3330 substantially inhibits the 

AP endonuclease of APE1
ΔN38

 (Figure 3.9A) and full-length APE1 (Figure 3.9B). Indeed, 

steady-state kinetics experiments show APE1
ΔN38

activity, kobs = 0.53 ± 0.02 s
−1

, is 

reduced 40% by E3330 at a 100 µM concentration, kobs = 0.29 ± 0.02 s
−1

. Likewise, 

repair activity of full-length APE1, kobs = 0.39 ± 0.01 s
−1

, is 3-fold lower in the presence 

of 100 µM E3330, kobs = 0.13 ± 0.01 s
−1

. While this result stands in contrast with previous 

reports that E3330 does not inhibit the AP endonuclease activity of APE1 (122, 153), it is 

entirely consistent with the E3330 binding site determined here by NMR and supported 

by molecular docking. 

We also examined the effect of E3330 on the redox activity of APE1 using an 

electrophoretic mobility shift assay (EMSA) (98). As shown in Figure 9C and 9D, we 

find that APE1
ΔN38

 and APE1 can activate DNA binding of oxidized p50 (redox-sensitive 

subunit of NF-κB), and that E3330 inhibits this activity for both APE1 constructs. These 

results are consistent with previous reports that E3330 inhibits the ability of APE1 to 

activate oxidized p50 (using purified recombinant proteins rather than cell extracts) (98, 

121).  
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Figure 3.9. E3330 inhibits both repair and redox activity of APE1. Shown are data from 

steady-state kinetics experiments for (A) APE1
ΔN38

 (2.5 nM) and (B) full-length APE1 (1 

nM) collected with 1 µM AP DNA substrate in the absence (black) or presence (red) of 

100 µM E3330. For APE1
ΔN38

, rate constants are kobs = 0.53 ± 0.02 s
−1

 without E3330 

and kobs = 0.29 ± 0.02 s
−1

 with E3330. For APE1, kobs = 0.39 ± 0.01 s
−1

 without E3330 

and kobs = 0.13 ± 0.01 s
−1

 with E3330. (C) EMSA results show E3330 inhibits the redox 

activity of APE1
ΔN38

 and APE1. Binding of p50 to its cognate DNA (0.1 µM) is much 

weaker for oxidized p50 (lane 2) relative to reduced p50 (lane 5). DNA binding of 

oxidized p50 (1.5 µM) is activated by APE1
ΔN38

 (20 µM, lane 6) and by APE1 (20 µM, 

lane 13), and activation of p50 by APE1 is inhibited by E3330 (concentrations are 0.2, 

0.4, 0.6, 0.8, and 1.0 mM E3330 in lanes 7-11 and 14-18). The protein-DNA bands are 

annotated as follows: 1:1 p50:DNA, (°); 2:1 p50:DNA, (•); non-specific APE1-DNA 

binding, (*). 
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Binding Site for RN7-60 - To characterize the binding of a structurally distinct inhibitor 

of APE1 redox activity, we synthesized a naphthoquinone analog of E3330 known as 

RN7-60 (or 16f); (E)-3-(3-chloro-1,4-naphthoquinon-2-yl)-2-methylpropenoic acid (152, 

153). We synthesized RN7-60 using a previously described approach (152) with some 

modifications (Materials and Methods), and verified the purity and structure by thin layer 

chromatography and NMR. As shown in Figure 3.10A, NMR shift perturbation 

experiments reveal that RN7-60 binds APE1
ΔN38

 at a site that involves R136 and Q137. 

The binding affinity of APE1
ΔN38

 for RN7-60, Kd = 264 ± 72 μM (Figure 3.10B), is about 

2-fold tighter than for E3330 (under similar conditions). The most energetically favorable 

binding site for RN7-60 predicted by molecular docking (AutoDock Vina) is fully 

consistent with the site determined by NMR (Figure 3.10C), on the opposite side of APE1 

relative to the E3330 site (Figure 3.10D). We find no evidence for covalent modification 

of any Cys residue by RN7-60 under the conditions used here (which includes 0.5 mM 

DTT). This observation suggests previous findings that RN7-60 forms adducts with all 

seven Cys residues of APE1 (153) could reflect the absence of any reducing agent and 

perhaps low ionic strength of the reaction buffer (10 mM HEPES). We find APE1 

precipitates under such conditions (even at 4 °C), suggesting a loss of structural integrity 

due to low ionic strength and perhaps lack of reducing agent, whereas it is highly stable 

in the conditions used here. 
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Figure 3.10. Binding of RN7-60 to APE1ΔN38 characterized by NMR and molecular 

docking studies. (A) Close-up views of shift perturbations induced by RN7-60 for 

backbone and side-chain N-H resonances of R136 and Q137, including spectra for 

APE1ΔN38 (100 µM) without ligand (black peaks) and with a 4-fold excess of RN7-60 

(red). 15N-HSQC spectra were collected at 600 MHz, 25 ºC. (B) The affinity of 

APE1ΔN38 for RN7-60, Kd = 264 ± 72 μM, was determined from the dependence of 

shift perturbation (Δδ) on RN7-60 E3330 concentration using DynaFit and global fitting, 

including data for Q137 (○), Q137 side chain (●), Q137 side chain (□), Q137 side chain 

-60 (yellow) 

bound as determined by molecular docking, consistent with large shift perturbations (Δδ 
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≥ 0.02 ppm) for R136 and Q137 (colored red). (D) The binding site for RN7-60 (yellow) 

is on the opposite surface of APE1 relative to the site for E3330 (blue). 

 

Using NMR and molecular docking methods, we identified the binding site for E3330 

and RN7-60, providing the first structural information for any inhibitor of APE1 redox 

activity. RN7-60 binds a pocket on the opposite side of the protein from E3330, and 

seems to interact with Arg136 and Gln137 (Figure 3.10). Observation that E3330 and 

RN7-60 bind different locations of APE1, while not necessarily expected since they are 

both redox inhibitors, is consistent with significant structural differences between these 

compounds. The RN7-60 binding site is removed from C65 (~15 Å), and RN7-60 binding 

induces no chemical shift perturbations for C65 or any other Cys, including C138, which 

is close to the binding site. Thus, the previous finding that RN7-60 can form a covalent 

adduct with buried Cys residues of APE1 (153) seems likely to be due to experimental 

conditions (0.01 M HEPES pH 7.5, no salt or reducing agent). Our results do not support 

the proposal that RN7-60 causes partial unfolding of APE1, thereby exposing buried Cys 

residues (153). 

Remarkably, the NMR and docking studies here show that E3330 binds a pocket 

in the DNA-binding cleft for the repair activity of APE1 (Figure 3.2), far removed from 

C65, a residue suggested by some studies to be required for redox activity (49, 52, 122). 

The specificity of E3330 for the DNA-binding cleft is further demonstrated by 

observation that its affinity is enhanced by removal of the W280 side chain (Figure 3.7). 

It appears the W280A mutation provides additional space and interactions that facilitate 

E3330 binding, as indicated by a 4-fold lower Kd for W280A relative to wild-type APE1. 
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Binding of E3330 in the DNA repair active site is also supported by our finding 

that E3330 can substantially inhibit the AP endonuclease activity of APE1; activity is 

reduced by 67 % for an E3330 concentration of 100 µM at 37 °C (Figure 3.9). This level 

of inhibition is consistent with binding affinity of E3330 for APE1, Kd = 55 ± 12 µM at 

35 °C (Figure 3.4). Importantly, this finding suggests E3330 is not a selective inhibitor of 

APE1 redox activity, as previously proposed (52, 122). Cell-based studies that employ 

E3330 to inhibit APE1 redox activity report that observed effects occur for E3330 

concentrations ranging from 5-50 µM (59, 116, 122, 152, 171). Thus, our findings raise 

the possibility that the effects of E3330 treatment could include inhibition of APE1 repair 

activity. To our knowledge, this possibility has not been carefully examined in cell-based 

studies, indicating additional research is needed to determine the extent to which E3330 

may inhibit APE1 repair activity in cells. 

While the mechanism by which E3330 inhibits APE1 redox activity remains 

unknown, our findings are not consistent with three recent proposals. A study using mass 

spectrometry and chemical modification (N-methylmaleimide or NEM) reported that 

E3330 promotes NEM modification of at least one buried Cys in APE1
ΔN40

 and then 

rapid modification of the four remaining buried Cys residues (58). NEM modification 

was reportedly much slower for buried relative to solvent-exposed Cys residues (t1/2 of 7 

h and 2 m, respectively). It is concluded that NEM modification is limited by slow 

association of E3330 and APE1
ΔN40

 and proposed that E3330 binds selectively to locally 

unfolded (LU) APE1
ΔN40

 and traps the LU state, allowing NEM modification of a 

(formerly) buried Cys (172). The reported NEM data and binding model yield 

exceedingly slow binding kinetics; kon = 0.02 M
−1

s
−1

, koff = 10
−4

 s
−1

 (i.e., half-life of 2 h 
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for dissociation). Moreover, the model seems inconsistent with their finding that, after 

incubation with E3330 for 24 h, APE1 exhibits no NEM modification in 30 m (for buried 

Cys). In contrast, our NMR data shows that binding of E3330 to APE1 is rapid; the 

exchange rate is much greater than the chemical shift difference for free and ligand-

bound states (kex = kon[L] + koff >> 2πΔv ≈ 100 s
−1

). Thus, the report that E3330 enhances 

NEM modification of APE1 could reflect an E3330-induced conformation that provides 

minimal access of NEM to a buried Cys and which is likely to be sparsely populated 

and/or have a short lifetime. NMR studies of APE1 dynamics, in the presence and 

absence of E3330, could address this possibility (169). 

It was also proposed that E3330 promotes solvent exposure of C65, based on 

NEM modification of buried Cys residues (including C65) (58). However, because the 

mass spectrometry data do not indicate which buried Cys is modified first, it would seem 

the results could be explained by E3330-induced exposure of a Cys other than C65, 

trapping an “open” conformation that allows subsequent modification of the other buried 

Cys residues (including C65). Indeed, this possibility is demonstrated by NEM 

modification of the buried Cys residues for the C65A mutant (58). Our NMR results 

provide no evidence that E3330 binding leads to a significantly populated conformation 

in which C65 (or any buried Cys) is exposed, although E3330 could alter the dynamics of 

APE1 which might transiently expose a buried Cys residue. 

 Our results do not support the proposal that E3330 inhibits redox activity by 

promoting the formation of disulfide bonds in APE1 (58). It was reported that incubation 

of APE1
ΔN40

 with E3330 leads to formation of a C65-C93 disulfide bond, and several 

other disulfides (C65-C99, C65-C138, C93-C99, C93-C138), involving S nuclei that are 



77 

 

separated by 8-20 Å in APE1 (56). Notably, a C93-C208 disulfide was not reported, even 

though they are separated by only 3.5 Å. However, the relatively minor E3330-induced 

chemical shift changes observed here (Figure 3.1) are not consistent with the dramatic 

conformational change that would be needed to form these disulfide bonds, and no Cys 

residue is perturbed by E3330 binding, at 25 °C (APE1
ΔN38

) or 35 °C (APE1). One 

potential explanation for the previous results is that they arise from experimental 

conditions (37 °C, 0.01 M HEPES pH 7.5, no salt or reducing agent). We find the 

truncated enzyme (APE1
ΔN38

) aggregates and precipitates rapidly (within 7 m) under 

these conditions at 37 °C (Figure 3.11B), and this could promote formation of disulfide 

bonds, particularly in buffer that lacks reducing agent. In contrast, full length APE1 is 

stable for >1 h at 37 °C (Figure 3.11A).     

 

Figure 3.11. Dynamic light scattering (DLS) shows APE1 is stable but APE1Δ
N38

 

aggregates and precipitates rapidly at 37 °C. (A) DLS volume trace for full-length APE1 

(75 µM) following incubation at 37 °C for 4 min (black line) or 1 h (green line) in buffer 

of 0.02 M sodium phosphate pH 6.5, 0.1 M NaCl, 0.5 mM DTT, and 0.2 mM EDTA. (B) 
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DLS volume trace for APE1
ΔN38

 (40 µM) following incubation at 37 °C for 4 min (thick 

black line), 7 m (green), 9.5 m (blue), 12 m (thin black) and 30 m (magenta) in buffer of 

0.01 M HEPES pH 7.5, 0.02 M NaCl, 0.17 mM DTT, 0.03 mM EDTA, and 0.2% 

glycerol. This buffer approximates that used by Su, et al. (45), i.e., low ionic strength and 

little reducing agent. Data was collected using a Zetasizer Nano series DLS instrument 

(Malvern Instruments). 

 

Our findings suggest some potential mechanisms by which E3330 might inhibit 

the redox activity of APE1.  In a potential redox mechanism where APE1 directly reduces 

the Cys residue in a transcription factor, which has been shown by only a few studies 

employing purified proteins rather than cell extracts (98, 121), redox inhibitors could 

potentially act by blocking productive binding of APE1 to the transcription factor, or 

perhaps by suppressing an APE1 conformational change needed for transcription factor 

binding or activation. If C65 or perhaps C93 is involved in direct reduction of the redox-

sensitive Cys of the transcription factor, then E3330 and RN7-60 could act as allosteric 

effectors, since they bind a site removed from C65 and C93. It is notable that the vast 

majority of APE1 redox assays reported in the literature employ cell extracts containing 

the transcription factor (rather than pure transcription factor), raising the possibility that 

other factors are involved in APE1-mediated transcription factor activation. This 

possibility is supported by findings that the equivalent of C65 in murine APE1 is not 

needed for transcription factor activation in vivo or cell extracts (55), and by findings that 

APE1 facilitates transcription factor activation by glutathione (GSH) or thioredoxin (Trx) 

(59). This “redox chaperone” activity might involve APE1-mediated recruitment of GSH 
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or Trx to the transcription factor, or an APE1-mediated conformational change in the 

transcription factor that exposes a redox-sensitive Cys to GSH or Trx (59). It is 

conceivable that E3330 and related compounds could act by blocking APE1 interactions 

with GSH or Trx, or perhaps with the transcription factor itself. 

A detailed explanation for how E3330 and related compounds inhibit APE1 redox 

activity must await additional studies into the redox mechanism itself. Nevertheless, our 

results provide the first direct structural information for any APE1 inhibitor, and could 

facilitate the design and optimization of improved inhibitors that could eventually lead to 

compounds useful for research and perhaps clinical purposes. However, our findings 

suggest that obtaining inhibitors that are highly selective for the redox or repair activities 

of APE1 may be more challenging than previously envisioned.  
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Chapter IV.  Structural studies of APE1 Variants 

 

4.1 Introduction 

 

It is important to maintain the integrity of BER since defects in the pathway can 

result in neurodegenerative and immunological diseases as well as enhance the risk of 

developing cancer (173).  One such example is the development of Hyper IgM Syndrome 

Type V (HIGM5) due to mutation of uracil DNA glycosylase (UDG) (174, 175).  UDG is 

responsible for removing uracil bases which result from the spontaneous deamination of 

cytosine to thymine, but the enzyme is also involved in an activation-induced deaminase 

(AID) response (176).  This response pathway is important for creating antibody 

diversification and involves the AID enzyme, a deaminase which  

deliberately creates uracil bases in the genome (177, 178).  Mutation of the UDG gene 

can result in a non-functional enzyme or a Phe251Ser variant which localizes aberrantly 

in the cell (175).  These UDG variants result in high levels of genomic uracil and disrupt 

AID-induced class switch recombination (179, 180).  Another example is the 

development of MYH-associated polyposis (MAP) or colorectal cancer due to mutation 

of the Escherichia coli MutY homolog DNA glycosylase (MutY) (181).  MutY is 

responsible for removing adenines improperly paired with 8-oxo guanines, guanine, or 

cytosine bases.  MYH mutations such as Tyr176Cys and Gly393Ala result in a dramatic 

loss of glycosylase activity, increasing the rate of G:C to T:A transversions found in MAP 

patients (182, 183).   
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 Due to its important role in DNA repair as well as other pathways, APE1 has been 

studied for variants which may contribute to disease pathogenesis.  Preliminary studies 

linked several missense APE1 mutations (Leu104Arg, Glu126Asp, Asp148Glu, 

Glu283Gly, Gly306Ala) to diseases such as sporadic amyotrophic lateral sclerosis (Lou 

Gehrig disease) (184), but ultimately these findings were shown to have no direct 

correlation with disease progression (185, 186).  Several of these variants were 

biochemically characterized, specifically investigated for their effect on AP endonuclease 

and DNA-binding activities.  The Asp148Glu, Gly241Arg, and Gly306Ala variants were 

found to have normal repair and AP-DNA binding activities, whereas the Leu104Arg, 

Glu126Arg, and Arg237Ala mutants have diminished endonuclease activity (40-60% 

reduction) (187). The Asp148Glu variant has also been implicated in enhanced breast 

cancer risk (188), but further investigation of the variant using meta-analysis and genome 

wide association studies (189–193) showed no direct link between the mutation and 

breast cancer susceptibility. However, analysis of somatic mutations in endometrial 

tumors did find two APE1 variants, Pro112Leu and Arg237Cys, believed to be related to 

the disease (194). 

   Altogether there are several acknowledged APE1 population variants including 

Lys35Gln, Gly39Glu, Gln51His, Ile64Thr, Ile64Val, Asp148Glu, Gly241Arg, Pro311Ser, 

Thr313Ala, and Ala317Val, with the Asp148Glu and Gln51His variants found at a 

frequency of ~ 46% and ~ 3% respectively (173).  All of these APE1 variants, as well as 

the disease-associated Pro112Leu and Arg237Cys mutants, need to be further 

biochemically characterized for APE1 repair and redox activities.   Thorough 

investigation of these APE1 variants is currently being studied by the laboratory of Dr. 
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David Wilson at the National Institute of Agin (NIA).  Our work contributes to this study 

by investigating the potential effect of mutations on thermodynamic stability and 

structure of APE1. 

 

4.2 Materials and Methods 

 

APE1 Variant Expression and Purification – Site-directed mutagenesis for each variant 

was performed on a pET28b (+) plasmid harboring the APE1
ΔN38

 gene contained within 

the NheI and BamHI restriction sites.  Wildtype APE1
ΔN38

 and variants were expressed 

and purified as previously described (187, 195). 

 

Chemical Denaturation Assays - APE1 samples (400 nM) were incubated in 350 μL of 

denaturant buffer (20 m, RT) comprised of 20 mM HEPES pH 7.5, 0.2 mM EDTA, 2.5 

mM MgCl2, 0.1 M NaCl with varying GdnHCl concentrations (0-6 M). Lambda maxima 

values (λmax) were obtained for each sample on a QM-4 spectrofluorometer (Photon 

Technology International) after excitation at 295 nm and measurement of emission 

wavelengths ranging from 305-425 nm with slitwidths of 0.5 mm and 1.25 mm, 

respectively. Buffer was substracted from all spectra, and the average λmax was 

determined by three scans of each sample. GraFit5 was used to fit λmax in the presence of 

increasing [GdnHCl] (equation 4.1) (196) to determine the free energies of protein 

unfolding in absence of denaturant (ΔGuw), the values reflecting the dependence of the 

free energy on denaturant concentration (meq), and λnative using a fixed λunfolded of 350 nm 

measured at 25°C 
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   λmax = λnative -  [ (λnative-λunfolded)* e
-ΔGu/RT

] 

     ____________________ (4.1) 

      1 + e
-ΔGu/RT 

 

   

   where  ΔGu = ΔGuw - meq [GdnHCl] 

 

APE1
ΔN38

 Crystallization – APE1
ΔN38

 constructs were dialyzed into crystallization 

buffer containing 10 mM HEPES pH 7.5, 25 mM NaCl, 1 mM DTT, 1 mM MgCl2.  

Initial crystal hits were identified with a robot screen provided by the Protein 

Crystallography Service at the University of Maryland School of Pharmacy.   Using the 

Nextal PEGs suite screen with 0.5:0.5 and 0.65:0.35 (protein: mother liquor) ratios for 1 

μL drops, we identified two potential crystallization buffers.  After optimization, 

APE1
ΔN38 

(9 mg/mL) was crystallized using a 3:1 (protein: mother liquor) drop ratio for 2 

μL drops using mother liquor containing 100 mM MES pH 6.5, 30% (v/v) PEG 300.  

Crystal growth was observed after two days of incubation at 22 °C.  Before harvesting, 

the crystallization buffer was supplemented with 20% glycerol for cryprotection.  X-ray 

diffraction data was collected for the two mutant proteins on a Rigaku Micromax 7 

generator equipped with a Rigaku R-AXIS IV++ image plate detector.  With the 

assistance of Dr. Annie Heroux, we also collected diffraction data for a wildtype 

APE1
ΔN38

 crystal using the mail-in service at the Brookhaven National Laboratory 

National Synchrotron Light Source (197).  The images were processed and scaled using 

the HKL-2000 program suite.  Molecular replacement with a previously determined 

structure (PDB ID: 1BIX) was used to determine the solution structure.  Model building 

and refinement was completed with the COOT v. 0.6.2 program.  Figures were made with 

the program PYMOL. 
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4.3 Results and Discussion 

  

Chemical denaturation – To determine the overall stability of the APE1
ΔN38

 variants, we 

measured the thermodynamic stability of protein folding for each construct using 

chemical denaturation experiments.  These experiments measure the transition from a 

folded to an unfolded protein conformation in the presence of increasing denaturant 

(GdnHCl) by monitoring changes in intrinsic tryptophan fluorescence.  For folded 

proteins, hydrophobic tryptophans are buried within the interior of the protein and exhibit 

maximum fluorescence emission at λmax ~ 330 nm.  After chemical denaturation, the 

tryptophan residues are solvent-exposed and emit maximum fluorescence at a wavelength 

close to free tryptophan, λmax ~ 350 nm (198). 

We selectively excited the seven tryptophan residues of APE1 at 295 nm and 

monitored the emission spectra for each variant at increasing GdnHCl concentrations.  By 

plotting λmax over the course of the GdnHCl titration, we calculated the free energy of 

protein unfolding in the absence of denaturant (ΔGuw), and the sensitivity of the free 

energy of protein denaturation for each GdnHCl concentration, (meq) (196).  On 

comparing the transition curves (Figure 4.1) and calculated thermodynamic parameters 

(Table 4.1) for each APE1 variant, we find no significant statistical differences from the 

values as determined for wildtype and truncated APE1
ΔN38

.  We conclude that the 

mutations found in each of the APE1 variants do not affect the overall stability of APE1 

protein. 
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Figure 4.1.  APE1
ΔN38

 and APE1
ΔN38

 variant proteins have same protein stability. 

Chemical denaturation curves for all APE1 proteins show the same transition point for 

protein unfolding at ~ 2.5 M GdnHCl concentration.  

 

Table 4.1  APE1
ΔN38

 and APE1
ΔN38

 variant proteins have same thermodynamic 

parameters. The calculated thermodynamic parameters, ΔGuw and meq, for each protein  

are within error of full-length APE1 (1-318) and APE1
ΔN38 

values. 

 

Protein

Q51H

I64V

P112L

D143E

R237C

G241R

P311S

A317V

∆G
uw 

(kcal/mol) m
eq 

(kcal/mol*M)

APE1(1-318) 2.2 + 0.4 1.0 + 0.2

APE1(39-318) 2.0 + 0.2 0.8 + 0.1

2.2 + 0.5 1.0 + 0.2

1.5 + 0.4 0.8 + 0.1

3.0 + 0.7 1.2 + 0.2

1.9 + 0.2 0.8 + 0.1

1.7 + 0.4 0.8 + 0.1

2.6 + 0.5 1.1 + 0.2

1.9 + 0.5 0.8 + 0.2

1.7 + 0.2 0.9 + 0.1
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Preliminary crystallographic findings – Although there are several reported APE1 

crystallization conditions, we were unable to reproduce high-quality crystals using these 

conditions.  We therefore identified a novel APE1
ΔN38

-Mg
2+

 crystallization condition 

(Figure 4.2) through a Nextal PEGs screen provided by the Protein Crystallography 

Service at the University of Maryland School of Pharmacy.   

 

 

 

 

 

 

 

 

 

 

 

Figure 4.2.  APE1
ΔN38

-Mg
2+

 crystallizes in buffer containing 100 mM MES pH 6.5, 

30% (v/v) PEG300. 

 

Diffraction data for this crystal type was collected at the Brookhaven National Laboratory 

(197).  Data processing revealed our crystal structure shares the same space group and 

unit cell dimensions as a previous APE1 structure submitted to the Protein Databank 

(PDB ID: 2ISI).  Parameters for all APE1 crystal structures are shown in Table 4.2.   
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PDB     Unit Cell (Å)    Space Group  

                    

APE1*   166.81 x 92.53 x 94.56          C  1 2 1  

 

2ISI            167.35 x 92.39 x 94.01       C  1 2 1 

1BIX             87.26 x 94.6 x 78.78        C  1 2 1 

2O3H             46.69 x 143.6 x 45.38       P 21 21 2 

1HD7            128.39 x 44.85 x 78.14       C  1 2 1 

1DE8            122.85 x 122.85 x 107.07     I  4 1 

1DE9             90.06 x 98.35 x 101.05      P 21 21 21 

1DEW             71.22 x 72.25 x 93.75       P  1 21 1 

1E9N            137.52 x 45.02 x 125.7       C  1 2 1  

3U8U            95.84 x 97.28 x 132.15      P  1 21 1 

 

Table 4.2  Unit cells and space groups for all APE1 crystal structures.  Parameters for 

our condition are included (APE1*) and are identical to those observed for the 2ISI 

crystal structure. 

 

Although not complete, we have started refining the new APE1 structure and expect to 

finalize it within the next few months.  Preliminary analysis of the 2.70Å APE1 structure 

reveals three protein monomers within the unit cell (Figure 4.3).   

 

 

 

 

 

 

 

Figure 4.3.  New crystallization condition results in three monomers of APE1 in the 

asymmetric unit. 
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Two of these monomers are bound to a single Mg
2+

 ion which is coordinated through 

interactions with Asp70, Glu96, and Asp308 (Figure 4.4).  The first two monomers within 

our structure appear to have a high degree of structural homology with other published 

APE1 structures (data not shown).   Interestingly, the third APE1 monomer appears to 

have a slightly altered conformation from the other two monomers and previously 

published APE1 structures.  Additionally, this monomer does not appear to contain a 

Mg
2+ 

ion bound at the site described above, but more detailed conclusions cannot be 

stated until the final stages of refinements are complete.   

 

 

 

 

 

 

 

 

 

 

 

 

Figure 4.4.  APE1
ΔN38

 coordinates a Mg
2+

 ion (green sphere) with the nearby Asp70, 

Glu96, and Asp308 residues.  An inset view of the new crystal showing residues 

(monomer A) in close proximity to the Mg
2+

 ion. 
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In addition to the wildtype APE1
ΔN38

 crystal, we were able to crystallize and collect in-

house diffraction data for two of the APE1
ΔN38

 variants, Q51H and D148E (Figure 4.5).  

Again, we have only begun preliminary data processing for these crystals, and the final 

refinements have not been completed.  However, initial examination of the structures 

does not seem to show dramatic structural changes for either of the APE1 variants as 

compared to the wildtype enzyme (Figure 4.6).  To improve the resolution of the 

APE1
ΔN38 

Q51H and D148E crystals (2.54 Å and 3.15 Å respectively), more diffraction 

data will need to be collected on a synchrotron beam.  Additionally, we hope to further 

optimize APE1
ΔN38

 variant crystallization conditions, particularly for the APE1
ΔN38

 

R237C mutant which appears to be more challenging to crystallize.  

 

 

 

 

 

 

 

 

Figure 4.5. Crystal images for the APE1
ΔN38

 Q51H and D148E mutants (left and right 

respectively). 
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Figure 4.6. APE1 mutants appear to have similar conformation as the wildtype 

protein.  Overlaid ribbon structures of wildtype APE1
ΔN38

, APE1
ΔN38

 Q51H, and 

D148E
ΔN38

 are colored pink, cyan, and orange respectively.  Mutated side chains are 

shown in stick format and are color-coded. 

 

In conclusion, we have studied the thermodynamic parameters of protein folding for 

several APE1 variants found within the population.  We have also obtained preliminary 

diffraction data for wildtype and two variant APE1 proteins which harbor Q51H and 

D148E mutations.  This project is an on-going collaboration project with Dr. David 

Wilson at the NIA, and our data will supplement a main body of work from the Wilson 

laboratory which thoroughly investigates the biochemical effects of these variants.  It is 

important to reiterate we have not completed the final stages of refinement for the APE1 

structures, but all of the structures will be solved in collaboration with Dr. Eric Toth 

within the next few months. While initial examination of the mutant data does not show 
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remarkable structural differences, the data within this chapter provides evidence that both 

these mutants are thermodynamically stable and retain a folded conformation similar to 

the wildtype enzyme.  Thus, any effects observed from these mutations is most likely not 

the result of defects in protein stability or folding.  We aim to continue optimizing 

crystallization conditions, so other APE1 mutants such as R237C can be studied 

crystallographically.   

Additionally, our work within this chapter identifies a new crystallization 

condition for APE1.  Importantly, we have crystallized APE1 bound to its essential 

divalent cation Mg
2+

.  With the exception of the 2ISI and the 3U8U (newly published in 

10/26/11) APE1 structures, other structures of APE1 were coordinated with lead, 

manganese, platinum, or samarium acetate ions at the metal binding site.  The use of 

surrogate metals can lead to crystallization artifacts, such as the APE1 structure 

coordinated to two Pb
2+

 ions which led to speculation APE1 may require coordination of 

two Mg
2+

 ions at the repair site (78).  While further investigation confirmed a 1:1 

stoichiometry for APE1-Mg
2+

 binding using solid-state NMR (199), the 1E9N structure 

precautions against using surrogate metals for crystallization.  Additionally, we have 

noted the third APE1 monomer contained within the asymmetric unit cell of our new 

crystal form does not appear to bind a Mg
2+

 ion and retains a slightly altered structure 

from the other two monomers, potentially providing the first apo structure of APE1 not 

bound to DNA.    
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Chapter V.  Structural studies of MBD4 by NMR and X-ray Crystallography 

 

5.1 Introduction 

 

As discussed previously, endogenous and exogenous agents continually threaten cellular 

genome integrity by inducing DNA damage which must be repaired through the DNA 

repair pathways to prevent cytotoxic or mutagenic consequences (1, 2, 3, 4).  DNA 

damage occurring at a single nucleotide is repaired through the BER pathway (10).   

DNA glycosylases initiate the pathway by recognizing DNA lesions or mispairings by 

using a base-flipping mechanism to extrude the damaged or mispaired base from the 

DNA duplex (200).  The enzymes then cleave the N-glycosylic bond, resulting in the 

formation of an abasic (AP) site, allowing APE1 and the downstream BER enzymes to 

complete the repair process.   

 DNA glycosylases are faced with the difficult challenge of finding lesions 

amongst a vast background of undamaged DNA.  Remarkably, not only are DNA 

glycosylases able to locate lesions within a million-fold excess of unimpaired DNA, the 

enzymes can recognize and excise only their specific DNA targets.  The specificity of 

excision is even more profound for the G:T glycosylases since these enzymes recognize 

and remove normal thymine bases, but only within the context of G:T mispairings.  Thus 

it is important to elucidate how G:T glycosylases are able to specifically identify and 

remove thymine bases.   

 Methyl Binding Domain IV (MBD4) is a mammalian DNA glycosylase involved 

in the BER pathway where it preferentially binds to methylated CpG sites and removes 
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thymine bases from G:T mispairs (123).  These mispairs commonly occur at methylated 

CpG sites since deamination of m
5
C results in thymine (Figure 5.1), subsequently 

forming an inappropriate pairing with guanine.  Additionally, MBD4 has been implicated 

in MMR since the enzyme was found to interact with the the MMR protein, MLH1 (201).  

Although more research is needed to fully elucidate its activity in MMR, in general, the 

glycosylase activity of MBD4 appears to play an integral role in genome stability.  

Homozygous knockdown of MBD4 in mice results in increased levels of G:T mispairs 

and a high incidence of colon carcinomas (202).  MBD4 has also been shown to be 

clinically relevant since mutations in the gene have been found in 26-43% of human 

colorectal cancers which have high levels of microsatellite instability (6).  

 

 

 

 

 

 

Figure 5.1. Deamination of 5-methycytosine results in formation of thymine base. 

 

 The full-length MBD4 enzyme is comprised of 580 residues and contains an N-

terminal methyl binding domain (MBD) involving residues 76-148, a central core, and a 

C-terminal glycosylase domain requiring residues ~ 434-580 (203).  The C-terminal 

domain shares homology with the E. coli endonuclease III of DNA glycosylases while its 

N-terminal MBD domain is related to domains shared in the MBD protein family (123).   
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Specifically, MBD4 shares structural homology with MutY (enzyme recognizing 8-

oxoG:A mispairs in E. coli), Mig (protein which restores G:T mispairs in 

Methanobacterium thermoautotrophicum), EndoIII (protein specific for thymine glycol 

adducts in E. coli), and UV-endonuclease (enzyme which repairs photo-dimers in 

Micrococcus luteus) (204–207).  There is a high degree of homology for the DNA-

binding domains of mouse and human MBD4 with 86% and 95% conservation of the 

MBD and glycosylase domains respectively (123).   

  To further understand the mechanism employed by MBD4 to recognize G:T 

mispairs, both the DNA-binding domains of free MBD4, the MBD and glycosylase 

domains, have been studied crystallographically.  There are several crystal structures of 

MBD domains which have been solved for MBD family members such as the MBD1-3 

and MeCP2 proteins (208, 209). Due to the high degree of sequence homology of the 

DNA-binding domain conserved between MBD4 and MBD-containing proteins, it is 

thought the MBD domain of MBD4 assumes a similar conformation to those solved in 

the crystal structures. Currently, there are only two crystal structures of the glycosylase 

domain of MBD4.  From these structures, it was determined that MBD4 belongs to the 

helix-hairpin-helix (HhH) DNA glycosylase superfamily (210, 211).  For the crystal 

structure solved with residues 400-554, the catalytically-active enzyme contains a single 

domain comprised of 11 helices which converge to form a cleft in the middle of the 

protein, believed to be the active site of the enzyme.  Helices α7 and α8 form the HhH 

motif separated by a hairpin and loop region. While the six helices preceding the HhH 

motif are highly conserved among family members, MBD4 was noted to have the 

shortest sequence immediately following the motif (210, 211).  
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 Interestingly, there is no structural homology with thymine DNA glycosylase 

(TDG) even though both are mammalian enzymes which recognize and remove G:T 

mispairs (212).  TDG is structurally-related to uracil-recognizing enzymes, such as uracil 

DNA glycosylase (UDG) and single-strand selective monofunctional uracil DNA 

glycosylase (SMUG1) (213, 214).  In additional to their structural disparity, MBD4 and 

TDG differ in their substrate specificity.  TDG preferentially excises N
4
-ethenocytosine 

or uracil opposite a guanine base over thymine, whereas the optimal substrate of MBD4 

is thymine as well as uracil and 5-fluorouracil, especially when the substrates are found 

opposite guanine within a CpG context (123, 134, 215, 216).   

 Due to its role in preserving genome integrity, we sought to further characterize 

the MBD4 glycosylase domain using both NMR and X-ray crystallography.  Specifically, 

we solved the crystal structure of MBD4 bound to its product DNA, providing insight 

into residues important for DNA binding and base-flipping.  We also have collected 

preliminary NMR data for MBD4 allowing for future study of the enzyme in solution. 

 

5.2 Materials and Methods 

 

MBD4 Expression and Purification.  Catalytic MBD4
Δ425

 was expressed in E. coli cells 

by transformation of BL21 DE3 (Gold) with a pET28b plasmid containing the catalytic 

gene of MBD4. Cells were grown in minimal or rich media (3L), induced with 0.4 mM 

IPTG at OD600 = 0.6, and grown overnight for 16 h at 22 °C.  MBD4
Δ425

 was purified 

with nickel (Qiagen) and ion exchange chromatography, requiring both a 5 mL HiTrap Q 

HP and SP HP column (GE Healthcare) to remove all protein impurities.  The resulting 
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MBD4
Δ425 

was > 99% pure as judged by SDS-PAGE (coomassie-stained gel).  The 

concentration was determined by the molar absorption coefficient of Є280
 = 54.4 mM

-1
 

cm
-1

, flash frozen, and stored at -80°C in 20 mM HEPES pH 7.5, 100 mM NaCl, 1 mM 

DTT, 0.2 mM EDTA, 1 % glycerol. 

 

DNA Purification.  Oligonucleotides (ODN) were synthesized (trityl-on) at the Keck 

Foundation Biotechnology Resource Laboratory at Yale University.  The ODNs were 

purified and hybridized as previously described (217).  The MBD4 product DNA was 

comprised of 5'-TGTCCAFGTCT where F is a tetrahydrofuran abasic site analog, and its 

complement, 5'-AAGACGTGGAC. 

 

MBD4 NMR – 
15

N-MBD4
Δ425

 was selectively labeled as previously described (217) and 

dialyzed into NMR buffer containing 20 mM sodium phosphate pH 6.5, 100 mM NaCl, 

0.2 mM EDTA, 0.5 mM DTT.  A 
15

N-HSQC was collected for MBD4 (100 μM) on a 800 

MHz Bruker spectrophotometer at 25 °C (32 scans, 100 complex points).  The NMR data 

was processed with NMRPipe (141) and visualized with SPARKY (142).   

 

Dali Structural Alignments - Pairwise structural alignments were completed with our 

refined structure of MBD4
Δ425 

bound to AP-DNA (to be submitted to Protein Data Bank), 

the MutY structure bound to a transition state analog (PDB ID: 3FSP), and the free MIG 

structure (PDB ID: 1KEA) using the DaliLite v.3 server (218).  We also ran a complete 

database search with our MBD4
Δ425

-AP-DNA refined structure.  
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MBD4 Crystallography – MBD4
Δ425 

was dialyzed into buffer containing 20 mM sodium 

phosphate pH 6.5, 100 mM NaCl, 0.5 mM DTT, 0.2 mM EDTA before screening with the 

Nextal PEGs suite provided by the Protein Crystallography Service at the University of 

Maryland School of Pharmacy.  MBD4 (~250 μM) and 20% excess of dsDNA containing 

an abasic site analog (~300 μM) were plated in sitting wells with a 0.5:0.5 (protein: 

mother liquor) drop ratio for a 1 μL total volume drop.  A single rectangular crystal 

appeared in a well containing 0.2 M potassium acetate, 20% PEG (v/v) 3350 after two 

days of incubation at 22 °C.  The crystallization buffer was supplemented with 20% 

glycerol for cryoprotection.  In-house X-ray diffraction data was collected on a Rigaku 

Micromax 7 generator equipped with a Rigaku R-AXIS IV++ image plate detector.  The 

images were processed and scaled using the HKL-2000 program suite.  PHASER was 

used to obtain the solution structure of MBD4-DNA by simultaneously replacing the free 

MBD4 structure and AP-DNA from a MutY-DNA structure (PDB ID: 3IHO and 3FSP 

respectively).  Rigid-body refinement of the model phases was then completed with 

REFMAC.  Model building and refinement was completed with COOT v. 6.0.2 program.  

TLS refinement was also performed using MBD4 and the AP-DNA as separate domains.  

After several rounds of model building and addition of waters, the Rfree was 28.6% and 

the Rcryst was 21.8%.  Data collection and refinement statistics are found in Table 5.1.   

Figures were made with the program PYMOL.   
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Table 5.1.  Data collection and refinement statistics 

        hMBD4 (426-580) / DNA 

Data collection 

Space Group    P 21 21 21 

Cell dimensions 

 a, b, c (Å)   41.00, 55.16, 122.19 

 α, β, γ (°)   90, 90, 90 

Resolution (Å)   2.76  

Rsym     0.156 (0.941) 

I/ζI     10.6 (1.3) 

Completeness (%)   99.9 (100) 

Redundancy    9.8 (9.7) 

 

Refinement 

Resolution (Å)   2.76 

Number of reflections   7596 

Rwork/Rfree    21.8/28.6 

Number of atoms   1592 

 Protein    1169 

 DNA Strand A   214 

 DNA Strand B   206 

 Water    3 

B-factors 

 Protein    41.538 

 DNA Strand A   63.357 

 DNA Strand B   44.943 

Water    29.120 

RMSD 

 Bond lengths (Å)  0.014 

 Bond angles (°)  1.904 

 

* Values shown in parenthesis are for highest resolution shell 
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5.3 Results and Discussion 

 

Expression of MBD4 - We were able to successfully express and purify the catalytic 

domain of MBD4 using the methods described above.  We obtained purified, soluble 

protein (Figure 5.2) in large quanities (mg) amenable for both crystallographic and NMR 

studies.  The purified protein retained DNA binding and flipping activity as shown by 

fluorescence spectroscopy (data not shown). 

 

 

Figure 5.2.  The catalytic domain of MBD4
Δ425

 was successfully purified.  The purity of 

recombinant MBD4
Δ425

 is shown on a 15% SDS-PAGE gel for purified 
15

N-MBD4
Δ425 

(Lane 1), MBD4
Δ425

 used for crystallization (Lane 2), and 
15

N-MBD4
Δ425

 after collection 

of a 
15

N-HSQC NMR experiment (Lane 3).  

 

15
N-HSQC of MBD4 

Δ425
- 

15
N-MBD4

Δ425
 yields a highly-resolved 

15
N-HSQC spectrum 

(Figure 5.3).  Our preliminary NMR data indicate we can readily assign backbone 

chemical shifts for MBD4
Δ425 

using traditional 3D experiments.  By studying the catalytic 

domain of MBD4 by NMR, we can determine protein-ligand binding sites as well as 

determine Kd values for MBD4 interactions.  Thus we can determine the exact binding 

sites and protein contacts for thymine, uracil, or specific DNA substrates. 
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Figure 5.3. 
15

N-HSQC of MBD4
Δ425

.  Well-dispersed chemical shift resonances are seen 

for the backbone amides of the catalytic domain of MBD4 (18.5 kDa).   

 

MBD4-AP-DNA Crystal Structure – We obtained high-quality MBD4
Δ425

-AP-DNA 

crystals which diffracted to 2.76 Å using an in-house X-ray diffractor (Figure 5.4).  The 

crystal structure was solved as described in Materials and Methods and crystal parameters 

are described in Table 5.1.   Overlay of the MBD4-AP-DNA structure with the free 
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MBD4 glycosylase structures (PDB ID: 1NGN and 3IHO) reveals no dramatic MBD4 

structural changes imparted by DNA binding (data not shown), indicating MBD4 retains 

a preformed DNA binding pocket in the absence of substrate.  Preliminary examination of 

the structure reveals MBD4 binds the minor groove of DNA, severely bending the helix 

at the AP site (Figure 5.5).  The AP analog (tetrahydrofuran) is extruded from the DNA 

helix and flipped into the cleft or active site of MBD4 (Figure 5.6).  The side chain of 

Arg468 penetrates into the DNA duplex, filling the space left vacant by the flipped AP 

site, and contacts two nearby phosphates.  Thus Arg468 is the “nucleotide flipper” for 

MBD4 and is the likely residue responsible for extruding mispaired (and potentially even 

properly paired) nucleotide bases from the DNA duplex to be excised by MBD4. 

 

 

Figure 5.4 Crystal image and diffraction pattern of MBD4 bound to AP-DNA crystal. 

Crystal was harvested from screen and diffraction data was collected in-house with a 

resolution of 2.76Å. 
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Figure 5.5 Structure of MBD4-AP-DNA complex. 

 

 

 
 

 

 

Figure 5.6. MBD4 interacts with mismatched guanine base opposite the abasic site.   
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Structural Sequence Alignment - To find proteins which share structural similarity to our 

crystal structure of MBD4
Δ425

 bound to AP-DNA, we searched the Dali database to 

compare our structure with the entire Protein Databank (PDB) (218).  The PDB structures 

with the highest correlation or Z-scores to our structure were the HhH family members, 

MIG and MutY (PDB ID: 1KEA and 1WEG) with Z-scores of 13.6 and 13.0 respectively.  

EndoIII, another member of the HhH superfamily, also showed a high degree of 

homology to our structure with a Z-score of 12.4 (PDB ID: IP59).  Additionally we ran 

the Dali pairwise program to directly compare the structural similarity of MBD4 to MIG 

(PDB ID: 1KEA) and MutY using the MutY structure bound to the identical DNA 

substrate used in our crystallization (PDB ID: 3FSP, Z-score of 12.4).  Conserved 

structural residues for MBD4, MutY, and MIG are shown aligned (Figure 5.7) and in 

tabular form for ease of structure comparisons (Table 5.2). 

 

 
MBD4  PFNLVQETLFhDPWKLLIATIFLNRTSGKMAIPVLWKFLEKYPSKEVARTA 

MUTY  RRDLPQRKDR-DPYKVWVSEVMLQQTRVETVIPYFEQFIDRFPTLEALADA 

MIG  RRDFPWRHTR-DPYVILITEILLRRTTAGHVKKIYDKFFVKYKCFEDILKT 

 

MBD4  DWRDVSELLKPLGYLdLRAKTIVKFSDEYLTKQ-------wKYPIELHGIGKYG 

MUTY  DEDEVLKAWEGLGYY-SRVRNLHAAVKEVKTRYggkvpddpDEFSRLKGVGPYT 

MIG  PKSEIAKDIKEIGLSNQRAEQLKELARVVINDYggrvprnrKAILDLPGVGKYT 

 

MBD4  NDSYRIFCVNEWkqVHPEDH  561 

MUTY  VGAVLSLAYGVP--EPAVDG  145  

MIG  CAAVMCLAFGKK--AAMVDA  145 

 

Figure 5.7.  Sequence structural alignment of MBD4 with MutY and MIG. Residues of 

interest are boxed in red, blue, and purple denoting nucleotide flippers, HhH motif, and 

conserved catalytic residue (Asp560 for human MBD4), respectively. 
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MBD4 MutY MIG 

L444 L28 -- 

D455 D35 D34 

P456 P36 P35 

K458 K38 -- 

L460 -- L39 

I461 -- I40 

I464 -- I43 

L466* L28 L45 

R468* -- R47 

T469 T49 T48 

I475 I55 -- 

P476 P56 -- 

K480 -- K59 

F481 F61 F60 

K484 -- K63 

Y485 -- Y64 

P486 P66 -- 

E489 E69 E68 

A494 A74 -- 

D495 D75 -- 

V499 V79 -- 

K504 -- K83 

L506 L86 -- 

G507 G87 G86 

L508* -- L87 

Y509 Y89 -- 

R512 R91 R91 

A513 -- A92 

E522 E101 -- 

T525 T104 -- 

K529 -- K115 

L534 L120 L120 

G536 G122 G122 

G538 G124 G124 

K539 -- K125 

Y540* Y126 Y126 

D560* D144 D144 

  

Table 5.2.  Structurally conserved residues among MBD4, MutY, and MIG.  Residues 

implicated in catalysis and substrate binding are denoted (*). 
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It is interesting the nucleotide flipper for MBD4 is an arginine residue since structurally 

similar glycosylases such as MutY and EndoIII utilize glutamine residues as their base 

flippers.  More intriguing, both of the known G:T glycosylases, MIG (M. 

thermoformicicum) and TDG (human), utilize arginine as their nucleotide flippers even 

though TDG is structurally unrelated to MBD4.  Thus it seems an arginine nucleotide 

flipper may be important and/or essential for proper G:T mispair recognition, even for 

structurally disparate glycosylases.  A potential explanation for its role in G:T recognition 

is Arg468, as well as Leu508, are within close proximity to the AP site and form specific 

interactions with the guanine base directly opposite the flipped AP analogue.  

Intriguingly, both Arg468 and Leu508 are structurally conserved in the G:T glycosylase 

MIG, but not in the MutY glycosylase which removes adenine bases opposite several 

base types including 8-oxo-guanine and cytosine.  Additionally, the contacts made by 

Arg468 and Leu508 with the opposing guanine do not appear to accommodate 

interactions with adenine, leading us to postulate these residues may prevent MBD4 from 

removing thymine bases properly paired with adenines, enhancing the specificity of the 

enzyme for G:T mispairs.  It is apparent further studies are needed to elucidate the roles 

these residues may play in G:T recognition.  

 

It is important to identify MBD4 residues which can discriminate between thymine and 

cytosine, since MBD4 does makes contact with bases opposite guanine (including 

guanines properly paired with cytosines).  Several residues reside close to the vicinity of 

the flipped AP analog including Leu466, Tyr540, and Asp560, and Lys562 (Figure 5.8).  

It appears from the positions of the side chains of Leu466 and Lys562 that these residues 
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may base stack with a thymine substrate.  Similar base stacking mechanisms have been 

observed for other glycosylases, such as the base stacking observed for MutY with Leu40 

and Met185 (219) or hOGG1 stacking with Cys253 and Phe319 (220).  Both Tyr540 and 

Asp560 are believed to be important residues involved in catalysis since mutation of their 

structurally homologous residues in MIG severely impairs MIG glycosylase activity 

(221).  Additionally, Asp560 is a conserved residue across all HhH family members, 

indicating that the residue may play an important and potentially universal role in this 

glycosylase superfamily. 

 

 

Figure 5.8.  MBD4 residues within close contact to flipped AP site. 
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In conclusion, we have solved the first structure of the catalytic domain of MBD4 bound 

to product DNA.  We have identified several residues that are likely involved in G:T 

recognition by MBD4, including an unexpected nucleotide flipper, Arg468.  To further 

investigate the potential roles of these residues, we will mutate the amino acids and 

monitor for effects on both MBD4 structure and glycosylase activity.  It would also be 

prudent to solve an MBD4 structure bound to a non-catalyzable DNA substrate, to 

determine residues and interactions which contact the thymine substrate.  In addition to 

our crystallographic structure, we have also shown the catalytic domain of MBD4 can 

readily be studied using NMR spectroscopy, further expanding the techniques that can be 

use to structurally study MBD4.  Using these structural techniques coupled with 

biochemical assays, we hope to elucidate the glycosylase mechanism of MBD4.   
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