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Abstract 

Title of Thesis:  Role of adipose lipolysis in development of alcoholic liver disease 

Mallika Mathur, Master of Science, 2021 

Thesis Directed by: Dr. Liqing Yu, M.D., Ph.D., Professor, Department of Medicine 

Division of Endocrinology, Diabetes & Nutrition, University of Maryland School of 

Medicine.  

Alcoholic liver disease (ALD) pathologies include hepatic steatosis, inflammation and 

liver injury. The liver receives ~60% of fatty acids from adipose tissue. We examined the 

role of adipose lipolysis in ALD pathogenesis using adipose-specific CGI-58 knockout 

(FAT-KO) mice, a model of impaired adipose lipolysis. FAT-KO versus control mice were 

almost completely protected against ethanol-induced hepatic steatosis and lipid 

peroxidation when subjected to the 15-day NIAAA chronic-binge ethanol diet. This was 

unlikely from reduced lipid synthesis because ethanol feeding downregulated hepatic 

expression of lipogenic genes similarly in both genotypes. On a control diet, FAT-KO 

relative to control mice had increased hepatocyte injury, neutrophil infiltration, and 

activation of transcription factor STAT3 in the liver, none exacerbated by ethanol. This 

was associated with increased hepatic leptin receptor mRNA and adipose inflammatory 

cell infiltration. These findings identify a critical role for adipose lipolysis in hepatic 

steatosis and oxidative stress during ALD development.  
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1 Introduction 

1.1 Fatty Liver Disease 

Fatty liver disease (FLD), also known as hepatic steatosis, is build-up of excess fat 

in the liver. This could result in inflammation, scarring (fibrosis), and eventually liver 

failure1. Data from the University of Michigan in 2017 shows that over 25% of the United 

States population suffers from FLD2. Major causes of FLD can be divided into with and 

without excessive alcohol intake. Non-alcoholic FLD (NAFLD), now also renamed 

metabolic associated fatty liver disease (MAFLD)3), is an outcome of excessive fat intake, 

weight gain, and a sedentary lifestyle, although its exact cause has not been pinpointed yet. 

Similar to Asia and Europe, the United States has NAFLD at a prevalence of 10-30% as 

per a study by Younossi et al., 20164. NAFLD is commonly associated with obesity, insulin 

resistance, type 2 diabetes mellitus, and dyslipidemia. It often starts with simple hepatic 

steatosis, which is clinically defined as the presence of ≥ 5% hepatic steatosis in 

histological examination without evidence of hepatocellular injury. About 20% of patients 

with NAFLD develop non-alcoholic steatohepatitis (NASH), which may progress to 

cirrhosis and hepatocellular carcinoma5. The other cause of FLD is due to excel alcohol 

intake and leads to alcohol induced FLD (AFLD), the main focus for this study. Alcohol 

induced liver disease (ALD) develops in 20% alcoholic patients, with females being at a 

higher risk. Merck’s 2021 article shows that men are at risk if consuming 1½ ounces of 

alcohol a day for more than 10 years, while woman are at risk for drinking half this 

quantity6. Like NAFLD, ALD progression is marked by alcoholic fatty liver (AFL), 

alcoholic hepatitis (AH), fibrosis, and cirrhosis7. Given this spectrum of ALD, there is no 

single laboratory test or imaging study that can confirm the diagnosis of ALD. A variety 

of tests need to be performed before a conclusive decision is made. A consistent pattern of 
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liver injury markers aspartate transaminase (AST) being >1-2 times higher than alanine 

aminotransferase (ALT) can be useful8, along with increased glutamyltranspeptidase 

(GTT). Although invasive testing is avoided, in case of vague laboratory results or absence 

of detailed family history, a liver biopsy is done. This last resort is used to observe 

macrovesicular steatosis, fibrosis, cirrhosis or a combination of these findings. Both these 

health conditions, NAFLD and ALD, have very similar pathological consequences, such 

as steatohepatitis and liver cirrhosis, but differ majorly in factors ranging from patient 

outcome to signaling pathways9. 

 

1.2 Mechanisms Involved in Alcoholic Fatty Liver Disease 

In AFLD, the prevailing concept for the accumulation of lipids in the liver has been 

mainly metabolic. The alcohol dehydrogenase (ADH)-mediated pathway in the 

hepatocytes converts alcohol to acetaldehyde, which is further metabolized to acetate via 

mitochondrial acetaldehyde dehydrogenase (ALDH). These coupled steps lead to the 

reduction of NAD+ to NADH, increasing the NADH:NAD+ ratio. This has severe impacts 

on the metabolism of carbohydrates and lipids, leading to the re-direction of acetyl-coA 

toward ketogenesis and fatty acid (FA) synthesis, instead of the citric acid cycle. In 

conjunction with inhibition of mitochondrial fatty acid β-oxidation, they contribute to the 

pathogenesis of fatty liver10. Deviation in normal expression of the FA synthesis 

transcription factor sterol regulatory element binding protein-1c (SREBP-1c) and the FA 

oxidation-related proteins carnitine palmitoyltransferase-1 (CPT-1), peroxisome 

proliferator-activated receptor-alpha (PPAR-α), and adenosine monophosphate-activated 

protein kinase (AMPK) has been reported to contribute to the formation of AFL11,12,13. 
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 Triglycerides (TG) are the main form of fat deposited in the fatty liver. Hepatic TG 

content is determined by several pathways, including de novo lipogenesis, FA uptake, FA 

oxidation, TG synthesis, and TG secretion as constituents of very low-density lipoprotein 

(VLDL) particles destined for the blood circulation. Any disruption in these pathways may 

result in fatty liver. For example, chronic ethanol consumption has been shown to impair 

VLDL secretion14,15. The amount of fat a VLDL particle can export depends on the 

synthesis of its protein components, as well as TG availability. When there are excess TG, 

they are stored in the cytosolic lipid droplet (LD). VLDL and LD comprise a core of neutral 

lipids, surrounded by a monolayer of phospholipids with many structural and functional 

proteins attached to or embedded16,17. Disruption of any of these proteins may also result 

in fat deposition. FAs from diets and extrahepatic tissues can enter the liver via fatty acid 

transporters, contributing significantly to fat accumulation and the progression of 

AFLD. Donnelly et al. reported that ~60% of the liver’s FAs are from the peripheral fats 

stored in the adipose tissue18. This observation suggests a potential role of adipose 

lipolysis, a process that hydrolyzes adipocyte lipid droplet TG to release FA into the blood 

circulation, in mediating the pathogenesis of AFLD. 

 

1.3 The Role of Adipose Tissue in Alcoholic Fatty Liver Disease  

Humans have two main classes of adipose tissue, brown adipose tissue (BAT) and 

white adipose tissue (WAT). BAT contributes to adaptive nonshivering thermogenesis 

through the high expression of uncoupling protein 1 (UCP-1) in the mitochondria that 

uncouples ATP synthesis from heat production19. WAT stores excess energy as TG in the 

form of LD. During starvation or increased energy demands, these stored TG undergo 
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lipolysis to generate free fatty acids (FFA) as a source of energy20.  In addition to these two 

types, beige adipose tissue forms upon the browning of WAT as an adaptation to some 

conditions such as cold stress. Studies in mice and rats showed that chronic alcohol 

consumption and adipose fat accumulation are inversely correlated. Chronic alcohol 

exposure stimulates adipose lipolysis, leading to the release of FFAs and a decrease in the 

epididymal fat mass and adipocyte size21. Such consumption also leads to an inflammatory 

response in the adipose tissue, releasing pro-inflammatory cytokines like IL-6, CCL2, and 

TNF-α. There have been several reports of the adipose-liver crosstalk in fatty liver 

development22,23. Specifically, changes in adipose lipolysis and adipogenesis contribute to 

hepatic steatosis and inflammation. This crosstalk is bidirectional, as changes in hepatocyte 

gene expression also affects adipogenesis and adipose lipolysis24.   

1.4 Adipose Tissue Lipolysis  

Adipocytes in the adipose tissue take up FFAs released from TG in chylomicrons 

and VLDLs and esterify FFAs to TG. TG are stored in the cytosolic LD. During fasting or 

increased energy demands, adipose lipolysis is activated. Lipolysis is defined as the 

sequential hydrolysis of one TG molecule into three FFAs and its glycerol backbone. The 

process is catalyzed by three primary enzymes in mammals. Adipose Triglyceride Lipase 

(ATGL) is the rate-limiting enzyme responsible for the first step that converts a TG 

molecule into a diglyceride (DG)25. DG is further broken down to monoglyceride (MG) by 

hormone sensitive lipase (HSL)26. The last step is catalyzed by monoglyceride lipase 

(MGL), which releases the last fatty acyl chain from the glycerol backbone in MG27. FFAs 

released by adipose lipolysis enter the blood circulation, serving as metabolic substrates or  
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production to sustain functions of vital non-adipose tissues. Glycerol can be used for 

gluconeogenesis. 

ATGL is highly expressed in BAT and WAT, but is virtually found in all studied 

tissues28. Other lipid substrates are not affected by ATGL due to its high specificity for 

TG. Defective ATGL lipolysis due to loss of function mutations lead to a hereditary 

monogenic disorder neutral lipid storage disease (NLSD) that is characterized by cytosolic 

TG-rich LD deposition in almost all cell types examined29,30.  

HSL, similar to ATGL, is expressed in all tissues but is most abundant in BAT and 

WAT31. In contrast to ATGL, HSL readily hydrolyses a variety of lipid molecules in vitro 

such as TG, DG, MG, amongst others32. However, its affinity for DG is the highest, at 

approximately ten-fold of that for TG and MG33. Mutations in human HSL (LIPE) cause 

partial lipodystrophy characterized by partial loss of selective adipose depots, insulin 

resistance and ectopic fat deposition in non-adipose tissues such as the liver34. Global and 

adipose HSL knockout (KO) mice have similar adipose phenotypes due to reduced 

adipogenesis and lipogenesis as a result of suppressed adipose lipolysis, though different 

and inconsistent phenotypes exist likely due to age differences in the mice 

characterized35,36.  

MGL is a cytosolic protein, but can be recruited to cytosolic LDs. It is a MG specific 

enzyme with no affinity toward other classes of lipid substrates37. MGL is widely 

expressed38. Absence of MGL protects against insulin resistance and glucose intolerance 

in mice, despite causing accumulation of MG in the adipose tissue, brain, and liver39. 
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In addition to lipases, many other proteins are also dynamically associated with 

LDs, regulating LD lipolysis and biogenesis. One is the PAT (Perilipin, Adipophilin, 

TIP47) family comprising five members named perilipin 1 to 5. Of these, PLIN1 (also 

known as perilipin A) has a vital role in regulating adipose lipolysis40. Another protein 

family is the CIDE (cell-death inducing DNA fragmentation factor-α-like effector) proteins 

comprising CIDEA, CIDEB, and CIDEC41. Human and murine CIDEA and CIDEC show 

anti-lipolytic properties42, and promote LD formation and fusion43. In addition, many of 

the nine PNPLA (Patatin-Like Phospholipase Domain Containing) protein family members 

are critically implicated in LD hydrolysis and its regulation, including PNPLA1, PNPLA2 

(ATGL), and PNPLA344.   

1.5 Role of Comparative Gene Identification-58 (CGI-58) 

Comparative Gene Identification-58 (CGI-58) is a LD-associated protein. It is also 

known as α/β hydrolase domain-containing 5 (ABHD5). This family of proteins contain a 

characteristic and highly conserved α/β hydrolase fold, with most of their members having 

unknown functions. CGI-58, however, is known to be the co-activator of ATGL, the rate 

limiting enzyme in TG hydrolysis45. Like ATGL, CGI-58 is also most abundantly present 

in the adipose tissue. Direct protein-protein interactions between CGI-58 and AGTL’s N-

terminal domain are responsible for activation of ATGL46. Under basal conditions, CGI-

58 interacts with the LD coat protein PLIN1 in white adipocytes, which prevents its 

interaction with ATGL, limiting lipolysis. Upon stimulation, PLIN1 is phosphorylated by 

protein kinase A (PKA), leading to the dissociation of CGI-58, which is now free to engage 

ATGL. CGI-58-ATGL interaction activates ATGL’s TG specific hydrolase activity. In the 

WAT, LD lipolysis is stimulated through activation of a cell membrane receptor and 
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subsequent downstream signaling. The major cell membrane receptors are β-adrenergic 

receptors that are activated by catecholamines released from the sympathetic nerves in 

response to lipolytic stimuli such as cold stress. Binding of catecholamine to these 

receptors activates adenylate cyclase, leading to cAMP production. The increase in cellular 

cAMP levels then activates PKA, which phosphorylates PLIN1 and HSL, stimulating the 

lipolytic cascade. 

 Similar to ATGL, loss of function mutations in human CGI-58 also causes NLSD. 

However, patients in this case do not develop myopathy, but severe ichthyosis. This gives 

rise to two types of NLSD, NLSD with myopathy (NLSDM) and NLSD with ichthyosis 

(NLSDI, or Chanarin–Dorfman syndrome)47. Chanarin–Dorfman syndrome (CDS) 

manifests LD accumulation48 in almost all cell types49. The epidermal effects of NLSDI 

are unique, and suggest that CGI-58 has an ATGL-independent role, at least in the skin by 

activating another lipase PNPLA1. In this capacity, CGI-58 has a role in synthesis of 

glycerophospholipids and acylceramides, important for formation and maintenance of skin 

permeability barriers50. CGI-58’s direct interaction with PNPLA1 stimulates the 

production of one such acrylamide in the skin51. This is consistent withCGI-58 KO mice 

die from a leaky skin hours after their birth52.  

1.6 Study Hypothesis/Aims 

Extensive research in humans and animals has demonstrated a direct role of liver 

CGI-58 in the pathogenesis of NAFLD53, though not AFLD. Given that the majority of 

FFA travelling to the liver are from adipose lipolysis as well as the essential role of adipose 

CGI-58 in adipose lipolysis54, we hypothesized that adipose-specific CGI-58 knockout 

(FAT-KO) mice may be protected against fatty liver development. In this project, we 
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focused on ALD and specifically tested whether adipose lipolysis deficiency induced by 

selective inactivation of adipose CGI-58 protects against ethanol-induced fatty liver in the 

animal model of ALD developed by Dr. Bin Gao at the NIAAA. Two Specific Aims are 

proposed.   

Aim 1. Determine if adipose CGI-58 deficiency protects against ALD.  

Hypothesis: Adipose lipolysis deficiency reduces alcohol-induced fat deposition, 

inflammation and damage in liver. We will induce ALD in FAT-KO mice and their 

littermate controls by following the NIAAA protocol (10 day chronic plus one binge 

ethanol feeding, Bertola A. et al. Nat Protoc. 2013;8:627-637). We will then compare 

parameters relevant to ALD between the two genotypes, including plasma lipids and 

biomarkers of inflammation, and hepatic lipid content, pathology, and expression of genes 

and proteins relevant to lipid metabolism, tissue damage, inflammation and fibrosis.   

Aim 2. Identify the effect of alcohol consumption on lipolysis-deficient adipose 

tissue. 

Alcohol consumption alters adipose metabolism and functions. It is unknown how 

lipolysis-deficient adipose tissue responds to alcohol consumption. To identify effects of 

alcohol on lipolysis-deficient adipose tissue, we will monitor weight gain and collect 

adipose tissue pads for histological, metabolic and inflammatory gene expression analyses 

from FAT-KO and control mice fed alcohol-containing and control diets. We will use both 

biased and unbiased methodologies, including RNAseq analysis.  

Significance:  

Inter-organ crosstalk plays an important role in disease development and 

progression. This study is the first to focus on the role of adipose tissue lipolysis in the 
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etiology of ALD. Outcomes of the study will improve our understanding of how adipose 

tissue communicates with liver during alcohol consumption. Currently, there are no 

effective drug treatment options for ALD and targeting the liver itself may not be sufficient 

to protect against ALD development and progression. Findings from our research may lead 

to novel concepts for therapeutics against AFLD. If our hypothesis is correct, and adipose 

lipolysis inhibition does not worsen alcohol-induced adipose abnormalities, adipose 

lipolysis inhibitors may be developed to counter the manifestations of ALD such as liver 

steatosis, inflammation, and fibrosis. Inhibitors of adipose lipolysis, such as niacin which 

is FDA-approved for other conditions, may be tested and re-purposed for ALD prevention 

and treatment.  

2 Materials and Methods 

2.1 Mice and Diets 

2.1.1 Creation of CGI-58 floxed mice  

To study the role of adipose CGI-58 in thermoregulation and pathogenesis of 

metabolic disease, we generated FAT-KO mice by crossing CGI-58 floxed mice created 

by our lab with adiponectin-cre mice [B6;FVB-Tg(Adipoq-cre)1Evdr/J mice, The Jackson 

Laboratory, Stock #010803] generated by Dr. Evan Rosen at Harvard School of 

Medicine54,55. The adiponectin-cre (Adipo-Cre) mice express cre recombinase in all 

adipose tissues, thus inactivating gene expression in whole adipose tissue. Homozygous 

CGI-58-floxed mice (CGI-58f/f) without adiponectin-cre transgene were as controls for all 

experiments. Mice were housed in a pathogen-free animal facility at 22°C with a 12-hour 

light/dark cycle from 7AM to 7PM, and fed ad libitum a standard chow diet. Ethanol and 

control liquid diets were started at 8-10 weeks of age for males, and 10-12 weeks of age 
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for females. All animal experiments performed were approved by the Institutional Animal 

Care and Use Committees (IACUC) at the University of Maryland Baltimore. 

2.1.2 Genotyping PCR 

While weaning, ~0.2mm of the tail tip was cut and stored in 2ml tubes at -20°C for 

genotyping. A total of 75µl alkaline lysis buffer (0.5g NaOH and 0.2ml EDTA dissolved 

in 500ml Milli-Q water) was added to the 2ml tube with the tail, followed by vortexing and 

centrifuging until the tail was immersed in the buffer. Tubes were kept on a heating block 

at 95°C for 20 min, followed by immediately transferring the tubes to an ice bath. A total 

of 75µl of 40mM Tris-HCl buffer was added to these tubes, followed by vortexing and 

centrifuging for a few seconds. The tail lysates in the tubes served as the DNA templates 

and were stored on ice until added to the PCR mix. Primers for CGI-58-floxed alleles and 

the adiponectin-cre transgene (Table 3) were selected, and a stock was made with the 

combination of forward and reverse primers that detect each gene allele. The volume was 

calculated using the nmol of lyophilized stock provided by the company, to which 1ml 

water was added. The stock primer solution was diluted to its working concentration of 

2.5µM. A master mix tube was prepared according to the total number of samples, vortexed 

and centrifuged to mix the contents. Each PCR tube was to contain 5µl of Green PCR Mix 

(Thermo Scientific, #K1081), 0.5µl of the working primer solution, and 3µl of nuclease 

free water (Thermo Scientific, #AM9932). Once each PCR tube had its mix, 1.5µl of DNA 

template was pipetted into each tube. Every DNA template was added to two PCR tubes; 

one with the CGI-58 primers, and one with Adipo-Cre primers. All these tubes were 

vortexed and centrifuged before placing in the thermal cycler.  
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The pre-set program on the PCR machine had the following steps and its associated 

temperatures (Table 1): 

Table 1: Genotyping PCR Program 

Step Temperature Time 

1.  95°C 3 min 

2. 95°C 30 sec 

3. 62°C 15 sec 

4. 72°C 45 sec 

5. Step 2 to 4 35 times 

6. 72°C 10 min 

7. 4°C Hold 

 

A 2% gel was prepared using 2 g Agarose Powder (Millipore Sigma, #A9539) and 

100ml 1X TAE buffer (Millipore Sigma, #T9650) and microwaving the mixture for 1 min. 

This mixture was poured into a gel casting tray with the comb to form wells to load 

samples. After 45 min, the gel was removed from the casting tray and submerged in an 

electrophoresis buffer tank with 1X TAE buffer. After PCR was completed, the entire 10µl 

of sample was loaded into the wells. A 1kb DNA ladder (Thermo Scientific, #10787018) 

was added in the first well, allowing the molecular weight of the sample’s bands to be 

estimated. The gel was run at 130mV for 20 min and the bands were visualized in a Gel 

Doc system (Azure Biosystems c300) under UV auto exposure. CGI-58 wildtype allele 

appeared at 423bp, CGI-58-floxed allele at 561bp, and one of each band in the 

heterozygous mice. All mice in this study were homozygous for CGI-58-floxed alleles. For 
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the Adipo-sCre band, FAT-KO mice had a band at 700bp in addition to the control band at 

240bp.  

2.1.3 National Institute on Alcohol Abuse and Alcoholism (NIAAA) model of ethanol 

feeding  

 All the procedures were carried out in accordance with the established protocols for 

generating the NIAAA animal model of chronic and binge ethanol diet-induced ALD. They 

have been summarized in a flow chart in Figure 1. 

1) Grouping mice for chronic and binge ethanol diet   

As per the NIAAA model of chronic and binge ethanol feeding, mice of a particular 

age group were chosen for the study. All mice had a C57BL/6 background. Male mice were 

8-10 weeks, and female mice were 10-12 weeks. Each sex had four groups: CGI-58-floxed 

Adipo-Cre- (control) mice on a control liquid diet (CLD), FAT-KO mice on CLD, control 

mice on ethanol liquid diet (ELD), and FAT-KO mice on ELD. This came to a total of 8 

groups, with at least 8 mice in each group. 

2) Control Liquid Diet (CLD) preparation 

For 1,000 ml of CLD: 225 g of dry mix (Bio-Serv, #F1259SP) was weighed and 

added to 860 ml of potable tap water. They were mixed thoroughly in a food blender. The 

final volume was made 1,000 ml. This prepared diet was refrigerated and used within 3 

days. 

3) Ethanol Liquid Diet (ELD) preparation  
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 For 1,000 ml of 5% ELD: 133 g of dry mix (Bio-Serv, Cat.#: F1258SP) and 20.3g 

maltose dextrin (Bio-serv, Cat.#: 3585) were weighed and added to 910ml of potable tap 

water. They were mixed thoroughly in a food blender. This prepared diet was refrigerated 

and used within 3 days. A total of 52.6ml of 95% ethanol was added just before the diet 

was given to the mice, making the total volume 1,000ml. The calories from ethanol and 

maltose dextrin accounted for 35.5% of total kilocalories.  

 The 95% ethanol (vol/vol) (Fisher Scientific #04-355-451) solution was prepared 

immediately after opening a new bottle of 100% ethanol. Caloric profile of both diets is 

summarized in the Table 2 below.  

Table 2: Liquid Diet Caloric Profiles 

Diet Components 
Caloric profile (kcal per liter) 

 
Control Diet Ethanol Diet 

Protein 151 151 

Fat 359 359 

Carbohydrate  490 135 

Ethanol + Maltose Dextrin 0 355 

Total 1000 1000 

 

4) Preparation of cages  

 Cages were requested from the Animal Facility at the University of Maryland 

Baltimore with normal bedding, and without food or water. This made the diet provided 

the only source of nutrition. Cage cards were labelled with the sex, diet type, and genotype 
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group the mice belonged to. For instance, MCLD1- indicated the first cage of control male 

mice being fed CLD for the entire duration of the experiment. MELD6+ indicates the sixth 

cage of FAT-KO male mice being fed CLD for the acclimatization period, and then ELD 

for the remaining 10 days. One or two mice were transferred to each new cage, keeping 

littermates together. One feeding tube per cage was filled with CLD on day 1, with 50ml 

given to cages with 2 mice, and 30ml to single housed animals. Using a gloved hand, the 

diet was filled into the feeding tube. Pressure was applied with the thumb over the mouth 

of the tube while filling it to prevent the diet from flowing out. The tube was tightly capped 

before the thumb was released. Filled tubes were checked for a spill and were emptied and 

re-filled in those circumstances. Tube holders were used to secure the tubes and hand them 

in the cages. Cages were checked early morning and late afternoon every day to ensure that 

mouths of the feeding tubes were not clogged with bedding and were cleaned using forceps.  

 Diet was replenished between 4pm and 5pm, closer to the onset of the dark period 

of the diurnal cycle (7am-7pm). This ensured that the fresh diet was available to the mice 

at the beginning of their maximal food intake period, the lights-out portion of their diurnal 

cycle.  

5) Pair feeding  

Mice on ELD would consume lesser volume of the diet than those on CLD. To 

ensure that the mice gained a similar amount of weight, the ELD consumed per day for 

each sex was calculated. Its average value was used to control the CLD diet volume for the 

remaining mice of that sex. On an average, 10ml CLD was observed to be consumed per 

mouse, with minor changes based on daily ELD consumption.  
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6) Maltose dextrin and ethanol oral gavage  

The 31.5% (vol/vol) ethanol gavage solution was prepared by mixing 6.6 ml of 

95% ethanol with 13.4 ml of water. This solution was prepared just before administration 

to avoid changes in concentration resulting from evaporation. For each mouse, the gavage 

volume (μl) was calculated to not exceed 2ml per 100g body weight at 5 g ethanol per kg 

of body weight. Ethanol solution for each mouse = mouse body weight in grams × 20. 

The 45% (wt/vol) maltose gavage solution was prepared by dissolving 9 g of 

maltose dextrin in a final volume of 20 ml of water. This unfiltered solution was also 

prepared just before administration to avoid bacterial or fungal contamination that could 

develop even under 4 °C storage conditions. The gavage volume (μl) of maltose dextrin 

solution for each mouse = mouse body weight in grams × 20, which was at ~9 g of maltose 

dextrin per kg of body weight. 

The gavage was administered from 7am to 9am on Day 16 of the experiment (Day 

11 of ELD). This timing was crucial as mice consume their diet at night, and blood alcohol 

levels are high in the early morning. The gavage of ethanol would result in further elevation 

of blood alcohol levels, inducing substantial liver injury.  

A gavage needle of appropriate length was selected. The length of the needle did 

not exceed the distance between the corner of the mouth and the last rib (a rough estimate 

of the stomach’s position). The swallowing reflex needed to be intact for gavage, hence no 

anaesthesia was used. The mouse was restrained in a vertical position by tightly pulling up 

the loose skin on the back of the neck to extend the head and straighten the spine, resulting 

in a straight vertical alignment of the esophagus. The gavage needle was placed in the 
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mouth between the incisors and molars. The needle was softly passed along the roof of the 

mouth, while the head was held in moderate extension. The gavage needle was moved 

smoothly along the upper palate into the esophagus. The swallowing reflex of the mouse 

allowed the needle’s entry into the esophagus. Once the gavage needle was properly 

positioned, the solution was administered. After administration, the needle was gently 

removed along the same angle as insertion. 

The mouse was returned to the original cage with the liquid diets (CLD or ELD), 

and the cage placed on a heating pad (Braintree Scientific, Cat#: TP-700, Cat#: AP-

AV057). This thermal support with circulating water maintained at 38°C was given to 

minimize loss of body heat and avoid hypothermia. Mice were monitored for laboured 

breathing or respiratory distress (aspiration of fluid into the lungs). Any animal with signs 

of obvious distress after gavage was euthanized by standard CO2 inhalation followed by 

cervical dislocation. Mice gavaged with ethanol showed signs of inebriation within a few 

minutes, followed by sedation and loss of consciousness, as expected. They were mostly 

slow moving after waking up the early afternoon. Mice from neither the pair- nor ethanol-

fed groups consumed much diet within 9 h after gavage. 

7) Blood and tissue collection 

Nine hours after gavage, mice were deeply anesthetized with isoflurane, and blood 

collected from the orbital sinus by traumatic avulsion of the globe from the orbit with a 

pair of tissue forceps. While under general anaesthesia, the mice were euthanized by 

cervical dislocation. Tissues weighed and collected included interscapular BAT (iBAT), 

inguinal subcutaneous fat (iWAT), epididymal WAT (eWAT), gonadal WAT (gWAT), 

mesenteric WAT (mWAT), perirenal WAT (pWAT), retroperitoneal (rWAT) and the liver. 
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A piece of the left lobe of the liver was immediately frozen in OCT (optimal cutting 

temperature) compound (IMEB, Cat.#: 4583) at -80°C for Oil Red O staining. A portion 

of all other tissues, including the liver, was fixed in 10% (wt/vol) formalin, and remaining 

frozen in liquid nitrogen for RNA, lipid, and protein extraction.  

The plasma was extracted from the blood collected in EDTA-coated tubes after 

centrifugation at 1500xg for 15 min. Samples were aliquoted and stored at -80°C. Tissues 

fixed in formalin were stored at 4°C and those frozen in liquid nitrogen at -80°C.  

2.2 Plasma analysis 

2.2.1 Plasma ALT quantification 

  The Pointe Scientific ALT (SGPT) Liquid Reagent (Cat.#: 23666087) was used to 

quantify plasma ALT activity from freshly collected samples.  

The working reagent was prepared as per the manufacturer's instructions by mixing 

Reagents R1 and R2 at the ratio 5:1. While this working reagent was pre-warmed at 37℃ 

for 5 min, a total of 5µl of the plasma sample was loaded in a well of a 96-well plate. A 

total of 200µl of the warm reagent was added to each sample using a multichannel pipette. 

After mixing the contents, the plate was incubated at 37℃ for 1 min. At this time point, 

the first readings were taken at 340nm in a spectrophotometer. After another minute of 

incubation at 37℃, readings were taken at 340nm again. This process was repeated four 

times.  

Plasma ALT was calculated as per the protocol provided, where the change in 

absorbance per minute was calculated, and substituted in a provided formula. Plasma ALT 

values were expressed in IU/L.  
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2.2.2 Plasma AST quantification 

The Pointe Scientific AST (SGOT) Liquid Reagent (Cat.#:23666121) was used to 

quantify plasma AST from freshly collected samples.  

The working reagent was prepared as per the manufacturer's instructions by mixing 

Reagents R1 and R2 in the ratio 5:1. While this working reagent was pre-warmed at 37℃ 

for 5 min, 5µl of each plasma sample was loaded in the wells of a 96-well plate. A total of 

200µl of the warm reagent was added to each of these samples using a multichannel pipette. 

After mixing the contents, the plate was incubated at 37℃ for 1 min. At this time point, 

the first readings were taken at 340nm in a spectrophotometer. After another minute of 

incubation at 37℃, readings were taken at 340nm again. This process was repeated four 

times.  

Plasma AST was calculated as per the protocol provided, where the change in 

absorbance per minute was calculated, and substituted in a provided formula. Plasma AST 

values were expressed in IU/L. 

2.2.3 Plasma total cholesterol (TC) quantification 

The Wako Cholesterol E Kit by Fujifilm (Cat. #: 999-02601) was used to quantify 

plasma concentrations of total cholesterol in male and female mice. All FAT-KO and 

control male mice from CLD and ELD groups were tested together, as were the female 

mice, to minimize any technical differences.  

Standards were prepared using the provided solution by serially diluting it with 

saline, yielding concentrations ranging from 0-100 mg/dL. Plasma samples stored at -80℃ 

were diluted 10x. Six µl of the standards and diluted plasma samples were loaded in a 96-
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well plate, where saline was used as the blank. Using a multichannel pipette, 300µl of the 

prepared Color Reagent Solution was added into each well at nearly the same time. The 

plate contents were mixed well and incubated at 37℃ for 5 min. At precisely this timepoint, 

the absorbance of each well was measured at 600nm. A calibration curve of absorbance 

versus concentration of the standard was plotted, and the equation of that curve was used 

to calculate cholesterol for the plasma samples. 

2.2.4 Plasma free cholesterol (FC) quantification 

The Wako Free Cholesterol E Kit by Fujifilm (Cat. #: 993-02501) was used to 

quantify plasma concentrations of free cholesterol in male and female mice. All FAT-KO 

and control male mice from CLD and ELD groups were tested together, as were the female 

mice, to minimize any technical differences.  

Standards were prepared using the provided solution by serially diluting it with 

saline, yielding concentrations ranging from 0-100 mg/dL. Five µl of the standards and 

thawed plasma samples were loaded in a 96-well plate, where saline was used as the blank. 

Using a multichannel pipette, 300µl of the prepared Color Reagent Solution was added into 

each well at nearly the same time. The plate contents were mixed well and incubated at 

37℃ for 5 min. At precisely this timepoint, the absorbance of each well was measured at 

600nm. A calibration curve of absorbance versus concentration of the standard was plotted, 

and the equation of that curve was used to calculate cholesterol for the plasma samples. 

2.2.5 Plasma cholesteryl ester (CE) calculation  

 Plasma concentrations of CE (mg/dl) were calculated by the following formula56: 

CE = (TC − FC) × 1.67. 
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2.2.6 Plasma triglyceride quantification 

Cayman Chemical Triglyceride Colorimetric Assay Kit (Item #: 10010303) was 

used to quantify plasma concentrations of triglycerides. The reagents were prepared using 

the manufacturer’s protocol. Standards were prepared using the provided solution by 

serially diluting it with saline, yielding concentrations ranging from 0-200 mg/dL. Ten µl 

of the standards and undiluted plasma samples were loaded in a 96-well plate, where the 

provided Standard Diluent was used as the blank. A total of 150 µl of the diluted Enzyme 

Mixture was added to these wells to initiate the reaction. The plate was covered and shaken 

for a few seconds for the solutions to mix.  

The plate was covered and incubated in the dark for 15 min at room temperature. 

Absorbance was measured at 540nm using a spectrophotometer. A calibration curve of 

absorbance versus concentration of the TG standard (mg/dL) was plotted, and the equation 

of that curve was used to calculate plasma concentrations of TG for the samples. 

2.3 Hepatic lipid profile 

2.3.1 Liver lipid extraction 

Seven mouse liver samples from each of the 8 groups were taken from storage 

conditions at -80℃ into liquid N2. Each piece was weighed (about 40-60mg) and the 

accurate weight documented. Each sample was transferred to a glass tube containing 3ml 

of Chloroform:Methanol (CHCl3:MeOH) (2:1). The liver tissue floated at the top of the 

solution. The tubes were tightly capped and allowed to sit overnight at RT to ensure 

extraction of lipids until the tissue sunk to the bottom of the tube. Tubes were centrifuged 

at 2,700xg for 15 min at room temperature. The lipid extract was transferred into a clean 
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16×100mm glass tube, leaving the delipidated tissue behind. The leftover tissue was rinsed 

with 3ml CHCl3:MeOH (2:1). Tubes were capped, mixed gently, then centrifuged at 

2,700xg for 15 min at room temperature. The solution was transferred into the same tubes 

as mentioned above that contain the lipid extract. 

This lipid extract was dried down under nitrogen gas on a heater at 60℃ for around 

1.5 h. A total of 3ml  CHCl3:MeOH (2:1) was accurately added to each sample tube after 

they have been dried down. Tubes were capped tightly and placed on heating blocks at 60-

65℃ for 5 min to solubilize the lipids. They were then vortexed and cooled to room 

temperature. A total of 0.6ml of 0.05% H2SO4 was accurately added to split the phases 

(Total CHCl3:MeOH: Total 0.05% H2SO4 = 6ml:0.6ml) and vigorously vortexed, and 

centrifuged at 2,000xg for 15 min at room temperature. The top aqueous phase and the 

middle protein phase (white in color) were carefully aspirated. A total of 200μl of bottom 

phase was accurately transferred to a new glass tube. The volume of the bottom phase was 

noted down as it would be used in the final calculation.  

A total of 1ml of 1% TritonX-100 in CHCl3 was added to each tube with 200μl of 

the transferred lipid. They were vortexed and dried down under N2 gas along with 1ml of 

1% TritonX-100 in CHCl3, the blank for future enzymatic assays. A total of 0.5ml dH2O 

was added in each tube and caped tightly and placed on heating block at 60-65℃ for 5 min 

before vortexing. Vortexing was repeated until the solution appeared clear. The tubes were 

capped and stored at room temperature until the enzymatic assay was performed. 

2.3.2 Quantification of hepatic content of total cholesterol 
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The Wako Cholesterol E Kit by Fujifilm (Cat. #: 999-02601) was used to quantify 

hepatic content of total cholesterol (TC) in male and female mice. All FAT-KO and control 

male mice from CLD and ELD groups were tested together, as were the female mice, to 

minimize any technical differences.  

Standards were prepared using the provided solution by serially diluting it with 

saline, yielding concentrations ranging from 0-200 mg/dl. A total of 20µl of the standards 

and lipid samples were loaded in a 96-well plate, where saline was used as the blank. Using 

a multichannel pipette, 200µl of the Color Reagent Solution was added into each well at 

nearly the same time. The plate contents were mixed well and incubated at 37℃ for 5 min. 

At precisely this timepoint, the absorbance of each well was measured sat 600nm. A 

calibration curve of absorbance versus concentration of the standard was plotted, and the 

equation of that curve was used to calculate hepatic content of total cholesterol for the 

samples.  

2.3.3 Quantification of hepatic content of free cholesterol 

The Wako Free Cholesterol E Kit by Fujifilm (Cat. #: 993-02501) was used to 

quantify hepatic content of free cholesterol (FC) in male and female mice. All FAT-KO 

and control male mice from CLD and ELD groups were tested together, as were the female 

mice, to minimize any technical differences.  

 Standards were prepared using the provided solution by serially diluting it with 

saline, yielding concentrations ranging from 0-100 mg/dL. A total of 5µl of the standards 

and lipid samples were loaded in a 96-well plate, where saline was used as the blank. Using 

a multichannel pipette, 300µl of the Color Reagent Solution was added into each well at 
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nearly the same time. The plate contents were mixed well and incubated at 37℃ for 5 min. 

At precisely this timepoint, the absorbance of each well was measured sat 600nm. A 

calibration curve of absorbance versus concentration of the standard was plotted, and the 

equation of that curve was used to calculate hepatic content of free cholesterol for the 

samples. 

2.3.4 Quantification of hepatic content of triglycerides  

 Cayman Chemical Triglyceride Colorimetric Assay Kit (Cat. #: 10010303) was 

used to quantify hepatic content of triglycerides. The reagents were prepared using the 

manufacturer’s protocol. Standards were prepared using the provided solution by serially 

diluting it with saline, yielding concentrations ranging from 0-200 mg/dL. A total of 10µl 

of the standards and lipid samples were loaded in a 96-well plate, where Standard Diluent 

was used as the blank. A total of 150µl of the diluted Enzyme Mixture was added to these 

wells to initiate the reaction. The plate was covered and shaken for a few seconds for the 

solutions to mix.  

The plate was covered and incubated in the dark for 15 min at room temperature. 

Absorbance was measured at 540nm using a spectrophotometer. A calibration curve of 

absorbance versus concentration of the TG standard (mg/dL) was plotted, and the equation 

of that curve was used to calculate hepatic content of triglycerides for the samples.  

2.3.5 Quantification of hepatic content of phospholipids 

The Wako Phospholipid C Kit by Fujifilm (Cat. #: 997-01801) was used to quantify 

hepatic content of phospholipids in male and female mice. All FAT-KO and control male 
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mice from CLD and ELD groups were tested together, as were the female mice, to 

minimize any technical differences.  

Standards were prepared using the provided solution by serially diluting it with 

saline, yielding concentrations ranging from 0-300 mg/dL. A total of 3µl of the standards 

and lipid extracts were loaded in a 96-well plate, where Millli-Q water was used as the 

blank. Using a multichannel pipette, 300µl of the Color Reagent Solution was added into 

each well at nearly the same time. The plate contents were mixed well and incubated at 

37℃ for 10 min. At precisely this timepoint, the absorbance of each well was measured 

sat 700nm. A calibration curve of absorbance versus concentration of the standard was 

plotted, and the equation of that curve was used to calculate hepatic content of 

phospholipids for the samples. 

2.3.6 Liver protein extraction 

Liver tissue after lipid extraction (delipidated tissue) was dried down at 70℃ for 1-

2 h. Once completely dry, 4ml of 1N NaOH was added to the tissue. The tube was incubated 

at 70℃ and vortexed every 30 min until the tissue was completely dissolved and solution 

clear. The tube was cooled to room temperature before the protein quantification assay was 

performed or stored at 4℃ for later use.  

2.3.7 Protein quantification in liver tissues 

 Modified Lowry Protein Assay Kit by Thermo Scientific (Cat. #: 23240) was used 

to quantify the total proteins in the liver tissues. All FAT-KO and control male mice from 

CLD and ELD groups were tested together, as were the female mice, to minimize any 

technical differences. The BSA standard solution of 2 mg/ml was used to prepare dilutions 
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ranging from 0-2 mg/ml using 1N NaOH. The 1x (1N) Folin-Ciocalteu (FC) Reagent was 

prepared right before the experiment by diluting the supplied 2x (2N) reagent with Milli-

Q water at the ratio 1:1.  

 A total of 20µl of the standards and samples were pipetted into individual wells of 

a 96-well plate, where 1N NaOH was used as the blank. A total of100µl of the provided 

Modified Lowry Reagent was added to each well at nearly the same time using a multi-

channel pipette. The microplate was immediately placed on a plate mixer for 30 seconds, 

followed by covered incubation at room temperature for 10 min. A total of 10µl of the 

prepared 1x FC Reagent was then added to these wells using a multi-channel pipette, and 

the microplate immediately mixed for 30 seconds. The plate was covered and incubated at 

room temperature for 30 min. At this time point, absorbance was measured for each well 

at 750nm using a spectrophotometer. A standard curve was prepared by plotting the values 

of BSA standard versus its concentration (mg/ml).  

2.4 Liver Glycogen Estimation 

 Glycogen Assay Kit from Sigma Aldrich (Cat. #: MAK016) was used to quantify 

hepatic content of glycogen. Ground liver tissue was used, and 10mg was weighed 

according to the manufacturer’s protocol. This tissue was homogenized in 100µl Milli-Q 

water and boiled for 5 min to inactivate enzymes. Standards were prepared using the 

provided solution by serially diluting it with the provided Hydrolysis Buffer, yielding 

concentrations from 0-2 mg/ml. After testing multiple dilutions for the liver samples, the 

1:100 dilution was found to be optimum and used for the final assay. A total of 10µl of the 

diluted samples and standards was added to a 96-well plate and the volume made up to 

50µl with Hydrolysis Buffer. A total of 2µl of Hydrolysis Enzyme Mix was added to these 
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wells, mixed, and incubated for 30 min at room temperature. A Master Reaction Mix was 

prepared according to the number of samples. Each reaction well contained 46µl 

Development Buffer, 2µl Development Enzyme Mix, and 2µl Fluorescent Peroxide 

Substrate. This 50µl mixture was added to each well of the plate, mixed on a horizontal 

shaker, and incubated for 30 min at room temperature in the dark.  

Absorbance of the samples was measured at 570nm using a spectrophotometer. A 

calibration curve of absorbance versus concentration of the glycogen standard (mg/ml) was 

plotted, and the equation of that curve was used to calculate hepatic content of glycogen 

for the samples.  

2.5 Thiobarbituric acid reactive substances (TBARS) assay  

 Cayman Chemical TBARS Assay Kit (Cat. #: 10009055) was used to assay lipid 

peroxidation in liver samples of male and female mice. Following the manufacturer’s 

guidelines, 25mg of ground liver tissue was weighed and 250µl RIPA Buffer (Cayman 

Chemicals, #10010263) with protease inhibitor P8340 (Sigma Aldrich, Cat. #: 

MFCD00677817) was added to it. This mixture was homogenized on ice and centrifuged 

at 1,600xg for 10 min at 4℃. The supernatant was separated, stored on ice, and used for 

analysis. Dilutions of the provided malondialdehyde (MDA) Standard were prepared using 

Milli-Q water ranging from 0-50mM MDA.  

 A total of 100µl of the samples and standards were added to a 5ml vial, followed 

by addition of 100µl SDS solution and mixing. The Color Reagent (4ml) was added down 

the sides of the vials. The vial was capped and placed in boiling water for 1 h. At this time 

point, the vial was immediately removed from the water and placed in an ice bath for 10 

min. The vials were then centrifuged at 1,600xg for 10 min at 4℃. Within 30 min, 
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duplicates of 150µl each were loaded in a clear 96-well plate. Absorbance was read at 530-

540nm using a spectrophotometer. A calibration curve of absorbance versus concentration 

of the MDA standard (mM) was plotted, and the equation of that curve was used to 

calculate hepatic content of MDA for the sample. 

2.6 RNA extraction from adipose tissues and liver 

One entire side of eWAT tissue was used for RNA extraction which was kept 

common across all mice. A total of 1ml TRIzol reagent (Ambion #15596018) for 20-

100mg tissue was added to a polypropylene tube (Falcon #352006) and homogenized until 

larger particles were minced to give a turbid solution. This homogenate was transferred to 

a smaller 2ml tube and incubated at room temperature for 5 min. A total of 300µl 

chloroform was added per 1 ml TRIzol, and the tube was shaken vigorously followed by 

incubation at room temperature for 3 min. The samples were then centrifuged at 3,500rpm 

for 30 min at 4℃. The mixture separates into lower red, middle phenol chloroform phase, 

an interphase, and a colorless upper aqueous phase. RNA remains exclusively in the 

aqueous phase. This upper aqueous phase was transferred carefully into a fresh RNAase 

free tube. A total of 0.5 ml of molecular biology grade isopropyl alcohol was added per 1 

ml of TRIzol reagent used for the initial homogenization. Samples were incubated at room 

temperature for 10 min and centrifuged at 7,000rpm for 30 min at 4℃. After centrifugation, 

the RNA precipitate appeared as a visible gel-like pellet on the side and bottom of the tube. 

The supernatant was removed completely after centrifugation. The RNA pellet was washed 

with 75% ethanol by adding 1ml of 75% ethanol per 1ml of TRzol Reagent used for the 

initial homogenization. The samples were mixed by vortexing and then centrifuged 

7,000rpm for 5 min at 4℃. The ethanol was removed, and RNA pellet air-dried for 5 min. 



28 
 

The pellet was not dried completely since that would greatly decrease its solubility. RNA 

was dissolved in 15-30µl nuclease free water, based on pellet size, by passing the solution 

a few times through a pipette tip. Concentration of all RNA samples were quantified using 

a Nanodrop Spectrophotometer (Thermo Scientific Nanodrop 8000 Spectrophotometer # 

840281300). The machine was initialized and blanked with 1µl of the same nuclease free 

water used to dissolve the RNA pellet. After thoroughly wiping the loading dock after each 

different solution, 1µl of the RNA sample was added, and its concentration was displayed 

in ng/ml. RNA quality was assessed using a MOPS gel run in a 1x MOPS buffer. To 

prepare this gel, 0.5g agarose powder was mixed with 35ml Milli-Q water and microwaved 

for 1 min. 10ml formaldehyde and 5ml 10x MOPS reagent were added to this mixture, and 

then poured into a gel casting tray with the comb to form wells. After 45 min, the gel was 

removed from the casting tray and submerged in an electrophoresis buffer tank with 1x 

MOPS buffer. Once RNA is redissolved in nuclease free water, 1µl of this RNA solution 

is mixed with 1µl 2x RNA gel loading dye (ThermoFisher Scientific, Cat. #: R0641). This 

mixture is kept on a heating block set at 65℃ for 5 min, followed by ice for 5 min. The 

final volume of 2ml is loaded in the prepared MOPS gel. The gel was run at 90mV for 40 

min and the bands were visualized in a Gel Doc system under UV auto exposure. Good 

quality of RNA was assessed by visualizing three bands, one at 5S, one at 18S, and one at 

28S. 

2.7 RNA sequencing (RNA-seq)  

 An aliquot of the extracted RNA thawed, and 5µl was mixed with 25µl nuclease-

free water. This solution had an RNA concentration of at least 200ng/µl, as required by 

BGI Genomics, Shenzhen, China. The samples were packed in 1.5ml tubes, labelled, and 
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sealed with Parafilm to avoid sample loss during shipping. The tubes were taped inside a 

box and packed with 20lb dry ice before shipping overnight. BGI Genomics performed a 

quality check on 5 samples from each experimental group, out of which three were selected 

for RNA sequencing. Raw gene counts were generated from this dataset by Dr. Weiping 

Chen at the NIDDK, NIH. 

2.8 Quantitative real-time PCR (qPCR) 

Ambion’s DNA-free™ DNA Removal Kit (Cat. #: AM1906) was used to make DNA-free 

RNA samples. As per the protocol, for 100µg total RNAs, we added a unique volume of 

each sample depending on its individual concentration and made up the volume to 90µl 

with DEPC water. A total of 10µl of DNase I buffer was added to all tubes followed by 

addition of 1µl DNase I enzyme. The samples were briefly centrifuged and incubated at 

37℃ for 30 min. Once the tubes were at room temperature, 10µl of DNase Inactivation 

Reagent was added to each tube. They were mixed well and incubated for 2 min at room 

temperature and remixed after 1 min. This turbid solution was then centrifuged for 1 min. 

The clear DNA-free RNA solution was transferred to a new tube, aliquoted, and stored at 

-80℃. 

Applied Biosystems’ TaqMan Reverse Transcription Reagents (Cat. #: N808-0234) 

were used to convert DNA-free RNAs to cDNAs. A maximum of amount of 2µg was used 

in a 100µl reverse transcription (RT) reaction. Each RT reaction tube was to contain 36.5µl 

nuclease-free water, 10µl 10x RT buffer, 22µl MgCl2 (25mM), 20µl dNTP mix (10mM), 

5µl Random hexamers (50 µM), 2µl RNase Inhibitor, and 2.5µl MultiScribe Reverse 

Transcriptase. A master mix tube was prepared according to the total number of samples, 

vortexed and centrifuged to mix the contents well. A total of 98µl of this mix was added 
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into each RT reaction tube, followed by 2µl DNA-free RNA. Along with the samples, a 

control was also run, which contained just the master mix and no RNA template. These 

tubes were placed in a PCR machine for reverse transcription and run in a program pre-set 

for one cycle of 25℃ for 10 min, 40℃ for 30 min, followed by 95℃ for 5 min. Once 

cDNA was prepared, the samples were aliquoted and stored at -80°C. All qPCR reactions 

were set up on ice using 2x SYBR Green PCR Master Mix from Applied Biosystems (Cat. 

#: 4312704). Calculations were done for triplicates, and each tube had a final volume of 

66µl. This comprised of each tube containing 33µl 2x SUBER Mix, 25.3µl DEPC water, 

3.3µl cDNA, and 4.4µl of a 2.5mM primer mix (forward and reverse).  

From this tube, triplicates of 20µl each were loaded into a barcoded 96-well 

reaction plate (Cat. #: 4483485, Applied Biosystems) on ice. The plate was briefly vortexed 

and centrifuged before loading into the qPCR machine (QuantStudioTM 6 Pro Real-Time 

PCR System, Cat. #: A43054, Applied Biosystems). Before starting the run, the program 

and sample volume were selected, and sample names, target gene, and reporter dye details 

were filled. 

All primers used for qPCR using mouse liver and eWAT cDNA samples have been 

listed in Table 3.  

2.9 Western blot analysis 

Liver tissue homogenates were prepared using RIPA Lysis Buffer (Cat. #: R0278, 

Sigma Aldrich) containing protease inhibitor cocktail (Cat. #: P8340, Sigma-Aldrich) and 

phosphatase inhibitor cocktail I (Cat. #: P2850, Sigma-Aldrich) and II (Cat. #: P5726, 

Sigma-Aldrich). After centrifugation at 12,000×g for 15 min, the supernatant was 

collected. The concentrations of proteins from homogenates were determined by Lowry 
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assay with BSA as a standard. Equal amounts of protein (50μg) were subjected to 8–15% 

sodium dodecyl sulphate-polyacrylamide gel electrophoresis (SDS-PAGE) and then 

transferred to nitrocellulose membranes (Pall, Glen Cove, NY). The immunoblots were 

blocked with 5% non-fat milk in TBST (0.2 M Tris base, 1.5 M NaCl, and 0.1% Tween-

20) for 1 h at room temperature. Blotted membranes were then incubated with primary 

antibodies against phospho-STAT3 (Tyr705), STAT3 and GAPDH (Cell Signaling 

Technology, Beverly, MA, USA) overnight at 4 °C. The membrane was washed with TBST 

three times, followed by incubation with goat anti-rabbit IgG horseradish peroxidase (HP)-

conjugated secondary antibodies (Cell Signaling Technology, Beverly, MA, USA), and the 

expression of proteins was detected with an enhanced chemiluminescence reagent (Thermo 

Scientific, Rockford, IL, USA). The protein content for each band was quantified by 

densitometry using Image Quant software (Molecular Dynamics, Sunnyvale, CA). 

2.10 Histological analysis 

2.10.1 H&E (Hemotoxylin and Eosin) Staining 

  Liver, iBAT, iWAT, and eWAT tissues fixed in 10% neutral buffered formalin 

were sent to the Department of Pathology at the University of Maryland Baltimore to be 

embedded in paraffin blocks and sectioned. The slides were stained by H&E.  

2.10.2 Oil red O staining 

 Oil red O histochemistry was performed on OCT-frozen liver sections. Stock Oil 

Red O solution was made at least a day before use, by mixing 300mg Oil Red O (Cat. #: 

O-0625, Sigma) in 100ml of 99% Isopropanol (Cat. #: A451-4, Fisher Scientific). This 

solution was protected from light and kept on a magnetic stirrer overnight. From this stock, 
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a working solution was made by adding 30ml stock solution to 20ml Milli-Q water and 

letting the mixture stand for 10 min. Whatman Paper (Cat. #: 1002-185, Tisch Scientific) 

was used to filter this working solution for over an hour.  

 Frozen liver sections on slides stored at -80°C were air dried for around 30 min. 

These slides were fixed in 10% neutral buffered formalin for 10 min, followed by one quick 

dip in 60% isopropanol. The slides were stained in working Oil Red O solution for 15 min, 

followed by 1 quick dip in 60% isopropanol. After 1 quick dip in Milli-Q water, the slides 

were counterstained using Mayer’s Hematoxylin for 3 min. The slides were then dipped in 

Milli-Q water 10 times. As a final step, mounting aqueous gel was applied on each section, 

prepared by adding 90µl glycerol to 1ml PBS (pH 7.4). A coverslip was quickly placed on 

all sections without pressing them down, as that could move lipids. The coverslips were 

sealed using clear fingernail polish and stored at 4°C in a slide box. 

 The slides were viewed under a microscope (Olympus 1X50) at 10X and 20X 

magnifications to visualize red stained lipid droplets in liver sections.  

2.10.3 Periodic Acid Schiff (PAS) staining of glycogen  

 A piece of liver tissue was fixed in 10% neutral buffered formalin during necropsy. 

Samples were sent to the Department of Pathology at the University of Maryland Baltimore 

to be embedded in paraffin blocks and sectioned. These sections were stored at room 

temperature and used for PAS staining.  

A 0.5% Periodic Acid (Sigma Aldrich; Cat. #: P7875) solution in Milli-Q water 

was freshly prepared. Slides were de-paraffinized by dipping twice in Xylene for 5 min 

each, 100% ethanol twice for 3 min each, once for 3 min in 90% ethanol, and once in 70% 
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ethanol for 3 min. The slides were rehydrated by immersing in Milli-Q water for 3 min. 

They were then oxidized in 0.5% freshly prepared Periodic Acid solution for 5 min. After 

rinsing in three changes of Milli-Q water, slides were placed in Schiff’s Reagent (Fisher 

Scientific, Cat. #: 50-301-27) for 15 min. The slightly pink sections were washed in 

lukewarm tap water for 5 min, turning the sections dark pink immediately. Slides were 

counterstained using Mayer’s Hematoxylin (Fisher Scientific, Cat. #: NC9220898). The 

slides were washed in tap water for 5 min followed by rinsing in Milli-Q Water. To be 

dehydrated, the slides were immersed in Milli-Q water for 3 min, 70% ethanol for 3 min, 

90% ethanol for 3 min, 100% ethanol for 3 min twice, and Xylene for 3 min twice. A drop 

of DPX Mountant (Sigma Aldrich, Cat. #: 06522) was put on each section and a cover slip 

was placed without air bubbles.  

The slides were viewed under a light microscope (Olympus 1X50) at 10X and 20X 

magnifications to visualize pink-purple staining of glycogen in liver tissues. 

2.10.4 Sirius red staining  

 A piece of liver tissue was fixed in 10% neutral buffered formalin during necropsy. 

Samples were sent to the Department of Pathology at the University of Maryland Baltimore 

to be embedded in paraffin blocks and sectioned. These sections were stored at room 

temperature and used for Sirius Red staining.  

 Picro Sirius Red Stain Kit (AbCam, Cat. #: ab150681) was used to stain mouse 

liver sections for collagen I and III fibers. Slides were de-paraffinized by dipping twice in 

Xylene for 5 min each, 100% ethanol twice for 3 min each, once for 3 min in 90% ethanol, 

and once in 70% ethanol for 3 min. The slides were rehydrated by immersing in Milli-Q 
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water for 3 min. Adequate Picro Sirius Red Solution was applied to completely cover the 

tissue section and incubated for 60 min at room temperature. Slides were quickly rinsed in 

two changes of 0.5% Acetic Acid Solution provided with the kit, followed by another rinse 

in 100% ethanol. This was followed by dehydration in 2 changes of 100% ethanol. A drop 

of DPX Mountant (Sigma Aldrich, Cat. #: 06522) was put on each section and a cover slip 

was placed to cover the stained sections. 

 The slides were viewed under a light microscope (Olympus 1X50) at 10X and 20X 

magnifications to visualize a yellow background and red strands of collagen in liver tissues. 

2.10.5 Immunofluorescent staining of frozen tissues  

 Fresh tissues embedded in OCT and flash frozen in liquid nitrogen were used for 

this procedure. A cryostat was used to cut 5µm thick sections mounted on superfrost plus 

slides stored at -80°C.  

Prior to starting the staining process, acetone was placed in a jar in a -20°C freezer 

to act as a fixative. Slides were removed from -80°C and immediately placed in this acetone 

for 10 min. Once they were warmed to room temperature, they were washed in 1x PBS 

twice for 10 min each. A hydrophobic barrier pen (Cat. #: H-4000, Vector Laboratories, 

Burlingame, CA) was used to draw circles around each tissue section to contain any liquid 

added to that area. The 3% goat serum was obtained by diluting 10x Goat serum (Cat. #: 

50062Z, Life Technologies, MD) using 1x PBS. This 3% goat serum was used to dilute 

primary antibodies as per the manufacturer’s recommended dilutions. About 60-75µl of 

the diluted primary antibody was added to each section in a humidified chamber, and 

incubated overnight at 4°C. All primary antibodies used have been listed in Table 4.    
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 The next day, slides were washed in 1x PBS twice for 10 min. Anti-rabbit 

fluorescent secondary antibodies were diluted using 3% goat serum. In the dark, 60-75µl 

of the secondary antibody was added to each section in a humidified chamber and 

incubated at room temperature for 1 h. The slides were washed in 1x PBS twice for 10 min, 

followed by counterstaining with DAPI for 5 min in the dark. Slides were washed once 

again with 1x PBS for 10 min. Excess PBS was tapped off, and one drop of anti-fade 

mounting medium (Cat. #: 9071S, Cell Signaling Technology) was applied to each tissue 

section on the slide. A coverslip was placed on the tissue sections and they were sealed 

with clear fingernail polish. Once dry, the edges of the tissue were circled with a marker to 

allow visualization in the dark.  

 Slides were examined under fluorescent filters of a microscope (Olympus 1X50) in 

the dark to prevent photobleaching.  

2.10.6 Immunofluorescent staining of paraffin embedded tissue 

The iBAT and iWAT tissues were fixed in 10% neutral buffered formalin during 

necropsy. They were sent to the Department of Pathology at the University of Maryland 

Baltimore to be embedded in paraffin blocks and sectioned. These sections were stored at 

room temperature and used for immunofluorescent staining.  

Antigen Retrieval Citrate Buffer was prepared using 10 mM Sodium Citrate or 

Citric Acid (pH 6.0) (Sigma Aldrich, Cat. #: 251275) and 0.05% Tween 20 (Sigma Aldrich, 

Cat. #: P9416). Permeabilization Buffer was prepared using 1x PBS (Sigma Aldrich, Cat. 

#: 11666789001) and 0.3% Triton X-100 (Sigma Aldrich, Cat. #: X100). Blocking buffer 

was prepared using 1x PBS, 0.1% Triton X-100, 3% BSA (Fisher Scientific, Cat. #: 
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BP9704-100), 2% Horse Serum (GibcoBRL, Cat. #: 16050130), 0.02% Sodium Azide 

(Fisher Scientific, Cat. #: BP922I500) 

Sections were de-paraffinized in Xylene thrice, first for 10 min, followed by twice 

for 5 min each. Slides were dipped 20 times, twice in 99.5% ethanol, once in 90% ethanol, 

and once in 70% ethanol. Lastly, they were kept in Milli-Q water for 1 min to complete de-

paraffinization. Antigen Retrieval Citrate Buffer was filled in a dish and placed in a pre-

heated water bath (95-100°C). Slides were immersed in this solution for 20 min and then 

cooled to room temperature, followed by Milli-Q water for 1 min. They were treated with 

the Permeabilization Buffer for 10 min followed by Blocking Buffer for 1 h at room 

temperature. Blocking Buffer was used to dilute primary antibodies as per the 

manufacturer’s recommended dilutions. About 60-75µl of the diluted  primary antibody 

was added to each section in a humidified chamber, and incubated overnight at 4°C. All 

primary antibodies used have been listed in Table 4.    

The next day, slides were washed thrice in Wash Buffer for 10 min. Anti-rabbit 

fluorescent secondary antibodies were diluted using Blocking Buffer. In the dark, 60-75µl 

of the secondary antibody was added to each section in a humidified chamber and 

incubated at room temperature for 1 h. The slides were washed in Wash Buffer five times 

for 5 min, followed by counterstaining with DAPI for 5 min in the dark. Slides were washed 

once again with Wash Buffer for 10 min. One drop of anti-fade mounting medium (Cell 

Signaling Technology, Cat. #: 9071S) was applied to each tissue section on the slide. A 

coverslip was placed on the tissue sections and they were sealed with clear fingernail 

polish. Once dry, the edges of the tissue were circled with a marker to allow visualization 

in the dark.  
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Slides were examined under fluorescent filters of a microscope (Olympus 1X50) in 

the dark to prevent photobleaching. 

2.10.7 Measurement of superoxide in the liver tissue by dihydroethidium (DHE) 

staining 

ThermoFisher Scientific’s DHE kit (Cat. #: D11347) was used to stain liver samples 

snap frozen in liquid nitrogen were used for this procedure. A cryostat was used to cut 5µm 

thick sections mounted on superfrost plus slides stored at -80°C. DHE directly detects 

superoxides, producing a red fluorescent signal after binding to oxygen free radicals. The 

sections were incubated at room temperature for 30 min with DHE (10 µM) and protected 

from light. Next, the sections were counterstained with DAPI followed by addition of a 

mounting buffer. The images of stained specimens from three mice were captured using 

the fluorescent filter on Olympus 1X50 microscope. For quantitative analysis of the 

immunofluorescence intensity, the IOD and ROI were measured by Image-Pro Plus 6.0 

software (Media Cybernetics). The optical density (OD) values were calculated from three 

slides for each liver sample. 

2.11 Statistical analysis 

Statistical analysis was done using GraphPad Prism 5. Statistical differences were 

analyzed by two-tailed unpaired Student’s t test (between 2 groups) or one-way ANOVA 

(among multiple groups). Error bars represent SEM, and p < 0.05 was considered 

statistically significant. 

3 Results 

3.1 Ethanol feeding increases plasma concentrations of triglycerides and cholesterol  
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 The protocol for establishing the NIAAA chronic and binge ethanol feeding model 

was shown in Figure 1A. The comparison between initial and final body weights showed 

a slight but significant loss in male (Figure 1B) FAT-KO and control mice fed the CLD 

and in male control mice fed the ELD over the course of the feeding period. The same 

pattern was observed in female (Figure 1C) control, but not FAT-KO mice fed both diets.   

 To determine whether ethanol feeding differentially affects lipid metabolism in 

FAT-KO and control mice, we first measured plasma concentrations of triglycerides (TG) 

and cholesterol. In both male and female mice, FAT-KO versus control mice fed the CLD 

showed a significant decrease in plasma TG concentrations (Figure 1D). Ethanol feeding 

dramatically increased plasma concentrations of TG in both genotypes and abolished the 

genotypic difference seen in the CLD-fed mice.  Ethanol feeding also increased plasma 

concentrations of total cholesterol (TC), free cholesterol (FC) and cholesterol esters (CE) 

in male (Figure 1E) FAT-KO and control mice, but these changes were not seen in female 

mice except plasma FC in the control female (Figure 1F) mice that was significantly 

increased after ethanol feeding.  
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Figure 1. Ethanol feeding raises plasma TG and cholesterol in males. A) Overview of NIAAA 
Chronic and Binge Ethanol feeding model. (B-C) Initial and final body weight (g) comparison of 
(B) 8-10 week old males (n=7-12) and (C) 10-12 week old females (n=8-15). D-F) Plasma 
concentrations of TG and cholesterol (mg/dl) (n=7). *p < 0.05, **p < 0.01, ***p < 0.001. TG, 
triglyceride ; TC, Total cholesterol; FC, Free cholesterol; CE, cholesteryl esters.  
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3.2 Ethanol feeding causes histological changes in iBAT and iWAT  

 We have previously shown that adipose CGI-58 deficiency increases iBAT and 

iWAT fat pad weights of mice due to adipocyte hypertrophy and cell proliferation54. The 

fat pad weight increase and adipocyte hypertrophy were also observed in the FAT-KO mice 

in the present study (Figure 2A-D). Interestingly, ethanol feeding caused a distinct 

histological change in the iBAT of control male and female mice, which was characterized 

by appearance of irregular vacuoles in almost all brown adipocytes and by decreased eosin 

staining (Figure 2C). In both male and female FAT-KO mice, ethanol recruited many 

multilocular lipid droplet-containing adipocytes in the setting of hypertrophic adipocytes 

containing large lipid droplets in both iBAT and iWAT (Figure 2C and 2D). In the control 

mice, ethanol feeding reduced the adipocyte size in the iWAT (Figure 2D). The histological 

changes in iWAT suggest that ethanol feeding may induce adipose browning, a process 

that recruits beige adipocytes to the white fat depot for thermogenesis. Beige adipocytes 

resemble brown adipocytes functionally and morphologically assisting heat production 

under certain conditions such as cold stress. The ethanol-induced histological changes in 

iBAT require additional studies such as measurements of glycogen and lipid droplets. 

 

Figure 2. Ethanol induces multilocular lipid droplet containing adipocytes in iBAT 
and iWAT. (A-B) Tissue weight of male (n=7-12) and female mice (n=8-15). (C-D) 
Representative images of H&E Staining (n=4) of (C) male and female iBAT (D) male and 
female iWAT. *p < 0.05, **p < 0.01, ***p < 0.001. 
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Figure 2 continued 
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Figure 2 continued 
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3.3 Adipose lipolysis deficiency increases markers of liver injury but prevents 

ethanol-induced fatty liver 

The NIAAA chronic and binge ethanol feeding procedure was well known to 

consistently induce liver injury57. Indeed, plasma levels of aspartate aminotransferase 

(AST) and alanine aminotransferase (ALT), two common markers of liver injury, rose 

significantly after ethanol feeding in both male and female control mice (Figure 3A and 

3B). There was a significant increase in plasma AST and ALT levels in the CLD-fed FAT-

KO relative to control female mice, though this increase was not statistically significant in 

the CLD-fed FAT-KO male mice. There was a trend toward increases in plasma AST and 

ALT in the ethanol-fed FAT-KO male and female mice relative to respective controls. 

These results suggest that adipose lipolysis deficiency may increase liver injury. 

To determine whether adipose lipolysis inhibition reduces hepatic lipid 

accumulation, we analysed liver morphology, hepatic contents of lipids, and hepatic lipid 

droplet deposition. In H&E-stained liver sections, it was observed that ethanol induced 

deposition of round vacuoles in the liver of control male and female mice, which were 

invisible in the ethanol-fed FAT-KO male and female mice (Figure 3D). Oil red O staining 

revealed the identical pattern (Figure 3E), indicating that FAT-KO mice were protected 

from ethanol-induced lipid droplet deposition in the liver. Consistently, lipid biochemical 

assays showed that ethanol feeding dramatically increased hepatic contents of 

triglycerides, total cholesterol, and free cholesterol in the control male and female mice, 

and these increases were abolished in the FAT-KO male and female mice (Figure 3F and 

3G). These findings demonstrate that adipose lipolysis inhibition protects against ethanol-

induced fatty liver.  
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Figure 3. Adipose lipolysis deficiency reduces ethanol-induced hepatic steatosis. A-
B) Plasma activities of AST and ALT (n=7). C) Liver weight (n=8-15). D) Representative 
images of H&E Staining of liver specimens (n=4). E) Representative images of liver Oil 
Red O Staining (n=4). F) Hepatic contents of triglycerides and phospholipids (n=7). G) 
Hepatic contents of total and free cholesterol (n=7). *p < 0.05, **p < 0.01, ***p < 0.001. 
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Figure 3 continued 
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Figure 3 continued 
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Figure 3 continued 

 

 

 

 

 

 

 

 

 

 

 

3.4 Hepatic lipid metabolism genes 
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pathogenesis of alcoholic fatty liver59. To determine how adipose lipolysis deficiency 

influences hepatic expression of genes in these metabolic pathways, we performed RNA 

sequencing (RNA-seq) in the liver RNA samples. While we are still in the process of 

finalizing the differentially expressed genes, we screened the major genes in the fatty acid 

metabolic pathways and selected key genes for validation by qPCR analysis. It was 

observed that there were no significant differences in hepatic levels of mRNAs for several 

lipogenic genes including SREBP-1c, FASN, SCD1 and GCK between FAT-KO and 

control males and females fed the ethanol diet, except ELOVL3, which was reduced in the 

FAT-KO mice (Figure 4A). In the control diet group, hepatic levels of mRNAs for SREBP-

1c, GCK and ELOVL3 were significantly lower in FAT-KO male and female mice. 

Interestingly, ethanol feeding substantially suppressed hepatic expression of SREBP-1c 

and FASN, two key genes in de novo lipogenesis in both control and FAT-KO male and 

female mice. These findings collectively indicate that de novo lipogenesis suppression 

cannot account for the adipose lipolysis deficiency-associated protection against ethanol-

induced fatty liver. 

Ethanol feeding is known to suppress hepatic fatty acid oxidation59. Consistently, 

hepatic levels of mRNAs PPARα and CPT-1A were significantly reduced in the ethanol-

fed control male and female mice and there was no additional reduction in the FAT-KO 

versus control mice (Figure 4B). An interesting observation was the FGF21 gene whose 

hepatic expression was dramatically induced by ethanol feeding and this induction was 

largely blocked in the FAT-KO mice. FGF21 is a hepatokine often induced by PPARα 

activation. It has many metabolic benefits60. The opposite direction in hepatic expression 

of these two genes suggests that mechanisms rather than PPARα are responsible for FGF21 
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induction during ethanol feeding. Our results nonetheless indicate that adipose lipolysis 

deficiency may not protect ethanol-induced fatty liver via increasing hepatic fatty acid 

oxidation.  

Cidec and G0S2 are two lipid droplet-associated genes that were differentially 

regulated in our liver RNA-seq dataset. Cidec is a lipid droplet fusion-related protein and 

previously implicated in the AFLD61. Consistently, ethanol feeding induced a remarkable 

increase in hepatic Cidec mRNA levels in both male and female control mice, and this 

induction was abolished in male FAT-KO mice and attenuated in female FAT-KO mice 

(Figure 4C). G0S2 is a lipolysis inhibitor. Ethanol feeding significantly increased its 

mRNA expression in the liver of control mice (Figure 4C). Intriguingly, adipose lipolysis 

significantly lowered hepatic levels of G0S2 mRNA in FAT-KO mice fed both diets, 

though the ethanol relative to control diet group still had higher G0S2 mRNA levels. These 

findings suggest that ethanol may facilitate lipid droplet fusion and inhibit lipid droplet 

lipolysis locally in the liver by regulating Cidec and G0S2 expression. Adipose lipolysis 

has a profound impact in this regulation.  

Figure 4. Changes in hepatic levels of mRNAs for genes related to lipogenesis, FA 
oxidation, and lipid droplet dynamics. A) Hepatic lipogenesis genes Srebp1c, Fasn, 
Elovl3, Scd1, and Gck  (n=4). B) PPARα signaling and FA oxidation genes Pparα, Fgf21, 
and Cpt1a (n=4). C) Lipid droplet protein coding genes Cidec and G0S2 (n=4).  *p < 0.05, 
**p < 0.01, ***p < 0.001. SREBP1c, Sterol regulatory element-binding protein 1c; FASN, 
Fatty Acid Synthase; ELOVL3, Elongation Of Very Long Chain Fatty Acids Protein 3; 
SCD1, Stearoyl-CoA Desaturase 1; GCK, Glucokinase; PPARα, Peroxisome Proliferator 
Activated Receptor Alpha; FGF21, Fibroblast Growth Factor 21; CPT-1A, Carnitine 
Palmitoyltransferase 1A; CIDEC, Cell Death Inducing DFFA Like Effector C; G0S2, 
G0/G1 Switch 2. 
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Figure 4 continued 
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Figure 4 continued 
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critically involved in the feedback regulation of bile acid synthesis. Future studies are 

clearly needed to determine how ethanol feeding alters hepatic and intestinal bile acid 

metabolism, transport, and composition. 

At the transcription level, cellular lipid homeostasis is controlled by the SREBP 

pathway. While the activation of the membrane-bound transcription factor SREBP-1c turns 

on lipogenesis, activation of SREBP-2 promotes cholesterol synthesis. Insig1 and Insig2 

proteins hold SREBP proteins at the endoplasmic reticulum, preventing SREBPs from 

protease cleavage and traffic to the nucleus to activate transcription63. Ethanol feeding 

dramatically increased Insig2 mRNA levels in the liver of control and FAT-KO mice, 

though to a lesser extent in the FAT-KO mice (Figure 5A and 5B), consistent with reduced 

transcription of SREBP-1c and Insig2 (a target of SREBP-1). Rate limiting enzyme 

HMGCR is also downregulated in control mice fed ethanol, giving the impression of 

reduced cholesterol synthesis upon ethanol feeding. Within the ethanol groups, Insig2 

mRNA levels were lower in the FAT-KO mice relative to the control mice, suggesting that 

FAT-KO versus control mice may have increased cholesterol synthesis during ethanol 

feeding, although SREBP-2 mRNA levels showed no significant increases. Future studies 

are warranted to study how ethanol feeding increases Insig2 transcription. 

Figure 5. Changes in hepatic levels of mRNAs for genes related to bile acid and 
cholesterol metabolism. A) Genes Hmgcr, Hmgcs, Pcsk9, Insig1, Insig2, Ldlr and Srebp2 
(n=4). B) Genes Cyp7a1, Cyp8b1, Cyp27a1, and Fgfr4, (n=4). *p < 0.05, **p < 0.01, ***p 
< 0.001. HMGCR/S, 3-Hydroxy-3-Methylglutaryl-Coenzyme A Reductase/Synthase; 
PCSK9, Proprotein Convertase Subtilisin/Kexin Type 9; INSIG1/2, Insulin Induced Gene 
1/2; LDLR, Low Density Lipoprotein Receptor; SREBP2, Sterol Regulatory Element-
Binding Protein 2; Cyp7a1, Cytochrome P450 Family 7 Subfamily A Member 1; Cyp8b1, 
Cytochrome P450 Family 8 Subfamily B Member 1; Cyp27a1, Cytochrome P450 Family 
27 Subfamily A Member 1; FGFR4, Fibroblast Growth Factor Receptor 4. 
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Figure 5 continued 
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Figure 5 continued 
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3.6 Adipose lipolysis deficiency activates hepatic leptin signaling 

While ranking the differentially expressed genes in our RNA-seq dataset, leptin receptor 

(LepR) was at the top. Leptin is a major adipokine secreted by adipose tissue to regulate 

metabolism and energy intake. Hepatic leptin signaling has been shown to regulate hepatic 

steatosis64. We measured LepR and related genes by qPCR. Consistent with the RNA-seq 

data, hepatic levels of LepR mRNA were drastically increased in the FAT-KO mice 

relative to the control mice under both control and ethanol diets, though ethanol feeding 

attenuated this increase to some extent (Figure 6A and 6B). The downstream signaling and 

regulators of leptin signaling including Stat3 and SOCS3 were also upregulated in the liver 

of FAT-KO mice fed the control diet. Consistent with the transcriptional changes, leptin 

signaling at the level of Stat3 phosphorylation was also upregulated in the FAT-KO mice 

fed the control diet (Figure 6C and 6D). Ethanol feeding increased in the control mice, but 

reduced in the FAT-KO mice, Stat 3 phosphorylation in the liver. Our results demonstrate 

that adipose lipolysis inhibition activates hepatic leptin signaling, which is modestly 

attenuated by ethanol feeding. 
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Figure 6. Adipose lipolysis deficiency increases hepatic leptin receptor and Stat3 
activation. (A-B) Genes Lepr, Stat3 and Socs3 (n=4). (C-D) Levels of hepatic protein 
expression of phosphorylated and total STAT3 measured by western blot analysis in (C) 
male and (D) female mice. The intensity of the protein band was normalized against the 
internal control GAPDH. Histograms depict the quantitative analysis of the results and the 
value for the control group was set as 1. *p < 0.05, **p < 0.01, ***p < 0.001. LepR, Leptin 
receptor; STAT3, Signal Transducer and Activator Of Transcription 3; SOCS3, Suppressor 
Of Cytokine Signaling 3. 
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3.7 Adipose lipolysis and ethanol feeding affect hepatic glycogen content 

Liver H&E sections of FAT-KO male and female mice fed the control diet displayed 

irregular vacuole structures and they were not positive for Oil red O staining (Figure 3). 

This observation led us to suspect the structures being the glycogen. Indeed, these animals 

showed increased glycogen staining by PAS (Figure 7A). Biochemical measurements of 

hepatic content of glycogen also showed a significant increase in the FAT-KO versus 

control mice fed the control diet (Figure 7B). Ethanol feeding significantly reduced hepatic 

content of glycogen in both FAT-KO and control mice (Figure 7A, 7B). Thus, adipose 

lipolysis deficiency and ethanol feeding as well as their interactions profoundly alter 

hepatic glycogen homeostasis.   
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Figure 7. Effect of adipose lipolysis deficiency and ethanol on hepatic glycogen 
content. A) PAS of liver (n=4). B) Biochemical quantification of glycogen in liver tissue 
using (n=5). *p < 0.05, **p < 0.01, ***p < 0.001. PAS; Periodic acid staining. 
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3.8 Adipose lipolysis deficiency increases neutrophil infiltration in the liver in the 

absence of ethanol 

To determine how adipose lipolysis deficiency regulates inflammatory responses in the 

liver, we performed immunofluorescence (IF) staining of macrophage marker F4/80 and 

neutrophil marker MPO in the liver sections. While no differences were observed in the 

F4/80 positive signal among all groups (Figure 8A and 8B), there was a significant increase 

in MPO signals in the FAT-KO versus control mice fed the control diet (Figure 8C and 

8D). As expected, the MPO signals were also significantly higher in the ethanol-fed control 

mice than the control diet-fed control mice. The MPO signals stayed high without further 

increases after ethanol feeding in FAT-KO mice. These results indicate that adipose 

lipolysis inhibition promotes hepatic infiltration of neutrophils and that ethanol feeding 

does not exacerbate adipose lipolysis deficiency-induced neutrophil infiltration. 

 

Figure 8. Unchanged F4/80 and increased MPO signals in FAT-KO mice independent 
of ethanol diet. Representative immunofluorescence images of (A) macrophage marker 
F4/80 and (C) neutrophil marker MPO in the liver. B) Quantification of macrophages and 
D) neutrophils and present in liver (n=4-6). *p < 0.05, **p < 0.01, ***p < 0.001, n.s. = not 
significant. 
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Figure 8 continued 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

B 

C
O

N
 

FA
T-

K
O

 
FA

T-
K

O
 

C
O

N
 

Male Female A 
C

ontrol D
iet 

E
thanol D

iet 

F4/80 DAPI 



61 
 

Figure 8 continued 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

D 

C MPO DAPI 
C

O
N

 
FA

T-
K

O
 

FA
T-

K
O

 
C

O
N

 
Male Female 

C
ontrol D

iet 
E

thanol D
iet 



62 
 

3.9 Adipose lipolysis deficiency induces hepatic expression of Cxcl1 and acute phase 

genes in the absence of ethanol 

Cxcl1 is known to attract neutrophils to the liver during ethanol feeding58. In agreement, 

we observed a dramatic increase in hepatic Cxcl1 mRNA levels in the control diet-fed 

FAT-KO mice (Figure 9A and 9B). Ethanol feeding also raised hepatic Cxcl1 expression, 

especially in female mice. Like IF staining, hepatic levels of F4/80 mRNA showed no 

differences among all 4 groups in each sex (Figure 9A and 9B). We also did not observe 

significant differences in hepatic levels of mRNAs for TNFα and MCP1 among the groups, 

though IL-6 was increased by ethanol feeding in the control mice (Figure 9C and 9D). 

Another dramatic change was the acute phase response genes SAA1 and SAA2, which 

showed up in our top ranked genes in the liver RNA-seq dataset. We validated their 

expression by qPCR. Both were remarkably increased in the male and female FAT-KO 

mice fed both diets relative to respective control mice, except the SAA1 in the ethanol-fed 

FAT-KO and control male mice, which was similarly increased in the two groups (Figure 

9C and 9D). It is completely unknown why and how adipose lipolysis deficiency induces 

hepatic expression of acute phase proteins. 
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Figure 9. Ethanol-independent induction of Cxcl1 and acute phase genes in absence 
of adipose lipolysis. (A-B) Inflammatory marker genes Cxcl1 and F4/80 (n=4). (C-D) 
Injury and inflammation genes Tnfα, Mcp1, IL6, Saa1, and Saa2 (n=4). *p < 0.05, **p < 
0.01, ***p < 0.001. CXCL1, C-X-C Motif Chemokine Ligand 1; TNFα, Tumor Necrosis 
Factor Alpha; MCP1, monocyte chemoattractant protein-1; IL6, Interleukin 6; SAA1/2, 
Serum Amyloid A1/2. 
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3.10 Ethanol feeding does not further increase macrophages and neutrophils in the 

lipolysis-deficient adipose tissue 

Increased neutrophil infiltration in the liver of FAT-KO mice, together with known effects 

of ethanol on adipose inflammation58, we immunostained F4/80 and MPO in the inguinal 

white adipose tissue (iWAT). A striking increase in F4/80 and MPO signals was observed 

in the iWAT of FAT-KO versus control mice regardless of the diet (Figure 10A-10D). 

Ethanol feeding increased both F4/80-positive and MPO-positive cells in the control male 

and female mice without further increasing these signals in the FAT-KO mice.  

Macrophages are often classified as M1 proinflammatory and M2 anti-

inflammatory subtypes. To determine whether the relative abundance of these extreme 

subtypes in the iWAT, we immunostained M1 marker Mac2 and M2 marker CD206. Both 

M1 and M2 macrophages were increased in the iWAT of FAT-KO male and female mice 

regardless of the diet (Figure 11A-11D). Ethanol feeding increased both CD206 and Mac2 

signals in the control male and female mice without furthering increasing these signals in 

the FAT-KO mice.  

In the iBAT, ethanol feeding did not alter F4/80 and MPO signals (Figure 12A-

12D). Like iWAT, the interscapular brown adipose tissue (iBAT) of FAT-KO mice 

accumulated more F4/80-positive and MPO-positive immune cells regardless of the diet 

(Figure 12A-12D). Similar changes were observed for CD206 and Mac2 in the iBAT 

(Figure 13A-13D). 

Collectively, our immunofluorescence data indicate that adipose lipolysis 

deficiency induces infiltration of M1 and M2 macrophages as well as neutrophils into both 

iWAT and iBAT. Ethanol feeding recruits more of these cells to the iWAT but not iBAT.   
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Figure 10. Increased F4/80 and MPO signals upon ethanol consumption and absence 
of adipose lipolysis in iWAT. Representative immunofluorescence images of (A) 
macrophage marker F4/80 and (C) neutrophil marker MPO in iWAT. B) Quantification of 
macrophages and D) neutrophils and present in iWAT (n=4-6). *p < 0.05, **p < 0.01, ***p 
< 0.001, n.s. = not significant. 
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Figure 10 continued 
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Figure 11. M1 and M2 macrophages increase upon ethanol consumption and absence 
of AT lipolysis in iWAT. Representative immunofluorescence images of (A-C) M1 
macrophage marker MAC-2, M2 macrophage marker CD206 and DAPI in iWAT (n=4-6). 
(B-D) Quantification of M1 and M2-like macrophages in iWAT (n = 4-6). *p < 0.05, **p < 
0.01, ***p < 0.001, n.s. = not significant. 
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Figure 11 continued 
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Figure 12 Increased F4/80 and MPO signals in absence of adipose lipolysis in iBAT. 
Representative immunofluorescence images of (A) macrophage marker F4/80 and (C) 
neutrophil marker MPO in iBAT. B) Quantification of macrophages and D) neutrophils 
present in iBAT (n=4-6). *p < 0.05, **p < 0.01, ***p < 0.001, n.s. = not significant. 
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Figure 12 continued 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

C
O

N
 

FA
T-

K
O

 
FA

T-
K

O
 

C
O

N
 

C
ontrol D

iet 
E

thanol D
iet 

Male Female C 

D 

MPO DAPI 



71 
 

Figure 13. M1 and M2 macrophages increase in absence of adipose lipolysis in iBAT. 
Representative immunofluorescence images of (A-C) M1 macrophage marker MAC-2, M2 
macrophage marker CD206 in iBAT (n=4-6). (B-D) Quantification of M1and M2-like 
macrophages in iBAT (n = 4-6). *p < 0.05, **p < 0.01, ***p < 0.001, n.s. = not significant. 
*p < 0.05, **p < 0.01, ***p < 0.001, n.s. = not significant. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

C
O

N
 

FA
T-

K
O

 
FA

T-
K

O
 

C
O

N
 

MAC-2 CD206 DAPI 

C
ontrol D

iet 
E

thanol D
iet 

Male 

Overlay 20X Overlay 40X 20X 20X 

B 

A 



72 
 

Figure 13 continued 
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3.11 Adipose lipolysis inhibition protects against ethanol-induced hepatic oxidative 

stress 

Ethanol feeding is known to cause hepatic oxidative stress65. To determine whether adipose 

lipolysis has any impact in this regard, we first stained the liver sections with 

dihydroethdium (DHE), an indicator of superoxide levels. A significant increase of DHE 

staining was observed in the ethanol-fed control mice and this increase was largely 

attenuated in the FAT-KO mice (Figure 14A and 14B). Since FAT-KO mice did not 

accumulate lipids in the liver (Figure 3), we reasoned that these animals may have reduced 

lipid peroxidation and measured hepatic content of malondialdehyde (MDA), a marker of 

lipid peroxidation using the thiobarbituric acid reactive substances (TBARS) assay. Indeed, 

the liver of FAT-KO mice was largely protected from the ethanol-induced accumulation of 

MDA (Figure 14C). 
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Figure 14. Protection of ethanol-induced oxidative stress by absence of adipose 
lipolysis. A) Representative immunofluorescence images of DHE signals in the liver. B) 
Quantification of ROS fluorescence intensity in liver tissue (n = 4-6). C) Quantification of 
MDA levels in liver tissue (n=5). *p < 0.05, **p < 0.01, ***p < 0.001, n.s. = not significant. 
DHE, Dihydroethidium; MDA, malondialdehyde.   
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3.12 The NIAAA chronic and binge ethanol feeding model does not cause hepatic 

fibrosis 

The NIAAA ALD model does not show hepatic fibrosis68, likely due to the short duration 

of ethanol feeding. Consistently, we did not observe any collagen deposition in all 4 groups 

of mice in each sex after Sirius Red staining of the liver sections (data not shown).  

4 Discussion 

This study was the first to directly test the role of adipose lipolysis in the 

pathogenesis of AFLD using a genetic animal model defective of adipose lipolysis. In our 

animal model (i.e., FAT-KO mice), the lipolytic coactivator CGI-58 was genetically and 

selectively deleted in the adipose tissue, resulting in a defect in adipose lipolysis54. We 

subjected FAT-KO mice to the NIAAA’s chronic plus a single binge ethanol feeding 

protocol66,67. The major finding of this study was that adipose lipolysis almost completely 

protects against ethanol-induced fatty liver and hepatic oxidative stress, but not liver injury. 

Surprisingly, adipose lipolysis deficiency alone induces liver injury and neutrophil 

infiltration, although this increase is not exacerbated by ethanol feeding.  

Multiple mechanisms have been implicated in the pathogenesis of alcohol-induced 

hepatic steatosis, including decreases in fatty acid oxidation and VLDL secretion as well 

as increases in adipose lipolysis, hepatic lipogenesis, and hepatic FA uptake21,68,69,70. To 

our surprise, we found that ethanol feeding reduces hepatic mRNAs for genes involved in 

de novo lipogenesis in the NIAAA model and this reduction exists even in the adipose 

lipolysis-deficient FAT-KO mice. The reduced lipogenic gene expression was also seen in 

the published microarray datasets of the NIAAA model from Dr. Bin Gao’s group62. 

Similar reduction in lipogenic gene expression was not restricted to the NIAAA model. 
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When mice were subjected to the chronic Lieber-DeCarli diet model for 8 weeks followed 

by one binge of ethanol, hepatic lipogenic gene expression was also downregulated in the 

RNA-seq dataset60. This surprising finding, together with the near complete protection of 

fatty liver in ethanol-fed FAT-KO mice, strongly supports the notion that ethanol 

consumption induces fatty liver by stimulating adipose lipolysis, not by increasing hepatic 

lipogenesis21,70. This notion developed from animal research is consistent with the clinical 

observation that people with alcoholic fatty liver have lower body fat mass71,72. Other 

mechanisms may only play a minor role overall in alcoholic fatty liver development.  

How does excessive adipose lipolysis induce hepatic steatosis? About 60% of FFAs 

delivered to the liver are derived from adipose tissue18. Ethanol stimulates adipose 

lipolysis, increases hepatic FA uptake, and promotes the transport of adipose triglycerides 

to the liver21,70. Therefore, excessive adipose lipolysis may induce hepatic steatosis simply 

by providing more substrates for triglyceride synthesis. Intriguingly, we observed a 

remarkable increase in hepatic leptin receptor (LepR) mRNA levels in the FAT-KO mice 

regardless of diets. Phosphorylation of Stat3, a transcription factor downstream of many 

signaling pathways including leptin signaling73, is also markedly increased. As a major 

adipokine, leptin has been shown to prevent fatty liver in a genetic model of lipodystrophy 

in mice74. The authors stated that it remains to determine “whether leptin in this model is 

working solely on the hypothalamus or also has a direct action on peripheral tissues.” 

Liver-specific LepR knockout mice display fatty liver65,75, suggesting a direct role of 

hepatic leptin signaling in suppressing fat deposition in the liver. Mice during chronic 

alcohol feeding have a leptin deficiency76. Future studies are warranted to determine how 

adipose lipolysis deficiency upregulates LepR transcription in the liver and whether hepatic 
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leptin signaling plays a part in mediating adipose lipolysis deficiency-associated protection 

from ethanol- or overnutrition-induced fatty liver.    

It has been reported that alcohol increases synthesis of large VLDL particles in the 

liver, which is a major source of plasma triglycerides, leading to hypertriglyceridemia77. 

Formation of large VLDL particles imply increased availability of lipids during VLDL 

assembly. Interestingly, FAT-KO mice also have increased plasma triglycerides despite 

lack of triglyceride accumulation in the liver. This piece of information suggests that lipid 

availability may not be a rate-limiting mechanism for ethanol to increase blood 

triglycerides. Ethanol feeding may increase blood triglycerides by inhibiting lipoprotein 

clearance through inhibition of lipoprotein lipase as reported by Nilsson-Ehle P78. 

However, ethanol was also shown to increase lipoprotein lipase expression and activity 

resulting in increases in blood high-density lipoprotein levels79,80,81,82. The discrepancy 

may result from differences in experimental durations and nutritional status, such as fasting 

and fed conditions. Future studies are required to clarify how ethanol feeding increases 

blood triglycerides, at least in the NIAAA model. 

In our study, ethanol feeding also increases hepatic and plasma cholesterol. Unlike 

hepatic cholesterol, plasma cholesterol increase cannot be prevented by adipose lipolysis 

deficiency. A simple explanation is that cholesterol follows triglycerides passively given 

that they both are hydrophobic molecules and are often packaged in the same lipid droplet 

and lipoprotein particles. It is unlikely that this increase results from augmented cholesterol 

biosynthesis because the opposite is suggested based on the alterations in hepatic mRNA 

levels of two key transcriptional regulators of cholesterol synthesis including SREBP-2 

and Insig2. On the other hand, the ethanol-fed control mice show significant changes in 
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hepatic levels of mRNAs for several key genes involved in bile acid synthesis, the major 

pathway the body gets rid of cholesterol. Particularly, ethanol feeding downregulates 

Cyp7A1, the rate-limiting enzyme of bile acid synthesis, and Cyp8B1, an enzyme that is 

required for the synthesis of cholic acid, in the control, but not FAT-KO mice. These 

findings indicates that 1) ethanol may suppress bile acid synthesis in the NIAAA model 

and 2) the ethanol-induced changes in hepatic Cyp7A1 and Cyp8B1 mRNA levels largely 

depend adipose lipolysis. FGFR4, a fibroblast growth factor known to inhibit Cyp7a163, is 

also downregulated by ethanol feeding, which may suggest a FGFR4-independent 

mechanism in inhibiting Cyp7A1 transcription. Ethanol consumption has long been known 

to influence bile acid metabolism and composition83,84. Since bile acid synthesis is the 

major cholesterol catabolic pathway, its dysregulation by ethanol consumption likely has 

a profound impact on hepatic and plasma cholesterol homeostasis. 

Another surprising finding of our study was that FAT-KO versus control mice 

showed increased plasma levels of AST and ALT (markers of liver injury) in the absence 

of ethanol feeding. FAT-KO mice also recruited more neutrophils to the liver under this 

condition, which was associated with increased Cxcl1. Cxcl1 is a chemokine known to 

attract neutrophils. A hallmark of ALD is the increased neutrophil infiltration in the liver58. 

However, this occurs in the adipose lipolysis-defective mice without ethanol feeding. 

Importantly, ethanol feeding does not exacerbate hepatic neutrophil and macrophage 

infiltration in these animals. Adipose lipolysis deficiency per se may cause liver injury by 

activating the neutrophil-dependent inflammatory response. Interestingly, hepatic levels of 

mRNAs for acute phase serum amyloid proteins (SAAs) mirrors that of Cxcl1, suggesting 

that they may be regulated by a similar mechanism implicated in inflammation. In the 
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adipose tissue of FAT-KO mice, there are significant increases in the numbers of 

macrophages and neutrophils. Both proinflammatory and anti-inflammatory macrophages 

are increased in the lipolysis-deficient adipose tissues. Perhaps, lipolysis-defective adipose 

tissues secrete specific adipokines and inflammatory cytokines into the blood circulation 

causing systemic inflammation. Future studies are needed to determine whether hepatic 

Cxcl1 and SAA responses result from adipose inflammation and how adipose lipolysis 

deficiency induces inflammatory responses locally and remotely. 

SAAs have been implicated in the pathogenesis of alcohol-induced liver 

pathologies, including inflammation, cell proliferation, cell death, and fibrogenesis85,86. In 

addition, SAA1 protein was reported to increase adipose lipolysis87. It is likely that the 

liver of adipose lipolysis-defective mice is trying to synthesize more SAAs to stimulate 

lipolysis, compensating for low FFA flow to the liver. SAA proteins also respond to tissue 

injury88. Perhaps increased hepatic expression of SAAs simply results from adipose 

lipolysis deficiency-induced liver injury. More studies are warranted to determine how 

adipose lipolysis regulates hepatic SAA expression and whether this regulation influences 

ALD development and progression. 

It should be pointed out that adipose lipolysis deficiency does not increase 

macrophage infiltration in the liver, and it does not seem to activate hepatic macrophages 

because hepatic levels of mRNAs for TNF-α and MCP-1 remain unaltered. Bertola et al. 

showed a significant increase in hepatic TNF-α and MCP1 mRNA levels in their NIAAA 

model after ethanol feeding58. There is a trend toward increases for these genes in our study 

and a larger sample size may be needed to reach statistical significance. We did observed 

a significant increase in hepatic IL-6 mRNA levels after ethanol feeding in the control male 
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and female mice, which is consistent with previous studies58. Adipose lipolysis deficiency 

abolished the ethanol-induced increase in hepatic IL-6 mRNA levels. It seems that ethanol 

feeding requires adipose lipolysis to upregulate IL-6 mRNA levels in the liver. IL-6 has 

both pro- and anti-inflammatory functions. It would be interesting to determine how 

adipose lipolysis regulates liver IL-6 transcription and whether the suppression of hepatic 

IL-6 expression has prevented further liver injury in the ethanol-fed adipose lipolysis-

defective FAT-KO mice.  

Ethanol consumption is known to induce hepatic oxidative stress by increasing 

reactive oxygen species and lipid peroxidation. Consistently, superoxides stained by DHE 

is significantly increased in the liver sections of ethanol-treated control mice and this 

increase is substantially attenuated in the FAT-KO mice. Similar changes are observed for 

lipid peroxidation assayed by the TBARS method. These findings suggest an important 

role of adipose lipolysis in causing hepatic overall oxidative stress as well as hepatic lipid 

peroxidation during ethanol consumption. 

Peroxisome proliferator-activated receptor (PPAR)-α is the master transcriptional 

regulator of fatty acid oxidation. Ethanol consumption is well known to inactivate PPAR-

α and suppress target gene expression in the liver69,89. Carnitine palmitoyltransferase 1A 

(CPT-1A), the enzyme essential for transport of FFAs from cytoplasm to mitochondria for 

fatty acid oxidation, is a target gene of PPAR-α, and it is downregulated by ethanol feeding 

as expected. Unexpectedly, FGF21, a fasting-inducible PPAR-α target gene90, is 

paradoxically upregulated under the same condition, and this upregulation of hepatic 

FGF21 is largely dependent on adipose lipolysis. This observation suggests a scenario that 

adipose-derived FFAs remain to activate a subset of PPAR-α target genes during ethanol 
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consumption, including FGF21. Alternatively, adipose-derived FFAs regulate hepatic 

FGF21 transcription in a PPAR-α-independent manner. More studies are clearly needed to 

determine how this PPAR-α-FGF21 paradox occurs during ethanol consumption.  

Another unexpected yet interesting finding was that adipose lipolysis-deficient 

FAT-KO mice have increased glycogen deposition in the liver when fed the control, but 

not ethanol diet. When the metabolic substrates in the adipose tissue cannot be mobilized 

for use due to defective lipolysis, one would anticipate increased use of glucose and other 

metabolic substrates. If there is an increase in glucose utilization, gluconeogenesis should 

be increased and glycogen synthesis should be decreased. We are currently examining 

glycogen synthesis and glycogenolysis pathways to determine how FAT-KO mice 

accumulate glycogen in the liver after subjected to the NIAAA model dietary regimen. In 

this model, the maltose-dextrin mixture was administered by gastric gavage between 

7:00AM and 9:00AM, and the mice sacrificed between 4:00PM and 6:00PM. The animals 

were in the fed state. While discussing the physiological and pathological significance of 

all alterations in hepatic gene expression and metabolism, we need to keep this nutritional 

status in mind. In the liver RNA-seq data, FAT-KO relative to control mice fed the control 

diet display a 3-fold increase in the counts of hepatic mRNA for Ppp1r3g, a glycogen-

targeting subunit of protein phosphatase-1. Ppp1r3g is a fasting-inducible gene and is 

known to promote post-prandial glycogen synthesis91,92. In the fed state, the liver of 

adipose lipolysis-defective FAT-KO mice relative to the control mice may stay in a 

relatively fasted state, thereby sustaining higher Ppp1r3g expression and more glycogen 

synthesis. Additional studies are warranted to define how adipose lipolysis and liver 

glucose metabolism are coupled during nutritional fluctuations.  
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A hallmark of fatty liver is the deposition of cytosolic lipid droplets. Ethanol has 

been shown to remodel cytosolic lipid droplets regulating hepatic steatosis93. Lipid droplet 

protein Cidec was shown to be markedly upregulated by ethanol feeding, promoting 

alcoholic steatohepatitis in the NIAAA model62. Similar changes were observed in our 

study. Additionally, we found that adipose lipolysis deficiency substantially attenuates 

Cidec upregulation in the liver, suggesting an important role of adipose-derived factors, 

like FFAs and adipokines, in mediating hepatic gene expression. Perhaps, hepatic Cidec is 

upregulated to facilitate lipid droplet growth94, thereby reducing lipotoxicity of adipose-

derived FFAs during ethanol consumption. Another lipid droplet protein G0S2 is also 

upregulated by ethanol feeding, but adipose lipolysis-defective FAT-KO versus control 

mice have much lower G0S2 expression in the liver regardless of diets. This finding again 

highlights an important role of adipose lipolysis in regulating hepatic gene expression. 

G0S2 and CGI-58 have opposite functions in regulating intracellular lipid droplet lipolysis. 

While CGI-58 is a lipolytic activator, G0S2 is a suppressor of lipolysis95. G0S2 knockout 

mice on a high fat diet show reduced hepatic steatosis96. It is currently unknown whether 

G0S2 plays any role in ethanol-induced fatty liver.  

Previous studies have linked excessive alcohol intake to white adipocyte death and 

macrophage infiltration in white fat, which in turns may increase adipose lipolysis, 

resulting in elevation of circulating FFAs and consequently hepatic steatosis, lipotoxicity, 

cell death, and inflammation, the primary phenotypes of ALD97,98,99. The current study 

indicates that adipose lipolysis deficiency also increases infiltration of inflammatory cells, 

including macrophages and neutrophils in the adipose tissue of FAT-KO mice. Although 

it is currently unknown how lipolysis deficiency attracts inflammatory cells to the adipose 
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tissue and whether the overall effect of immune cell recruitment is pro- or anti-

inflammatory, the interactions between lipolysis-defective adipocytes and these 

inflammatory cells may nonetheless generate high levels of cytokines and chemokines, 

which may be released to the blood circulation, causing inflammatory responses in non-

adipose organs such as the liver. In support of this scenario, the liver of FAT-KO mice 

displays increased infiltration of neutrophils and injury markers. This observation suggests 

that the rate of adipose lipolysis needs to be tightly regulated to maintain a healthy 

immunometabolic state.  

 In conclusion, adipose lipolysis deficiency induced by genetic inactivation of the 

lipolytic coactivator CGI-58 protects against ethanol-induced hepatic steatosis and 

oxidative stress. Although adipose lipolysis deficiency does not seem to prevent ethanol-

induced liver neutrophil infiltration and injury, it does not exacerbate these ethanol-induced 

phenotypes. Overall, our data suggest that the liver may benefit from adipose lipolysis 

inhibition during ethanol consumption.  

 

Figure 15: Representative diagrams of A) LD lipolysis under normal conditions (upper) 
and after alcohol consumption (lower). B) Alcohol-stimulated WAT lipolysis under normal 
conditions with CGI58 (upper) and in FAT-KO mice (lower). PLIN, Perilipin; CGI-58, 
Comparative Gene Identification-58; ATGL, Adipose Triglyceride Lipase; EtOH, 
Ethanol/Alcohol; TG, triglyceride; DG. Diglyceride; MG. monoglyceride, FA, Fatty Acid; 
LD, lipid droplet. 
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Figure 15 continued 
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Table 3: Primer list 

Name Primer Sequence (5’ to 3’) 

ACC 328 TGGACAGACTGATCGCAGAGAAAG 

ACC 329 TGGAGAGCCCCACACACA 

Adipq F TGACGTCCTCTTCTGGTGCA 

CGI-58R ACTCTGCTCAGTTCCACTGCTTGA 

CGI-58SAF1 CCTTCTCCAGGTTCCTGATAA 

CIDEC 600 AAGCGCATCGTGAAGGAGAT 

CIDEC 674 GGTGCCAAGCAGCATGTG 

Common R GGACCGACGASTGAAGCATG 

CPT1A 3250 CACCAACGGGCTCATCTTCTA 

CPT1A 3597 CAAAATGACCTAGCCTTCTATCGAA 

CXCL1 282 TCCCCAAGTAACGGAGAAAGAA  

CXCL1 350 TGTCAGAAGCCAGCGTTCAC 

CYP27A1 366 GGAGGGCAAGTACCCAATAAGA 

CYP27A1 453 TGCGATGAAGATCCCATAGGT 

CYP7A1 294 AGCAACTAAACAACCTGCCAGTACTA 

CYP7A1 295 GTCCGGATATTCAAGGATGCA 

CYP8B1 201 GCCTTCAAGTATGATCGGTTCCT  

CYP8B1 275 GATCTTCTTGCCCGACTTGTAGA 

ELOVL3 190 TTCTCACGCGGGTTAAAAATG 

ELOVL3 258 GGGCCTTAAGTCCTGAAACGT 



86 
 

Table 3 continued 

F4/80 F CTTTGGCTATGGGCTTCCAGTC 

F4/80 R GCAAGGAGGACAGAGTTTATCGTG 

FAS 242 GCTGCGGAAACTTCAGGAAAT 

FAS 243 AGAGACGTGTCACTCCTGGACTT 

FGF21 F CCTCTAGGTTTCTTTGCCAACAG 

FGF21 R AAGCTGCAGGCCTCAGGAT 

FGFR4 179 GGTTCATAGTTGAGGCCTTCTGTT 

FGFR4 262 AAGGGCAAGGCCATGATCTT 

G0S2 592 CAGAGTCACATGCTGTTTCAAGGT 

G0S2 664 CCCAGACCCCTTAGGTGATCT 

GK 365  CCGTGATCCGGGAAGAGAA 

GK 366 GGGAAACCTGACAGGGATGAG 

HMGCR 300  CTTGTGGAATGCCTTGTGATTG 

HMGCR 301 AGCCGAAGCAGCACATGAT 

HMGCS 308 GCCGTGAACTGGGTCGAA 

HMGCS 309 GCATATATAGCAATGTCTCCTGCAA 

IL-6 F TCGTGGAAATGAGAAAAGAGTTG 

IL-6 R AGTGCATCATCGTTGTTCATACA 

INSIG1 839  TCACAGTGACTGAGCTTCAGCA  

INSIG1 918 TCATCTTCATCACACCCAGGAC 

INSIG2 1784  CGGAAGATGCTGGAACCTGA  

INSIG2 1862 TGTGCTCTCCATACGCTCTCC 
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Table 3 continued 

LDLR 320 AGGCTGTGGGCTCCATAGG 

LDLR 321 TGCGGTCCAGGGTCATCT 

LepR F CTTTGTACCTTACATGCCCCAAT 

LepR R AGTCACACATCTTATTCTCCATTATCTTG 

MCP1 267 CCTGGATCGGAACCAAATGA 

MCP1 333 AGACCTTAGGGCAGATGCAGTT 

ME 514 GCCGGCTCTATCCTCCTTTG 

ME 515 TTTGTATGCATCTTGCACAATCTTT 

PCSK9 214 CAGGCGGCCAGTGTCTATG 

PCSK9 277 GCTCCTTGATTTTGCATTCCA 

PPARα F ACAAGGCCTCAGGGTACCA 

PPARα R GCCGAAAGAAGCCCTTACAG 

SAA1 323 ACCAGGAAGCCAACAGACATG 

SAA1 389 GGCAGTCCAGGAGGTCTGTAGT 

SAA2 136 GACATGTGGCGAGCCTACACT 

SAA2 210 CCCCCGAGCATGGAAGTATT 

SCD1 256 CCGGAGACCCCTTAGATCGA 

SCD1 257 TAGCCTGTAAAAGATTTCTGCAAACC 

SOCS3 F CACAGCAAGTTTCCCGCCGCC 

SOCS3 R GTGCACCAGCTTGAGTACACA 

SREBP-1c 248 GGAGCCATGGATTGCACATT  

SREBP-1c 249 GGCCCGGGAAGTCACTGT 
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Table 3 continued 

SREBP2 276 GCGTTCTGGAGACCATGGA 

SREBP2 277 ACAAAGTTGCTCTGAAAACAAATCA 

STAT3 2434 GCAGTTTGGAAATAACGGTGAAG 

STAT3 2521 CTCCGAGGTCAGATCCATGTC 

TNFα 191 CTGAGGTCAATCTGCCCAAGTAC 

TNFα 266 CTTCACAGAGCAATGACTCCAAAG 

Table 4: Immunofluorescence Antibody List 

Antibody Name Company Catalog Dilution 

F4/80 (D4C8V) XP Rabbit mAb 
Cell Signaling 

Technology 
#30325 1:400 

Cleaved Caspase-3 (Asp175) 
Cell Signaling 

Technology 
#9661 1:400 

Recombinant Anti-Myeloperoxidase Abcam #EPR20257 1:100 

Anti-Mouse/Human Mac-2 

(Galectin-3), Purified (Clone M3/38) 

(rat IgG2a) 

Cedarlane # CL8942AP 1:250 

CD206 Polyclonal antibody Proteintech # 18704-1-AP 1:250 
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