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Abstract 

Title of Dissertation: Cardiac Ca2+ Signals: From Local Elevations, A Matrix of 
Potential 
Andrew P. Wescott, Doctor of Philosophy, 2017 
Dissertation Directed by: W. Jonathan Lederer M.D., Ph.D., Director of The Center for 
Biomedical Engineering and Technology, Professor in The Department of Physiology  

 The heart has frequent and robust elevations of cytosolic calcium ([Ca2+]i) that 

underlie each contraction. Ca2+ release originates from thousands of Ca2+ release units 

(CRUs) distributed throughout the cardiomyocyte which can generate localized Ca2+ 

elevations, Ca2+ sparks, that are synchronized during excitation-contraction (EC) 

coupling to produce the global [Ca2+]i transient. Positioned in close proximity (~ 100 nm) 

to these CRUs are the intramyofibrillar mitochondria (IFMs) which are briefly (10 - 20 

ms) exposed to microdomains of high [Ca2+]i (1 - 10 µM) during Ca2+ release. Elevated 

[Ca2+]i coupled with the highly polarized inner mitochondrial membrane (IMM) potential 

(ΔΨm ≈ -180 mV) creates a powerful electrochemical driving force for Ca2+ uptake 

through the mitochondrial Ca2+ uniporter (MCU) complex. Low “physiological” 

mitochondrial matrix Ca2+ ([Ca2+]m) (~0.1 - 10 µM) is thought to regulate metabolism via 

oxidative phosphorylation, while “pathophysiological” [Ca2+]m overload (> 10 µM) leads 

to necrotic cell death. To date, the biophysical details surrounding the magnitude and 

regulation of mitochondrial Ca2+ uptake remain poorly understood, with the functional 

significance of [Ca2+]m signals providing further controversy. Three independent studies 

are provided in this thesis that look to improve our quantitative understanding of “local 

control” of [Ca2+]i signaling, the regulation and magnitude of [Ca2+]m signals, and the 



mechanism by which [Ca2+]m contributes to dynamic mitochondrial adenosine 

triphosphate (ATP) synthesis. The first study tests the hypothesis that “stable and 

synchronous release of local [Ca2+]i signals relies on physiological Ca2+ sensitivity of the 

ryanodine receptor”. The second study tests the hypothesis that “mitochondrial Ca2+ 

uptake is under thermodynamic control to yield the small alterations in [Ca2+]m during 

EC coupling.”  The final study tests the hypothesis that “[Ca2+]m regulates ATP 

production through altering the thermodynamic driving force for ATP synthesis ”. The 

novel quantitative results provided herein help to clarify and constrain our understanding 

of EC coupling and the role of Ca2+ in the mitochondrial matrix. 
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Chapter 1: General Introduction 

Cardiovascular Physiology 

 The heart is responsible for providing the force necessary to move blood 

throughout the body.  ~2 billion heart beats occur without fail in the over the average 

human lifespan, assuming a heart rate of 70 beats per minute, circulating oxygen and 

nutrient rich blood needed to sustain life. Remarkably, only ~50% of the heart muscle 

cells are replaced with new cells throughout our life, with cell renewal declining as we 

age (Bergmann, Bhardwaj et al. 2009). Still, it is not quite fair to say we only get one 

heart or life preserving pump, as the heart functions as two independent, but 

simultaneously coordinated, pumps: the right heart, responsible for moving de-

oxygenated blood throughout the low pressure pulmonary system to allow re-oxygenation 

of the blood (Hall and Guyton 2011), and the left heart, responsible for perfusing 

oxygenated blood throughout the entire body in a high pressure system (Hall and Guyton 

2011). While functionally distinct, the right and left heart are controlled in unison by 

electrical activity within the organ. 

 Electrical signals originate within the right atrium of the heart at a region of 

specialized atrial cells known as the sinoatrial node, see Fig. 1.1 a. While the biophysical 

and molecular details of sinoatrial nodal cell function remain an active area of research, it 

is clear that the intrinsic electrical activity of these cells results in a shift from a negative 

potential difference across the cell membrane to a positive or depolarized voltage (Bers 

2001). This electrical signal propagates throughout the right and left atria of the heart 

causing these chambers to increase in pressure and permit filling of the right and left 
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ventricles with blood. Cardiac electrical activity briefly pauses at the atrioventricular 

node before rapidly spreading throughout the ventricular tissue. Rapid depolarization of 

the left and right ventricles is facilitated by a specialized conduction system known as the 

bundle of His, composed of Purkinje fibers that extend from the ventricular septum into 

muscular walls. The pathway of electrical propagation is shown diagrammatically in Fig. 

1.1 a. This diagram also depicts the uniqueness of the electrical signal at the cellular 

level, known as the action potential. Electrical activity allows for coordinated contraction 

of the right and left ventricles of the heart, the respective low and high pressure pumps 

(Hall and Guyton 2011). 

 Contraction of the right and left ventricles generates the force needed for 

pulmonary and systemic perfusion, respectively. These ventricles, or chambers, are 

composed of muscle cells, termed cardiomyocytes, which are a primary focus of the 

computational and experimental studies presented in chapters to follow. While the details 

of cardiopulmonary and cardiovascular system physiology are beyond the scope of this 

thesis dissertation, it is important to remember the broader and hugely significant 

function of cardiomyocyte contraction; the maintenance of life through the preservation 

of vascular blood pressure. The mechanism that underlies cardiomyocyte contraction and 

force generation is of particular importance to the computational study presented in 

Chapter 2 of this thesis. Chapters 3 and 4 focus on the signals and mechanisms that 

underlie cardiac energy regulation. As one may expect, contracting is an energetically 

costly process for cardiomyocytes and the ability to regenerate energy is critical to allow 

the cells to work harder during times of need. My work focuses on normal cardiac 
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function with investigation of the underlying mechanisms that enable physiological 

activity of the heart. Unfortunately, there are numerous disease processes that can lead to 

cardiac dysfunction and pump failure. While the following sections will focus 

predominately on normal physiology, the final discussion Chapter 5 will highlight 

important features of cardiac diseases related to the topics of cardiac EC coupling and 

bioenergetics. 

Figure 1.1. Cardiac Electrical Signals  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Figure 1.1. Cardiac 
Electrical Signals. a) Diagram 
of the cardiac electrical 
conduction pathway, with 
representative action potentials 
for each key region of the 
heart. Adapted from Munshi, 
N. V. (2012). "Gene regulatory 
networks in cardiac conduction 
system development." Circ 
Res 110(11): 1525-1537, with 
permission from Wolters 
Kluwer. b) Diagram of a 
cardiac action potential from a 
large mammal, such as rabbit, 
where P[X] represents the 
relevant change in 
permeability of the membrane 
to the specified ion due to ion 
channel opening or closing. Na 
- sodium, Ca - calcium, K- 
potassium.



Excitation-Contraction Coupling 

 Cardiac muscle cells have evolved for the purpose of generating force, which 

occurs through a mechanism known as EC coupling. In brief, excitation of the 

cardiomyocyte via the action potential activates voltage-gated L-type Ca2+ channels 

(LCC) to open and conduct Ca2+ into a femto-scale subcellular volume known as the 

dyadic subspace ([Ca2+]ds) (Franzini-Armstrong, Protasi et al. 1998, Bers 2002). This 

LCC current, ICa, initiates Ca2+ induced Ca2+ release (CICR) through the regenerative 

release of Ca2+ from the sarcoplasmic reticulum (SR) store ([Ca2+]sr) via the type 2 

ryanodine receptors (RyR2) (Santana, Cheng et al. 1996). Activation of an individual 

CRU results in a local Ca2+ signal, the Ca2+ spark, which is the elementary unit of CICR, 

shown in Fig. 1 A (Cheng, Lederer et al. 1993, Cheng and Lederer 2008). Ca2+ sparks can 

be either “triggered” by ICa as described above, or occur spontaneously by probabilistic 

opening of the RyR2 (Cheng and Lederer 2008). When taken across the ~20,000 CRUs 

within the cardiomyocyte, EC coupling yields a transient rise in [Ca2+]i composed of 

thousands of synchronized Ca2+ sparks (Cheng, Cannell et al. 1995, Wescott, Jafri et al. 

2016). This [Ca2+]i elevation permits myosin cross-bridge cycling and cellular contraction 

(Bers 2002). [Ca2+]i is then returned to diastolic level through sequestration of Ca2+ back 

into the SR, via the SR Ca2+ ATPase (SERCA), and extrusion of Ca2+ out of the cell by 

the Na+/Ca2+ exchanger (NCX) and plasma membrane Ca2+ ATPase (PMCA) (Bers 

2002). A diagrammatic representation of EC coupling is provided in Fig. 1.2. 

 Ca2+-dependent and Ca2+-independent regulation of each step of EC coupling 

allow the heart to modulate the force of contraction, known as contractility, to meet the 
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perfusion demand of the body. Unfortunately, many of the components of EC coupling 

are sites of genetic mutation that lead to cardiovascular disease (McNally, Barefield et al. 

2015). Additionally, EC coupling proteins undergo adaptive remodeling during more 

widespread cardiac pathologies such as heart failure (Pogwizd, Schlotthauer et al. 2001).  

During both physiological and pathophysiological cardiac function generation of cellular 

force through EC coupling is energetically expensive for the cardiomyocyte, even in 

healthy hearts, highlighting the cellular need to balance this energy consuming 

mechanism with an energy production pathway. Details surrounding the cardiac action 

potential, regulation of the L-type Ca2+ channel, RyR2, local and global [Ca2+]i signals, 

the myofilaments, EC coupling during disease, and energetic costs of contraction are 

discussed below. 

Cardiac Ventricular Action Potential 

 Contraction of cardiac muscle in response to electrical excitation, EC coupling, 

works through a complex signal transduction mechanism that revolves around the 

divalent ion Ca2+. Electrical activity initiated at the sinoatrial node, see Fig. 1.1 a, causes 

a depolarization of the cardiomyocyte cell membrane, the sarcolemma. Cell-to-cell 

electrical propagation occurs due to the connectivity between cells through proteins 

called connexins which form conductive pathways known as gap junctions (Unwin and 

Zampighi 1980, Page and Shibata 1981). This connectivity allows previously depolarized 

cells to initiate depolarization of a connected cell’s sarcolemmal membrane which is 

quickly amplified by the activation of voltage-gated sodium (Na+) channels (Noda, 

Shimizu et al. 1984, Rogart, Cribbs et al. 1989). This series of events is responsible for 
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phase 0 of the ventricular action potential, see Fig. 1.1 b. The cellular architecture of the 

cardiomyocyte plays a critical role in the propagation of electrical signals throughout the 

entire depth of the cell due to invaginations of the sarcolemma known as transverse 

tubules, see Fig. 1.2. The rapid depolarization of the sarcolemma leads to closure and in-

activation of the Na+ channels and a slight repolarization of the sarcolemmal membrane 

potential, action potential phase 1 shown in Fig. 1.1 b. The L-type Ca2+ channels are then 

activated resulting in an inward Ca2+ current, ICa, that is responsible for the plateau phase, 

action potential phase 2 in Fig. 1.1 b, and a host of important cellular functions. The 

remainder of the cardiac action potential is dominated by potassium (K+) current 

mediated repolarization of the sarcolemma, action potential phase 3 shown in Fig. 1.1 b. 

This brings the cardiomyocyte back to resting membrane potential (-80 to -90 mV), phase 

4. While the action potential pathway just described holds true as a general overview, 

there are important differences in ion channel expression that result in different action 

potentials regionally within the heart (Nerbonne and Kass 2005) and between different 

species of animals (Varro, Lathrop et al. 1993). Regardless of region and species, ICa, as 

alluded to above, is the critical electrical intermediary signal needed to initiate CICR and 

cardiomyocyte contraction.  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Figure 1.2. Ca2+ Homeostasis and Excitation-Contraction (EC) Coupling 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Figure 1.2. Ca2+ Homeostasis and Excitation-Contraction (EC) Coupling. EC 
coupling is initiated by action potential excitation of the myocyte. This electrical signal 
propagates deep within the cell along transverse tubule invaginations of the 
sarcolemmal membrane. Voltage-gated Na+ channels rapidly open upon depolarization 
which further depolarize the cell membrane. This allows opening of voltage-gated Ca2+ 
channels that induces the Ca2+-induced Ca2+ release process by triggering the opening 
of RyR2s in the SR membrane. The resulting [Ca2+]i transient enables activation of the 
myofilaments and cellular contraction. AP repolarization is initiated by voltage-gated 
K+ channels and outward flux of K+. The removal of [Ca2+]i back into the SR and out of 
the cell allow for relaxation of the myocyte. Figure adapted Luo, M. and M. E. 
Anderson (2013). "Mechanisms of altered Ca(2)(+) handling in heart failure." Circ Res 
113(6): 690-708, with permission from Wolters Kluwer. 



L-type Ca2+ Channel 

 Ca2+ influx into the cardiomyocyte through the LCC, also known as 

dihydropyridine receptors, is the trigger of coordinated CICR, see Fig. 1.2. The LCC is a 

heterotetrameric complex of proteins which includes the minimum necessary proteins α1, 

α2/δ, and β subunits, with the α1 subunit containing the channel pore, voltage sensor,  

and binding sites for LCC modulating drugs (Catterall 2000). The accessory proteins α2/

δ, and β subunits are thought to be involved in trafficking of α1 to the plasma membrane, 

with β subunits possibly conveying additional regulation of the channel biophysics (Bodi, 

Mikala et al. 2005). The C-terminus of the α1 subunit contains numerous sites of 

regulation including an EF hand domain, calmodulin binding sites, and phosphorylation 

sites (Bodi, Mikala et al. 2005). Different whole-cell ICa is elicited depending on the 

voltage stimulus and species from which the cardiomyocyte is obtained. For example the 

fast rat action potential provokes a ~6 A/F rapidly terminating current while the slow 

more human-like action potential of a rabbit results in a smaller ~4 A/F but longer acting 

ICa (Yuan, Ginsburg et al. 1996). Interestingly, if both rabbit and rat cardiomyoyctes are 

given the same 200 ms membrane voltage depolarization to 0 mV a ~12 A/F current is 

elicited in the rat myocyte, while only a ~7 A/F current in rabbit, with both currents 

rapidly inactivating (Yuan, Ginsburg et al. 1996).  There are two critical forms of 

inactivation of the LCC, 1) voltage-dependent inactivation (VDI), and 2) Ca2+-dependent 

inactivation (CDI). VDI is slow in LCC and often incomplete even at highly depolarized 

sarcolemmal membrane potentials (Hadley and Hume 1987). Certain Ca2+ channel 

blockers used clinically preferentially bind to the inactivated state of the channel 
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(Sanguinetti and Kass 1984). VDI is often studied by replacing Ca2+ with a surrogate 

divalent ion such as Barium. CDI likely acts as a feedback mechanism for the LCC, 

allowing the channel to sense changes in [Ca2+]i and reduce ICa (Bers 2002). Interestingly, 

the use of Ca2+ chelators (EGTA and BAPTA) is unable to prevent CDI, suggesting there 

may be a role for local [Ca2+]ds regulation of the LCC (Hofer, Hohenthanner et al. 1997). 

Calmodulin interacting with the α1 subunit can cooperatively bind 4 Ca2+ ions upon LCC 

activation, which is thought to cause a conformational shift which underlies CDI (Bers 

2001). Calmodulin plays another role in facilitation, or frequency dependent potentiation 

of ICa (Lee 1987), by activating calmodulin dependent kinase (CAMKII) which 

phosphorylates the LCC (Anderson, Braun et al. 1994). ICa is also enhanced ~2-4 fold 

during β adrenergic stimulation due to protein kinase A (PKA)-mediated phosphorylation 

of the α1 subunit (Tsien, Bean et al. 1986, Bers 2002). Safe, robust, and dynamic LCC 

activity as described above decodes electrical activity to the cytosol for cardiomyoycte 

contraction. The influence of ICa on CICR at the single CRU level is fundamental for EC 

coupling; this has been observed experimentally in the form of Ca2+ sparklets (Wang, 

Song et al. 2001). A Ca2+ sparklet is a rise in [Ca2+]ds provided by ICa that activates a 

cluster of RyR2s to trigger the elementary Ca2+ spark (Cheng, Lederer et al. 1993).  

RyR2 

 A cardiomyocyte CRU, or dyad, is comprised of the t-tubule housing a cluster of 

~6 LCCs (Dixon, Yuan et al. 2012, Dixon, Moreno et al. 2015) that are positioned across 

a dyadic “subspace", or “fuzzy space” (Lederer, Niggli et al. 1990), ~15 nm from a 

variable array of (~10-300) RyR2 within the junctional SR (JSR) membrane (Franzini-
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Armstrong, Protasi et al. 1998, Baddeley, Jayasinghe et al. 2009). RyR2s are responsible 

for the majority of triggered and spontaneous SR Ca2+ leak in heart muscle cells, though 

it is worth noting that the channel is not specific for Ca2+ and is highly permeable to 

monovalent ions (Bers 2001). The plant alkaloid ryanodine is a selective ligand for RyR2 

(as well as the other isoforms RyR1 and RyR3) which at low doses (< 10 µM) fixes the 

channel in an open state while at high doses (> 100 µM) inhibit the channel (Bers 2001).  

Though the structure of the RyR2 homotetrameric mega-channel (2.26 MDa) was only 

recently discovered (Peng, Shen et al. 2016), much is known regarding the functional 

regulation of this important protein. The sensitivity of the RyR2 to [Ca2+]ds is perhaps the 

most important regulatory mechanism for CICR, with much of what we know coming 

from lipid-bilayer studies. Under “near-physiological” conditions (e.g., Mg2+, SR Ca2+, 

etc.) RyR2s are sensitive to [Ca2+]ds with a half-activation of channel open probability  of 

20-50 µM, depending on the presence of SR proteins such as calsequestrin (Tencerova, 

Zahradnikova et al. 2012, Cannell, Kong et al. 2013, Chen, Valle et al. 2013, Laver, Kong 

et al. 2013). Interestingly, the recent structure of RyR2 did not identify a [Ca2+]ds binding 

site (Peng, Shen et al. 2016), with another study indicating the EF hand domain of the 

RyR2 is not necessary for [Ca2+]ds activation of the channel (Guo, Sun et al. 2016). 

Similar to the LCC, RyR2 channel activity is altered by the binding of accessory proteins 

including calmodulin (Meissner and Henderson 1987) and FK-506 binding protein 

(Jayaraman, Brillantes et al. 1992) as well as by a number of post-translational 

modifications including, phosphorylation by PKA (Valdivia, Kaplan et al. 1995) and 

CAMKII (Witcher, Kovacs et al. 1991), S-nitrosylation (Sun, Yamaguchi et al. 2008), and 
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oxidation (Oda, Yang et al. 2015). Interestingly, cardiac mechanosignaling appears to 

converge on functional changes in RyR2 activity through oxidation where reactive 

oxygen species (ROS) are generated by nicotinamide adenine dinucleotide phosphate 

(NADPH) oxidase 2 (NOX2) oxidation of NADPH in a mechanism known as X-ROS 

(Prosser, Ward et al. 2011)  and possibly nitrosylation due to nitric oxide synthase 1 

activation (Jian, Han et al. 2014). Investigations of the influence of RyR2 cluster 

structure and channel regulation on CICR and cardiac function in health and disease is 

major focus of current research. 

Local and Global [Ca2+]i signals 

 CICR is the high gain process by which a relatively small ICa induces a robust 

global rise in [Ca2+]i by SR Ca2+ release through the RyR2, see Fig. 1.2. As described 

above, both the LCC and RyR2 are likely regulated by local [Ca2+]ds. Experimental 

evidence of CICR was first shown in heart using mechanically skinned cardiac fibers 

(Fabiato and Fabiato 1975). However, it wasn’t until the implementation of the voltage 

clamp technique in combination with flash photolysis release of Ca2+ that it became clear 

CICR in heart is not directly dependent on sarcolemmal voltage (Niggli and Lederer 

1990). This is a critical difference between EC coupling in heart and skeletal muscle. 

Interestingly, CICR is “graded” with the applied or trigger [Ca2+]ds; in the cell this is ICa, 

but this was first seen experimentally in skinned fibers, with bath perfusion of increasing 

Ca2+ concentration resulting in increased SR Ca2+ release (Fabiato 1985). At the single 

CRU level, CICR results from the regenerative release of Ca2+ through clusters of RyR2s, 

this is the elementary Ca2+ signal in heart, the Ca2+ spark, see Fig. 1.3 a.  (Cheng, Lederer 
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et al. 1993). This process is regenerative in nature, as the opening of 1 RyR2 provides a 

Ca2+ flux into the dyadic subspace which will increase [Ca2+]ds and increase the 

probability that other RyR2s within the cluster will open. Not all RyR2 openings result in 

the formation of a Ca2+ spark, it is possible to have a single RyR2 opening known as a 

Ca2+ quark or a multi-RyR2 opening that fails to fully activate the CRU, a Ca2+ sub-

spark, though these events are invisible to conventional experimental techniques, see Fig. 

1.3 c.  (Brochet, Xie et al. 2011, Williams, Chikando et al. 2011). Additional theories 

related to RyR2 cluster opening termed coupled gating in which the opening of one 

channel results in the physical/simultaneous opening of adjacent channels, first described 

in skeletal muscle RyR1 (Marx, Ondrias et al. 1998). Skeletal muscle RyR1 coupled 

gating was dependent on the accessory protein FKBP12, and while this protein is 

expressed in heart the cardiac RyR2 binds more strongly to FKBP12.6 and evidence for 

allosteric coupling or coupled gating has not advanced dramatically (Bers 2001). The 

fundamental observation of the Ca2+ spark has led to numerous advances in our 

understanding of CICR in health, disease, and Ca2+ signals in non-cardiac tissues, see 

review (Cheng and Lederer 2008). A Ca2+ spark occurs with a rise time to peak of ~10 ms 

and a half-decline time of ~20 ms, typically restricted to a full-width half max of ~2 µm 

(Cheng, Lederer et al. 1993). While a single Ca2+ spark results in a regional rise of only 

~200 nM, the change in [Ca2+]ds is likely far greater, with estimates in the 100-300 µM 

range (Williams, Chikando et al. 2011), although direct measurements are challenging 

and likely diluted by optical limitations (Shang, Lu et al. 2014). 
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 The summation of 1000s of Ca2+ sparks, synchronized by action potential 

depolarization of the cardiomyocyte, is thought to result in the [Ca2+]i transient, see Fig. 

1.3 b and d.  (Cannell, Cheng et al. 1995). Direct observation of Ca2+ spark recruitment 

during EC coupling requires use of LCC blockers to limit the number of CRUs activated 

(Cheng, Cannell et al. 1995). The [Ca2+]i transient, responsible for cell-wide activation of 

the myofilaments and contraction, see Fig. 1.2, brings global [Ca2+]i from diastolic levels 

near 100 nM to a peak global average [Ca2+]i of 500-1000 nM in ~70 ms which falls 

exponentially with a decay constant of ~300 ms, see Fig. 1.3 d (Bers 2001). The decline 

of the [Ca2+]i transient is predominately due to the SERCA ATP-dependent re-uptake of 

[Ca2+]i into the SR and [Ca2+]i extrusion from the cell by NCX, with PMCA and 

mitochondrial Ca2+ uptake responsible for only ~1-2% of Ca2+ removal from the cytosol,  

see Fig. 1.2 (Bassani, Bassani et al. 1992, Bers 2002). β-adrenergic signaling is perhaps 

the best characterized activator of contractility, with both inotropic (increasing the 

magnitude and rate of rise) and lusitropic (faster decline, SERCA disinhibition) effects on 

the [Ca2+]i transient,  see Fig. 1.2 (Bers 2002). Modulation of the [Ca2+]i transient allows 

cardiomyocytes to generate more force at a faster rate to help  the heart meet the demands 

of the body in times of need.  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Figure 1.3. Cardiomyocyte Ca2+ Signals 
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Figure 1.3. Cardiomyocyte Ca2+ Signals. a) Experimental measurement of local Ca2+ 
signals measured with fluo3-am, Ca2+ sparks (see white arrows), adapted with 
permission from Cheng, H. and W. J. Lederer (2008). "Calcium sparks." Physiol Rev 
88(4): 1491-1545.b) Experimental measurement of global Ca2+ signals measured with 
fluo4-am, [Ca2+] transient, top diastole, bottom systole, data unpublished. c) 
Computational simulation of local Ca2+ signals, Ca2+ Sparks, experimentally invisible 
Ca2+ Quarks and Ca2+ Sub-Sparks, Wescott, Jafri et al. 2016. d) Simulation of global 
Ca2+ signals, [Ca2+] transient, Wescott, Jafri et al. 2016.



Myofilaments - Cellular Contraction 

 Cardiomyocyte, see high resolution image in Fig. 1.4 a, contraction is achieved 

through coordinated shortening of thousands of contractile units, known as sarcomeres, 

across the cell. Each sarcomere is ~2 µm long and composed of an array of highly 

organized myofilaments that are bounded by the Z-line, see Fig. 1.4 b, representing the 

end effector system which completes EC coupling. Numerous proteins are known to be 

critical for the development and structural integrity of the sarcomere (Bers 2001), 

however for the purposes of cardiomyocyte contraction the regulatory details of the thin 

and thick filaments are most critical. Thin filaments are composed predominately of F-

actin (G-actin backbone), tropomyosin, and troponins (T, C, and I), and extend from the 

Z-line, a structure rich with the protein α-actinin, toward the center of the sarcomere ~1 

µm (Gordon, Homsher et al. 2000, Bers 2001). The power generating myosin ATPase, 

built on a backbone of the protein Titan, composes a thick filament ~1.6 µm long and 

centered within the sarcomere (Bers 2001). [Ca2+]i signals regulate the formation of an 

actin-myosin cross-bridge which enables the myosin motor to utilize ATP to shorten of 

the sarcomere.   

 [Ca2+]i control of actin-myosin cross-bridge formation has been heavily 

investigated in skeletal and cardiac muscle (Gordon, Homsher et al. 2000). In brief, thin 

F-actin filaments are unable to bind to the thick myosin filaments under resting 

conditions due to position of tropomyosin on the actin filament. During a [Ca2+]i 

transient, troponin C binds Ca2+ which increases the affinity of troponin C for troponin I 

(Bers 2001).  The association of troponin C with troponin I reduces the stability of 
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troponin I and actin, resulting in a conformational shift of tropomyosin (Bers 2001). The 

actin filament is then re-positioned to a state that permits interaction with the myosin 

head. Myosin bound with ATP rapidly hydrolyzes ATP to adenosine diphosphate (ADP) 

and phosphate (Pi), but the energy is not immediately used; myosin occupied with ADP  

and Pi is able to readily bind actin (Bers 2001, Moss and Fitzsimons 2010). Pi is quickly 

released, but the power stroke is not until ADP dissociates from the actin-myosin 

complex. ATP then binds to the actin-myosin complex and allows the thick and thin 

filaments to dissociate (Bers 2001, Moss and Fitzsimons 2010). Cross-bridge cycling can 

continue until either the decline of the [Ca2+]i transient or cellular ATP stores are 

exhausted, leading to the development of a rigor contraction (Nichols and Lederer 1990, 

Bers 2001). Contractile force is regulated a number of ways, including by the Frank-

Starling mechanism in which optimal stretch of the cell leads to increased actin-myosin 

overlap allowing greater force production. While the inotropic and lusitropic influences 

of β-adrenergic signaling on [Ca2+]i transient will impact myofilament activity, PKA 

phosphorylation of troponin I is also thought to contribute to faster relaxation of cardiac 

contraction (Solaro, Rosevear et al. 2008). Contraction is exquisitely sensitive to the 

[Ca2+]i transient. Across a single sarcomere the myofilaments Ca2+ sensitivity appears to 

be regulated by myosin binding protein C to allow the sarcomere to contract uniformly 

despite potential local [Ca2+]i gradients (Previs, Prosser et al. 2015). Contraction is the 

essential function of the cardiomyocyte, however EC coupling places substantial stress on 

the cells energy reserve.  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Figure 1.4. Heart Muscle Cell: A View Into the Ultrastructure 

�17

Figure 1.4. Heart Muscle Cell: A View 
Into the Ultrastructure. a) Image of a 
cardiomyocyte loaded with the 
potentiometric dye TMRM that 
accumulates in the mitochondrial matrix, 
unpublished. b) Ultrastructure of the 
cardiomyocyte sarcomere showing the 
Z-lines, thin and thick filaments, and 
intermyofibrillar mitochondria near the 
CRU, adapted from Brochet, D. X., et al. 
(2005). "Ca2+ blinks: rapid nanoscopic 
store calcium signaling." Proc Natl Acad 
Sci U S A 102(8): 3099-3104. c) 
Scanning electron micrograph of an 
intermyofibrillar mitochondria showing 
the densely packed cristae structure of 
the inner mitochondrial membrane, 
adapted from Hoppel, C. L., et al. 
(2009). "Dynamic organization of 
mitochondria in human heart and in 
myocardial disease." Int J Biochem Cell 
Biol 41(10): 1949-1956, with permission 
from Elsevier.



Energy Consumption During EC Coupling 

 There is a massive consumption of cellular ATP, the energy currency of the cell, 

with each contraction, about 2% per beat (Jacobus 1985). Numerous steps of EC coupling 

utilize ATP hydrolysis to provide the necessary energy for their reaction, including 

myosin ATPase, SERCA, and PMCA. Another important ATPase located in the 

sarcolemma is the Na+/K+ ATPase, which controls cell osmolarity and ionic milieu by 

transporting 3 Na+ out of the cell and transports 2 K+ into the cell. This ionic exchange 

opposes the relative concentration gradient of both ions and requires active transport 

(Bers 2001).  An elegant calorimetry study of isolated cardiac trabeculae, stimulated to 

contract at 2 Hz, estimated that the relative contribution of myosin ATPase, SERCA, and 

the  Na+/K+ ATPase to energy consumption  was 76%, 15%, and 9%, respectively 

(Schramm, Klieber et al. 1994). Without a robust ATP production system the 

cardiomyocyte would likely run out of ATP in 15-30 seconds (Jacobus 1985).   

 Despite the severe demand of contraction on ATP stores, numerous in vivo 

phosphorous 31 (P31) nuclear magnetic resonance studies showed no change in time-

averaged (~15 s) concentration of ATP, its hydrolysis end products ADP and phosphate Pi, 

or even the energy buffer phosphocreatine (PCr) in response to increased heart rate 

(Balaban, Kantor et al. 1986, Heineman and Balaban 1990, Weiss, Gerstenblith et al. 

2005). Cardiac muscle maintains ~10 mM ATP and ~25 mM PCr due to the function of a 

specialized organelle called a mitochondrion (Veech, Lawson et al. 1979). The next 

section will introduce the mitochondrion and outline critical concepts related to the 

organelle’s function. 
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The Mitochondrion 

 Every cell type of the body contains mitochondria, shown within the 

cardiomyocyte in Fig. 1.4 a and b , except the red blood cell which contains neither a 

nucleus nor mitochondria. These organelles are theorized to have originated as an α-

proteobacteria that was taken up by a eukaryotic cell and then propagated onward due to 

symbiosis (Gray 2012). The organelle has since evolved in parallel with the cells in 

which they reside, with 1000s of different proteins known to be trafficked to the 

mitochondria despite that only 13 genes are encoded by the mitochondrial genome  

(Anderson, Bankier et al. 1981, Pagliarini, Calvo et al. 2008, Gray 2012). 

Mitochondriallly encoded proteins are critical components of the electron transport chain 

(ETC), ATP-synthase, ribosomal RNA, and transfer RNA, with both RNAs being 

components of a specific protein translation system within the mitochondria (Gray 2012). 

The presence of mitochondria in cells conveys a bioenergetic advantage supporting the 

survival of both the cell and the mitochondria that reside within. 

 While most cellular organelles house key enzymes for biochemical processes 

within a single lipid bilayer, mitochondria have both an outer and inner membrane. The 

outer membrane contains important protein translocases (Kutik, Guiard et al. 2007) as 

well as the large voltage dependent anion channel (VDAC) that permits the movement of 

ions and small metabolites from the cytosol to the inter-membrane space (Shoshan-

Barmatz, De Pinto et al. 2010). The inner mitochondrial membrane is densely packed 

within the OMM, through the formation of membrane folds known as cristae, shown in 

Fig. 1.4 c. The cristae increase IMM surface area to facilitate bioenergetic function of the 
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organelle. Transport processes between the mitochondrial matrix and the intermembrane 

space are predominately due to a large family of transporters, the SLC25 family, the best 

studied of which are the adenine nucleotide transporter (ANT) and the phosphate carrier, 

depicted in Fig. 1.6 (Palmieri 2013). This family of carriers is responsible for the 

transport of metabolites and substrates involved in nearly every facet of mitochondrial 

function, including the tricarboxylic acid (TCA) cycle, oxidative phosphorylation, fatty 

acid oxidation, amino acid degradation, apoptosis, heat generation, and many other 

pathways (Palmieri 2013). Transport of the critically important molecule pyruvate, the 

end product of glycolysis and reactant for the generation of acetyl-CoA, is driven by a 

unique mitochondrial pyruvate carrier (Herzig, Raemy et al. 2012). The ability of 

mitochondria to communicate with the cytosol through transport of proteins, metabolites, 

and ions is critical for physiological function. The following section provides a detailed 

overview of mitochondrial Ca2+ transport, with particular interest given to cardiac 

muscle. 

Mitochondrial Calcium Signaling 

 Mitochondria in heart make up ~30% of the volume of the cell, the largest volume 

fraction of any mammalian tissue (Barth, Stammler et al. 1992). The localization of 

mitochondria across the sarcomere positions the ends of IFMs near the CRUs, exposing 

them to [Ca2+]i microdomains as high as 10 µM during a Ca2+ spark or [Ca2+]i transient, 

depicted in Fig. 1.5 a and b (Williams, Boyman et al. 2015, Winslow, Walker et al. 

2016). Some of this Ca2+ enters the mitochondria due to the highly polarized IMM 

potential (ΔΨm ≈ -180 mV) and the MCU complex, a highly selective and highly 
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regulated Ca2+ channel in the IMM (Kirichok, Krapivinsky et al. 2004, Baughman, 

Perocchi et al. 2011, De Stefani, Raffaello et al. 2011). The efflux of Ca2+ from the 

mitochondrial matrix is accomplished predominately by the mitochondrial Na+/Ca2+ 

exchanger (NCLX) (Carafoli, Tiozzo et al. 1974, Palty, Silverman et al. 2010). The 

balance of fluxes through the MCU complex and NCLX sets the [Ca2+]m. The next 

sections will provide detailed overview of MCU complex components followed by an 

overview of NCLX. 

The MCU complex 

 During EC coupling mitochondria are thought to be responsible for only ~1% of 

the removal of Ca2+ from the cytosol during the decay of the [Ca2+]i transient (Bassani, 

Bassani et al. 1992, Williams, Boyman et al. 2013). Mitochondria have been shown to be 

sensitive to changes in [Ca2+]i in intact cells through use of fluorescent mitochondrial 

targeted protein sensors (Rizzuto, Simpson et al. 1992), with relatively recent calibrated 

measurements of [Ca2+]m in cardiomyocytes (Lu, Ginsburg et al. 2013). [Ca2+]m has also 

been observed under careful use with acetoxymethyl ester (AM) loaded Ca2+ sensitive 

dyes, as in (Zhou, Matlib et al. 1998). However, failure to remove or quench the AM dye 

signal in the cytosol can result in a [Ca2+]m measurement that is contaminated by [Ca2+]i 

and appears to track rapidly with the [Ca2+]i signal (Maack, Cortassa et al. 2006). Recent 

work from the Lederer laboratory employed a cocktail of drugs to depolarize ΔΨm 

without generating ROS and found no alteration of the [Ca2+]i transient when 

mitochondria are incapable of Ca2+ uptake (Boyman, Chikando et al. 2014).  These recent 

studies are not at odds with isolated mitochondria Ca2+ uptake results from heart muscle 
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and other tissues when multiple investigations are scaled similarly as done in a recent 

quantitative review (Williams, Boyman et al. 2013).  

 There’s been over 50 years of relatively continuous research regarding 

mitochondrial Ca2+ accumulation and its influence on mitochondrial bioenergetics (Slater 

and Cleland 1953, Slater and Cleland 1953, Lehninger, Carafoli et al. 1967). Early 

quantitative mitochondrial Ca2+ uptake studies were conducted in the 60s using 

radioactive 45Ca2+ to observe the sequestering of Ca2+ into mitochondria, identifying a 

high capacity pathway for Ca2+ removal from buffered solutions (Deluca and Engstrom 

1961, Vasington and Murphy 1962). These studies, amongst many others were unable to 

characterize the mechanism of mitochondrial Ca2+ transport as an ion channel or uniport 

transporter, largely due to the lack of thermodynamic control of the system. It was clear 

early on that mitochondrial Ca2+ uptake can be potently inhibited pharmacologically with 

Ruthenium red and it’s derivative Ru360, helping to provide a much needed control to 

verify Ca2+ entry into mitochondria (Ying, Emerson et al. 1991). This was well 

characterized in cardiac mitochondria where Ru360 was found to have a 50% inhibitory 

concentration, IC50, of ~0.18 nM while Ruthenium Red was slightly less sensitive with an 

IC50 ~6.85 nM. Ruthenium Red also inhibited SR Ca2+ release (Matlib, Zhou et al. 1998). 

Biophysical details of mitochondrial Ca2+ uptake remained relatively opaque until a 

transformative electrophysiological study in 2004 by the Clapham laboratory. 

 The Clapham group characterized the mitochondrial uniporter as a highly 

selective inwardly rectifying ion channel (Kirichok, Krapivinsky et al. 2004). To do this 

they employed patch clamp recording of isolated IMM vesicles, known as “mitoplasts”. 
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The MCU channel was shown to conduct divalent ions with preference for Ca2+ ≈ Sr2+ ≫ 

Mn2+ ≈ Ba2+ but be inhibited by Mg2+, and in the absence of divalents conduct Na+ but 

not K+ (Kirichok, Krapivinsky et al. 2004). Na+ conduction is completely inhibited by 

100 nM Ca2+ as found in the quiescent cytosol of cells, which suggested the selectivity 

filter of MCU has a Ca2+ dissociation constant near 2 nM (Kirichok, Krapivinsky et al. 

2004). MCU current was shown to be near maximal saturation at 105 mM [Ca2+]i with an 

overall half-activation constant of 19 mM for Ca2+ conductance (Kirichok, Krapivinsky et 

al. 2004). Single channel recordings showed MCU open probability (Po) was highly 

sensitive to ΔΨm, with Po decreasing ~10-fold from -200 mV to -80 mV (Kirichok, 

Krapivinsky et al. 2004). Similar data were obtained by a number of groups using 

mitoplasts from HEK cells (Vais, Tanis et al. 2015, Vais, Mallilankaraman et al. 2016), 

murine heart (Joiner, Koval et al. 2012, Motloch, Gebing et al. 2016), and human heart 

(Michels, Khan et al. 2009). Interestingly, metabolically active tissues with the highest 

density of mitochondria per cell volume (heart and drosophila flight muscle) were shown 

to have the lowest mitoplast MCU activity (Fieni, Lee et al. 2012). These data were 

critical for our understanding of MCU function and the quantitative review, (Williams, 

Boyman et al. 2013), which compared numerous studies of MCU flux and found it 

appeared to be activated by [Ca2+]i with a half-saturation constant for MCU Po ~100 µM, 

likely well outside the realm of physiological significance.  

 The molecular identity of the MCU was not identified until 2011, and even today 

the molecular composition of the MCU complex is a controversial subject (Kamer and 

Mootha 2015). The next sections will discuss 5 protein subunits of the MCU complex 
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that are widely agreed upon to exist within the complex, depicted in Fig. 1.5 b: the pore 

forming MCU (Baughman, Perocchi et al. 2011, De Stefani, Raffaello et al. 2011), 

MCUb (a dominant negative homolog of MCU)  (Raffaello, De Stefani et al. 2013), 

EMRE (or Essential MCU REgulator) (Sancak, Markhard et al. 2013), MICU 1 

(Perocchi, Gohil et al. 2010) and MICU 2 (Plovanich, Bogorad et al. 2013) 

( Mitochondrial Ca2+ Uptake 1 & 2, the “gatekeepers”). These proteins will be discussed 

in detail in the following sections. Other potential MCU complex proteins include 

MCUR1 or MCU Regulator 1 (Mallilankaraman, Cardenas et al. 2012),  SLC25A3 (an 

IMM phosphate carrier) (Hoffman, Chandramoorthy et al. 2014, Kwong, Davis et al. 

2014), and possibly Uncoupling Proteins 1, 2, and 3 (Bondarenko, Parichatikanond et al. 

2015, Motloch, Gebing et al. 2016) however the role of each of these proteins in 

mitochondrial Ca2+ uptake is less clear and won’t be discussed. 

MCU 

 The genetic identity of the MCU (CCDC109A) was discovered by two 

independent groups in 2011 (Baughman, Perocchi et al. 2011, De Stefani, Raffaello et al. 

2011). Each laboratory utilized a slightly different computational and experimental 

approach, however both were centered on the previously identified protein of MICU1, the 

first member of the MCU complex to be identified (discussed later) (Perocchi, Gohil et 

al. 2010), and the mitochondrial proteome database the MitoCarta (Pagliarini, Calvo et al. 

2008). Expression of purified MCU in a lipid bilayer system showed channel activity that 

could be inhibited by Ruthenium Red or obliterated by mutation of the potential pore 

forming region (De Stefani, Raffaello et al. 2011). However follow up work suggested 
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that MCU alone does not form a functional channel (Sancak, Markhard et al. 2013). The 

structure of a truncated MCU protein was recently identified, using a combination of 

nuclear magnetic resonance and electron microscopy,  which showed a pentamer of MCU 

proteins forms the pore forming unit of the channel (Oxenoid, Dong et al. 2016).  The 

pentameric structure confirmed prior observations that MCU oligomerizes in cells 

(Raffaello, De Stefani et al. 2013). The MCU channel has a conserved “DIME” motif 

(D261XXE264 amino acids) that forms the entrance to the channel pore and selectivity 

filter an essential domain for mitochondrial Ca2+ uptake, depicted in Fig. 1.5 c 

(Baughman, Perocchi et al. 2011, De Stefani, Raffaello et al. 2011, Oxenoid, Dong et al. 

2016). The transmembrane helix 2 of MCU forms the channel pore. Interestingly, the 

structure of the MCU pore displayed no clear exit pathway for the Ca2+. This study 

expressed MCU in the absence of EMRE, thus the finding is consistent with functional 

studies showing EMRE is essential for Ca2+ conductance (Sancak, Markhard et al. 2013). 

Their work also identified the localization of Ser259 near the mouth of the MCU channel, 

suggesting that Ruthenium Red and Ru360 inhibit MCU by obstructing the pore 

(Oxenoid, Dong et al. 2016). Ser259Ala mutation had previously been shown to yield a 

MCU complex that maintains the ability to conduct Ca2+ but is resistant to inhibition by 

Ru360 (Baughman, Perocchi et al. 2011, Chaudhuri, Sancak et al. 2013). A recent study 

suggested that MCU protein expression is inhibited by the presence of a micro-RNA, 

miR-1, and that in the hypertrophic heart miR-1 is lost and MCU expression rises (Zaglia, 

Ceriotti et al. 2017). The physiological and pathophysiological role of MCU has been 

studied through two different mouse models of genetic MCU ablation.  
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 A global MCU knockout was the first in vivo model of MCU loss developed, and 

survival to adulthood required the animal be generated on a complex breeding 

background (Pan, Liu et al. 2013). This animal appeared relatively normal with typical 
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Figure 1.5. Mitochondrial Ca2+ Signaling Environment and Machinery. a) 
Schematic of an IFM positioned between two CRUs, depicting the OMM VDAC 
channel and IMM Ca2+ handling proteins MCU and NCLX. b) Estimate of local Ca2+ 
micro-domain surrounding an IFM during a Ca2+ spark or [Ca2+]i transient, a-b 
adapted with permission from Williams, G. S., et al. (2013). "Mitochondrial calcium 
uptake." Proc Natl Acad Sci U S A 110(26): 10479-10486.c) Diagram showing the 
MCU complex components MCU, EMRE, MICU1&2 with the current Ca2+ 
activation paradigm for MCU complex regulation, adapted with permission from 
Tsai, C. W., et al. (2017). "Proteolytic control of the mitochondrial calcium uniporter 
complex." Proc Natl Acad Sci U S A 114(17): 4388-4393.



mitochondrial function. The only loss of functions were an observed loss of Ca2+ 

stimulated PDH activity in skeletal muscle and loss of Ca2+ stimulated rise in oxygen 

consumption in heart mitochondria (Pan, Liu et al. 2013, Holmstrom, Pan et al. 2015).  

Surprisingly, there was no apparent influence of MCU loss on either ischemic injury or 

pressure-overload induced hypertrophy in this animal (Pan, Liu et al. 2013, Holmstrom, 

Pan et al. 2015). A cardiac-specific conditional MCU knockout animal was developed by 

the Molkentin laboratory (Kwong, Lu et al. 2015) and characterized in parallel with 

another group (Luongo, Lambert et al. 2015). Their studies identified a reduction in 

ischemic injury after MCU loss, though as in the prior work, no influence of MCU loss 

on cardiac hypertrophy was observed (Kwong, Lu et al. 2015, Luongo, Lambert et al. 

2015). Again, a loss of Ca2+-stimulated oxygen consumption and ATP production was 

observed in isolated mitochondria, with an additional finding of impaired heart and 

cardiomyocye response to β-adrenergic challenges (Kwong, Lu et al. 2015, Luongo, 

Lambert et al. 2015). Similar loss of cardiac fight-or-flight response was identified in a 

series of papers by Mark Anderson’s group in which a dominant negative form of MCU 

was expressed in the heart (Rasmussen, Wu et al. 2015, Wu, Rasmussen et al. 2015). In 

vivo MCU knockout studies provided support to the potential importance of 

mitochondrial Ca2+ signaling in the regulation of mitochondrial function. This concept 

will be discussed in greater detail in the bioenergetics section. The potential role of MCU 

in disease will be discussed in greater detail in the concluding chapter.  

Figure 1.5. Mitochondrial Ca2+ Signaling Environment and Machinery 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MCUb 

 A dominant negative MCU homolog, MCUb, was identified through genomic 

sequence analysis of MCU (Raffaello, De Stefani et al. 2013). MCUb was found to share 

~50% amino acid sequence homology with MCU and be able to generate hetero-

oligomers with MCU (Raffaello, De Stefani et al. 2013). The inclusion of MCUb in the 

MCU complex resulted in loss of single channel activity and reduced mitochondrial Ca2+ 

uptake in cells (Raffaello, De Stefani et al. 2013). In most tissues, including heart, it was 

identified that MCU:MCUb ratio was ~3:1 while skeletal muscle was found to have a  

ratio >40:1, providing a potential mechanism for differences in mitochondrial Ca2+ 

uptake between tissues (Raffaello, De Stefani et al. 2013). 

EMRE 

 A quantitative mass spectroscopy investigation of immunoprecipitated the MCU 

complex from HEK-293T cells expressing a Flag tagged MCU revealed the presence of a 

previously uncharacterized protein C22orf32, renamed the Essential MCU REgulator 

(EMRE) (Sancak, Markhard et al. 2013). Mitochondrial Ca2+ uptake was completely lost 

when EMRE was knocked out of cells even though MCU protein was still expressed 

(Sancak, Markhard et al. 2013).  Additionally, EMRE was required for the inclusion of 

MICU1 and MICU2 proteins in immunoprecipitated MCU complex, suggesting these 

proteins are linked to the channel through EMRE (Sancak, Markhard et al. 2013). The 

poly-aspartate C-terminus of EMRE  is thought to binds MICU1 and MICU2 which are 

believed to remain in the intermembrane space and convey [Ca2+]i sensitivity to the 

channel, discussed in the next section, depicted in Fig. 1.5 c (Sancak, Markhard et al. 
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2013, Tsai, Phillips et al. 2016).  The transmembrane domain of EMRE was shown to 

interact with the transmembrane domain 1 of MCU but at unknown stoichiometry (Tsai, 

Phillips et al. 2016). The importance of EMRE to the human MCU complex was verified 

by taking advantage of the absence of any MCU complex in yeast saccharomyces 

cerevisiae as an expression system to show MCU complex activity requires the co-

expression of EMRE (Kovacs-Bogdan, Sancak et al. 2014). Recently, proteolytic control 

of EMRE expression by m-AAA proteases SPG7 and AFG3L2 was proposed to be 

critical to maintain stoichiometric balance of MCU and EMRE, preventing the formation 

of incomplete MCU complexes that lack MICU1 and MICU2 regulation of the channel 

(Tsai, Wu et al. 2017). The N-terminal domain of EMRE has been proposed as a [Ca2+]m 

sensor for the channel, displaying a biphasic relationship in which mitoplast MCU 

current is inactivated as [Ca2+]m levels rise to ~400 nM and from there returns to initial 

value by 2 µM (Vais, Mallilankaraman et al. 2016). Oddly, this finding was dependent on 

the presence of inter-membrane space proteins and remains highly controversial (Vais, 

Mallilankaraman et al. 2016). These seemingly critical inter-membrane space proteins 

MICU1 and MICU2 are discussed next. 

MICU1 & MICU2 

 The initial discovery of a specific protein involved in mitochondrial Ca2+ uptake 

was mitochondrial calcium uptake 1 (MICU1), the CBARA1 gene, targeted using 

mitochondrial proteomic analysis of different species and identified by a RNA 

interference assay (Perocchi, Gohil et al. 2010). This study suggested that MICU1 was 

required for mitochondrial Ca2+ uptake likely through EF hand domains within the 
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protein (Perocchi, Gohil et al. 2010). Follow up studies found MICU1 was not essential 

for MCU activity and instead set the threshold for the initiation of mitochondrial Ca2+ 

uptake to [Ca2+]i > 3 µM, with loss of MICU1 resulting in a constitutive accumulation of 

Ca2+ (Mallilankaraman, Doonan et al. 2012). This study suggested a highly cooperative 

relationship between mitochondrial Ca2+ uptake to [Ca2+]i, with a half activation of 10 

µM. However,  it should be noted that this study utilize non-physiological magnesium 

Mg2+, 0.2 mM, and 100 µM of the Ca2+ chelator EGTA which would buffer any 

fluorescent Ca2+ sensitive dye signal at low 1-3 µM [Ca2+]i (Mallilankaraman, Doonan et 

al. 2012). These results were subsequently confirmed (Csordas, Golenar et al. 2013) with 

numerous laboratories involved, again using EGTA, in the measurements. The current 

state of the mitochondrial Ca2+ uptake field has MICU1 acting to limit mitochondrial 

Ca2+ uptake at low [Ca2+]i and permit entry at high [Ca2+]i, a process that has been termed 

MCU gatekeeping (Mallilankaraman, Doonan et al. 2012). The cells used in the initial 

MICU1 identification study were found to lack the protein EMRE, which was responsible 

for the difference in results; later cell lines did not have this biological compensation 

(Sancak, Markhard et al. 2013). 

 Numerous studies have followed that assessed the role of MICU1 in health and 

disease. A loss of function mutation in MICU1 was identified in humans that causes 

severe brain and muscle abnormalities with the accumulation of [Ca2+]m, thought to play 

a role in pathogenesis (Logan, Szabadkai et al. 2014). MICU1 knockout mice were later 

studied and displayed a high rate of perinatal mortality, with surviving mice displaying 

ataxia and muscle weakness similar to patients with MICU mutations (Liu, Liu et al. 
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2016). Liver mitochondria from MICU1 knockout mice displayed enhanced 

mitochondrial Ca2+ uptake at low [Ca2+]i <0.5 µM and decreased Ca2+ uptake at high 

[Ca2+]i ~16 µM, with skeletal muscle mitochondria showing reduced ATP content  (Liu, 

Liu et al. 2016). Interestingly, tissue specific regulation of  MICU1 through the 

expression of a splice variant, MICU1.1, was shown to preferentially occur in skeletal 

muscle and reduce the threshold for mitochondrial Ca2+ uptake (Vecellio Reane, Vallese 

et al. 2016). The Ca2+ dissociation constant for MICU1 EF hands were recently 

measured, with  Kd,MICU1 = 300-350 nM (Kamer, Grabarek et al. 2017). However, these 

findings differed significantly from a previous report that the EF hand domains were 

sensitive, with Kd,MICU1 = 15-20 µM (Wang, Yang et al. 2014).  

 The details of MCU complex [Ca2+]i sensing grew with the identification of 

MICU1 paralogs, MICU2 and MICU3 (restricted to brain) (EFHA1 and EFHA2 genes, 

respectively (Plovanich, Bogorad et al. 2013). MICU2 is thought to bind to the MCU 

complex by interacting with MICU1 and functions to further diminish mitochondrial Ca2+ 

uptake at low [Ca2+]i  (Plovanich, Bogorad et al. 2013, Kamer and Mootha 2014). 

However, the story remains unclear as other groups have suggested MICU1 and MICU2 

play opposing roles, with  MICU2 reducing MCU activity at low [Ca2+]i 

and MICU1 stimulating MCU activity at high [Ca2+]i (Patron, Checchetto et al. 2014). 

MICU1-MICU2 dimerization is thought to be dependent on the oxidoreductase Mia40, 

which helps catalyze a disulfide linkage between the proteins enabling them to properly 

regulate MCU complex activity (Petrungaro, Zimmermann et al. 2015). However, 

MICU2 knockout mice showed little change in cardiac phenotypic, only displaying 
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moderate enhancement of inflammatory and ROS related genes (Bick, Wakimoto et al. 

2017). The Ca2+ dissociation constants for MICU2 EF hands were also recently measured 

with Kd,MICU2 = 900-1300 nM, with MICU1-MICU2 heterodimers having an overall Ca2+ 

dissociation constant Kd,MICU1MICU2 = 620 nM (Kamer, Grabarek et al. 2017). Such a Kd 

would place the Ca2+ sensitivity of MICU1-MICU2 heterodimers in the ideal range to 

convey [Ca2+]i-dependent regulation of the MCU complex. The current qualitative model 

of the MCU complex and regulation by [Ca2+]i is depicted in Fig. 1.5 c. Measurement of 

MCU complex sensitivity to [Ca2+]i and [Ca2+]m within the physiological range of [Ca2+]i 

are currently difficult to interpret due in large part to a lack of quantitative control 

provided in the experiments. This leaves the biophysical details of physiological 

regulation of the MCU complex unclear.  

NCLX 

 Removal of Ca2+ from the mitochondrial matrix is primarily mediated by the 

mitochondrial Na+/Ca2+ exchanger (NCLX), depicted in Fig. 1.5 a, encoded by the 

human FLJ22233 gene (Palty, Silverman et al. 2010). Mitochondria have been known to 

be capable of matrix Ca2+  extrusion in response to the monovalent ions  Na+ or lithium, 

Li+, since the 1970s (Carafoli, Tiozzo et al. 1974, Crompton, Kunzi et al. 1977). The 

influence of extra-mitochondrial [Na+] on NCLX activity appeared to have a half-

activation constant of ~8 mM and to saturate by 40 mM Na+ (Crompton, Moser et al. 

1978).  The mechanism of Na+/Ca2+ exchange by NCLX is thought to be similar to that of 

sarcolemmal NCX, however the stoichiometry of NCLX is highly debated. Some studies 

suggest NCLX is an electroneutral transporter (2:1, Na+:Ca2+) (Brand 1985), while follow 
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up studies suggest electrogenic transport of (3+:1, Na+:Ca2+) (Baysal, Jung et al. 1994, 

Jung, Baysal et al. 1995). Depending on the transport stoichiometry, NCLX may directly 

influence ΔΨm. It is important to note that mitochondria have a Na+/H+ transporter which 

creates an uncoupling pathway that should depolarize ΔΨm in response to changes in 

matrix Na+ concentration (Crompton and Heid 1978). Recent work has identified unique 

sites within NCLX that differentially control Na+ and Li+ selection as well as possible 

Ca2+ binding sites within the protein (Roy, Dey et al. 2017). A more detailed review of the 

quantitative features of NCLX is provided by (Boyman, Williams et al. 2013). 

 The significance of NCLX to cellular physiology is an active area of current 

research. NCLX regulation by phosphorylation was recently identified and proposed to 

be controlled by the mitochondrial protective kinase PTEN-induced putative kinase 1, 

PINK-1, and shown to be directly phosphorylated at Ser258 by PKA (Kostic, Ludtmann 

et al. 2015).  NCLX was shown to be critical for life, as conditional cardiac ablation of 

NCLX in adult animals results in death within 2 weeks (Luongo, Lambert et al. 2017). 

Altogether, mitochondrial Ca2+ uptake via the MCU complex and efflux through NCLX 

dynamically set [Ca2+]m. Loss of NCLX function is believed to create a pathological state 

of [Ca2+]m overload and lead to cell death (Luongo, Lambert et al. 2017), discussed in 

Chapter 6. Under normal conditions [Ca2+]m is thought to be between 100 nM to 10 μM, 

with swings of [Ca2+]m in this range thought to regulate the function of numerous 

enzymatic steps in ATP production (Glancy and Balaban 2012, Williams, Boyman et al. 

2015). The biochemical details of important metabolic pathways are discussed below, 

with identification of Ca2+-sensitive sites that may connect EC coupling with metabolism.  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Mitochondrial Bioenergetics 

Tricarboxylic Acid Cycle 

 The citric acid or TCA cycle, depicted in Fig. 1.6, in which a series of oxidative 

reactions control tissue carbohydrate metabolism, was first described by Hans Krebs in 

1937 (Krebs and Johnson 1937, Krebs, Salvin et al. 1938). Interestingly, we now know 

that the TCA cycle is not only involved in carbohydrate metabolism, but is also a site of 

convergence for lipid and amino acid metabolism. This now textbook cycle (Nelson, Cox 

et al. 2017) begins with the formation of the 6 carbon molecule citrate through the 

transfer of a 2 carbon acetyl group from acetyl-CoA to the 4 carbon molecule 

oxaloacetate in a reaction catalyzed by citrate synthase. Citrate is converted to D-

isocitrate through a reaction with aconitase. The first oxidative reaction is catalyzed by 

isocitrate dehydrogenase, which takes D-isocitrate and converts it to α-ketoglutarate, 

resulting in the release of the first CO2 molecule as well the reduction of nicotinamide 

adenine dinucleotide (NAD+) to NADH. This is followed by a second oxidative reaction 

in which α-ketoglutarate is converted to succinyl-CoA by α-ketoglutarate dehydrogenase 

releasing a second CO2 molecule and reducing another molecule of NAD+ to NADH. 

Succinyl-CoA is then converted to succinate by succinyl-CoA synthetase in an energy 

producing step, generating a guanosine triphosphate (GTP) which is directly usable by 

the cell and also easily converted to ATP. The 4 carbon succinate is converted to fumarate 

by succinate dehydrogenase, which also reduces the molecule flavin adenine dinucleotide 

(FAD) to FADH2. Fumarase catalyzes the conversion of fumarate to malate. In a final 

oxidation step malate dehydrogenase reduces another molecule of NAD+ to NADH while 
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converting malate to one of the initial reactants, oxaloacetate. Ultimately, this cycle 

utilizes one acetyl-CoA molecule and results in the production of 2CO2, 2H2O, 1 GTP, 

3NADH and 1 FADH2. In total, these products should provide the mitochondrion with 

the resources needed to synthesize ~10 ATP molecules depending on conditions (Nelson, 

Cox et al. 2017). Mitochondrial function is tightly linked to NADH and FADH2 as they 

are critical electron donors for ETC enzymes that employ another series of oxidative-

reduction (redox) steps to generate the proton-motive force across the IMM.  

 The TCA cycle is probably the best studied area of Ca2+-dependent regulation of 

mitochondrial metabolism, see diagram in Fig. 1.6. The Denton laboratory led a series of 

investigations using enzyme extractions from isolated mitochondria to identify Ca2+-

sensitive pathways. They honed in on three key Ca2+-sensitive reactions: 1) pyruvate 

dehydrogenase (PDH), 2)  isocitrate dehydrogenase (ICDH),  and 3) α-ketoglutarate 

dehydrogenase (KDH) (Denton, Randle et al. 1972, Denton, Richards et al. 1978, 

McCormack and Denton 1979). While each of these enzymes appeared to have low 

micro-molar sensitivity to Ca2+, it remains unclear what concentration of Ca2+ in the 

mitochondrial matrix ([Ca2+]m) is necessary for regulation, as these tests were conducted 

using non-physiological pH of ~7.0 and an extremely high magnesium levels of ~12 mM. 

The molecular understanding of how [Ca2+]m regulates the activity of ICDH and KDH in 

mammalian mitochondria remains unclear, however it appears that the half-activation 

constant of each dehydrogenase-catalyzed reaction is reduced in the presence of Ca2+ 

(often acting in concert with ADP) (Denton, Richards et al. 1978, McCormack and 

Denton 1979). On the other hand, the molecular details regarding the regulation of PDH 
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by [Ca2+]m have been extensively studied (reviewed in (Roche and Hiromasa 2007)). Ca2+ 

binds to the PDH phosphatase 1 to regulate its activity, which in turn, dephosphorylates 

the S293 residue on the E1-𝛼 subunit of PDH, resulting in increased enzymatic activity 

(Pettit, Roche et al. 1972, Turkan, Gong et al. 2002, Vassylyev and Symersky 2007). 

These investigations suggest that a rise in [Ca2+]m, to currently unclear levels, should 

increase, again to currently unclear levels, the availability of NADH and FADH2 for use 

by the ETC, see diagram in Fig. 1.6.  

 PDH regulation by physiological [Ca2+]m signaling was demonstrated by two 

recent studies using genetic mouse models lacking MCU (Pan, Liu et al. 2013, Luongo, 

Lambert et al. 2015). Skeletal muscle of adult global MCU knockout animals were 

observed to have constitutively phosphorylated PDH at S293, and the activity of PDH is 

half of the activity measured in the control wild-type animals (Pan, Liu et al. 2013). This 

was later shown in cardiac muscle, using a cardiac specific conditional knockout strategy, 

where the fraction of phosphorylated PDH was 3 times higher, and the activity of PDH 

was half in MCU knockout animals compared to the control animals with normal 

expression of MCU (Luongo, Lambert et al. 2015). In addition, invasive hemodynamics 

of these mice displayed reduced ionotropic and lusitropic responses to 𝛽-adrenergic 

stimulation and a 2-fold increase in NAD, as measured in snap-frozen samples (Luongo, 

Lambert et al. 2015). These observations indicate that mitochondrial NADH generation 

during increased workload is impaired when [Ca2+]m signaling is altered.   

 Unfortunately, there are currently no dyes or readily available protein probes for 

direct measurement of NADH or NADPH in intact organs or cells. While a tool for 
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modulating NAD+/NADH in cultured cells was recently developed (Cracan, Titov et al. 

2017), the majority of cellular and whole organ measurements of NADH have come from 

autofluorescence signals. The Balaban group popularized the use of autofluorescence 

imaging with UV (350-365 nm) excitation of cells and tissue, taking advantage of the 

increased absorption of NADH compared to NAD+ at ~350 nm (Eng, Lynch et al. 1989). 

Their work was founded on the control evidence showing an increase in NADH 

autofluorescence in the presence of cyanide to inhibit complex IV of the ETC, and a 

decrease with uncoupler, Carbonyl cyanide-4-(trifluoromethoxy)phenylhydrazone 

(FCCP), which forces the ETC to consume NADH (Eng, Lynch et al. 1989). This 

seemingly useful method was implemented in a number of follow up studies to assess the 

role of [Ca2+]m in stimulating the TCA cycle. However, in numerous investigations 

NADH was not shown to increase following a physiological increase in whole-heart, 

isolated trabeculae, or single cardiomyocyte workload (Katz, Koretsky et al. 1987, 

Heineman and Balaban 1993, Brandes and Bers 1996, Brandes and Bers 1997, Brandes 

and Bers 1999, Brandes and Bers 2002, Maack, Cortassa et al. 2006). It remains unclear 

how much the concentration of mitochondrial NADH changes in response to a rise in 

[Ca2+]m and corresponding increase in cellular energy utilization, if NADH rises at all. 

The critical importance of such a rise in NADH will be discussed later in the context of 

the ETC, proton-motive force, and function of ATP-Synthase.  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Figure 1.6. Mitochondrial Ca2+ Signaling and Metabolism 
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Figure 1.6. Mitochondrial Ca2+ Signaling and Metabolism. a) Diagram of 
mitochondrial metabolism components. Enzymes with known Ca2+ sensitivities are 
indicated by red arrow labels with a plus (+) while Ca2+-insensitive ones are indicated 
by blue labels. The five complexes responsible for oxidative phosphorylation are light 
blue ovals and labeled with their respective Roman numerals (i.e., I, II,..,V). The TCA 
cycle is responsible for converting Acetyl-CoA into NADH and is indicated with curved 
black arrows. Red arrows indicate Ca2+ interactions/pathways. Protein and enzyme 
abbreviations: pyruvate dehydrogenase (PDH); citrate synthase (CS); aconitase (A); 
isocitrate dehydrogenase (ICDH); a-ketoglutarate dehydrogenase (KDH); succinyl CoA 
synthetase (SCS); succinate dehydrogenase (SDH); fumarase (F); malate 
dehydrogenase (MDH); mitochondrial Ca2+ uniporter (MCU); mitochondrial Na+/Ca2+ 

exchanger (NCLX); Leucine zipper-EF-hand containing transmembrane protein 1 
(Letm1); cytochrome C (C); ubiquinone (Q); voltage-dependent anion channel 
(VDAC); ATP/ADP translocase (ANT); inorganic phosphate carrier (PiC); and the 
mitochondrial Na+/H+ exchanger (NHE). Adapted from Williams, G. S., et al. (2015). 
"Mitochondrial calcium and the regulation of metabolism in the heart." J Mol Cell 
Cardiol 78: 35-45, with permission from Elsevier.



Fatty Acid β-oxidation 

 Cells are able to utilize numerous substrates for energy production including 

glucose and other sugars through glycolysis, proteins through amino acid degradation, 

and most critically for the heart, lipid sources through β-oxidation. It was estimated that 

~60-70% of the heart’s fuel comes from lipid sources (Neely and Morgan 1974). Free 

fatty acids concentrations are 0.2 to 0.6 mM in the blood and are readily permeable to the 

sarcolemmal membrane (although transport proteins also exist), with lipoprotein lipases 

freeing more fatty acids from plasma triacylglyceride, and albumin binding proteins 

further supporting lipid entry into the cell  (Kodde, van der Stok et al. 2007, Lopaschuk, 

Ussher et al. 2010). A portion of β-oxidation occurs in the cytosol of the cell with fatty 

acyl-CoA synthetase converting fatty acids into long-chain acyl-CoAs. In order for long-

chain acyl-CoAs to enter the mitochondria they must be converted to acylcarnitine by 

carnitine palmitoyltransferase 1, at which point the molecule can be transported into the 

mitochondrial matrix via carnitine-acylcarnitine translocase  (Lopaschuk, Ussher et al. 

2010). Carnitine palmitoyltransferase 2 within the matrix converts the acyl-carnitine back 

to a long-chain acyl-CoA that can be broken down via β-oxidation  (Lopaschuk, Ussher et 

al. 2010). The textbook (Nelson, Cox et al. 2017) description of  dehydrogenation of 

long-chain acyl-CoA starts with the acyl-CoA dehydrogenase (resulting in 1 FADH2) and 

the formation of an enoyl-CoA that which can then be hydrolyzed via enoyl-CoA 

hydratase. The resulting β-hydroxy-acyl-CoA is then reduced by β-hydroxy-acyl-CoA 

dehydrogenase (resulting in 1 NADH) to form β-ketoacyl-CoA. Acetyl-CoA is finally 

released from the long-chain acyl-CoA by a thiolase enzyme. Every cycle of β-oxidation 
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results in the shortening of the long-chain acyl-CoA by 2 carbons with the liberation of 1 

acetyl-CoA and reduction of 1 NADH and 1 FADH2. In combination with the TCA cycle, 

1 lipid can be converted into a substantial amount of ATP depending on the length of the 

lipid. Interestingly, cardiac muscle cells contain little to no lipid droplet stores and 

moderate glycogen stores (Evans 1934).  This suggests a complex relationship may exist 

between blood flow control, substrate availability, and substrate utilization for cardiac 

energy generation in times of need (Pascual and Coleman 2016). 

Electron Transport Chain 

 The numerous mitochondrial enzymatic reactions described above either directly 

generate an ATP equivalent or produce reduced molecules, NADH and FADH2. These 

reduced molecules are the substrate for a series of electron transfer reactions designed to 

move protons (H+) from the mitochondrial matrix to the intermembrane space, a process 

known as mitochondrial respiration. The coupling of mitochondrial respiration to the 

phosphorylation of ADP to ATP by ATP-Synthase is known as the chemiosmotic theory 

for oxidative phosphorylation (Mitchell 1961). A detailed overview of the ETC and redox 

potentials for each step can be found in (Nicholls and Ferguson 2013), this section will 

highlight general features of the mechanism, also depicted in the diagram in Fig. 1.6. The 

movement of electrons through the ETC is overall an energetically favorable process, 

with redox potentials (Eo) of, Eo,NADH = -340 mV, Eo,FADH2 = +31 mV, Eo,Q = +45 mV, and 

Eo,O2 = +840 mV, where Q is ubiquinone and O2 is the final electron acceptor (Mailloux 

2015). The first proton-pump in the ETC is complex I, also called NADH-Ubiquinone 

Oxidoreductase, and transports 4 protons from the matrix into the inter-membrane space 
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as a result of NADH oxidation and subsequent reduction of coenzyme Q to QH2. 

Complex II of the ETC, Succinate Dehydrogenase, is also part of the TCA cycle and does 

not a transport protons, however it does act to reduce coenzyme Q to QH2 similar to 

complex I. Coenzyme Q is able to move within the IMM and transfers electrons to 

complex III of the ETC, coenzyme Q-cytochrome c oxidoreductase. Complex III 

transports 2 protons from the matrix to the intermembrane space in the process of 

reducing cytochrome c. Electrons are delivered from cytochrome c to complex IV, 

cytochrome c oxidase, which transports 2 protons from the matrix in a series of reactions 

that also result in the reduction of O2 to form H2O. The consumption of O2 during 

different states of work by mitochondria or cells is the primary experimental measure of 

mitochondrial bioenergetic function, known as mitochondrial respirometry (Nicholls and 

Ferguson 2013). The ETC functions to generate a proton-motive force across the IMM. 

The smaller component of the proton-motive force is a pH gradient between the acidic 

inter-membrane space and the alkaline mitochondrial matrix, ΔpHm. The largest 

component of the proton-motive force is the highly negative potential difference between 

the matrix and intermembrane space, ΔΨm. ATP production is under thermodynamic 

control of the proton-motive force (ΔΨm+ΔpHm) and mitochondrial concentrations of 

ATP, ADP, and Pi ( [ATP]m, [ADP]m, and [Pi]m , respectively). 

ATP-Synthase 

 The ATP-Synthase, complex V see diagram in Fig. 1.6, is the terminal 

mitochondrial protein complex responsible for integrating electrochemical signals and 

metabolite status to synthesize the necessary amount of ATP to match cellular demand. In 
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the steady-state, the amount of ATP consumed by the cell must be balanced by equivalent 

production. The ATP-Synthase  is thus the end effector complex responsible for cellular 

life by maintaining energy conservation within the working cell. Each ATP-Synthase is a 

large complexes of ~15-17 unique subunits that comprise two functional domains: 1) the 

F1 region positioned within the mitochondrial matrix that contains the catalytic domain 

and, 2) the F0 region within the inner mitochondrial membrane that is responsible for 

transducing the electrochemical potential, or proton-motive force, into rotary motion 

(Long, Yang et al. 2015). Rotation of the ATP-Synthase is known to require the 

translocation of protons, ~3 per ATP in mitochondria of mammalian cells, through an 

undefined proton channel within the molecular motor. Prior studies hypothesize that there 

is a water channel within the F0 region of ATP synthase, between the rotating c-subunit 

ring and the a-subunit stator, that takes advantage of the proton-motive force and an 

arginine at position 210 (Elston, Wang et al. 1998). The hypothesis is that this negatively 

charged arginine is ideally localized within the ATP synthase water channel to rapidly 

bind a proton from the intermembrane space, which alters electrostatic interactions within 

the water channel and results in the rapid release of the proton inside the matrix and a 

partial rotation of F0 (Elston, Wang et al. 1998). The details of this mechanism and the 

true identification of a proton permeation pathway remain to be elucidated. It is clear that 

the potential energy generated by the ETC in the form of the proton-motive force is 

critical for ATP-Synthase function.  The free energy of the proton-motive force can be 

written as: 

ΔGpmf = -FΔΨm+2.3RTΔpHm 
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where F is Faraday’s constant, R is the gas constant, and T is the temperature in Kelvin 

(Nicholls and Ferguson 2013).  

ΔGpmf in units of mV is given by the following equation: 

ΔGpmf = ΔΨm-61ΔpHm 

However, it is important to note that while the potential energy of the proton-motive force 

makes up a large proportion of the driving force for ATP generation, the cost of synthesis 

an ATP molecule must also be taken into account. The true driving force for ATP-

Synthase is given by the following equation: 

ΔGdrive = n ΔGpmf -ΔGATP 

where n is the number of protons translocated per ATP molecule formed, and ΔGATP is the 

free energy in ATP given by: 

ΔGATP = ΔG0 +RTln([ATP]m/([ADP]m[Pi]m)) 

where ΔG0 is the free energy in the system. A comprehensive mathematical description of 

the above equations is provided by (Anandakrishnan, Zhang et al. 2016) which also 

highlights the evolutionary advantage of a rotary mechanism for ATP generation 

compared to simpler alternating access mechanisms. The primary influence of [ATP]m, 

[ADP]m, and [Pi]m on ATP-Synthase occur by modifying the free energy within a mole of 

ATP, ΔGATP. It is also possible that  [ATP]m, [ADP]m, and [Pi]m play a role in catalytic 

cooperativity within the ATP-Synthase during ATP generation (Hutton and Boyer 1979). 

The next section will focus more broadly on thermodynamic changes that may influence 

ATP-Synthase function as well as non-thermodynamic modulation of the complex. 
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ATP-Synthase Dynamic Regulation: Thermodynamic and Non-Thermodynamic 

 Dynamic ATP production by mitochondria requires altered activity of ATP-

Synthase which may be achieved through a number of potential mechanisms. As 

introduced in the transition from EC coupling to mitochondrial physiology, the steady 

maintenance of metabolite concentrations has been observed in a number of in vivo P31 

nuclear magnetic resonance studies (Balaban, Kantor et al. 1986, Heineman and Balaban 

1990, Weiss, Gerstenblith et al. 2005), with cardiac muscle containing ~10 mM ATP, ~25 

mM PCr, ~1-2 mM Pi and micro-molar levels of ADP in the cytosol (Veech, Lawson et 

al. 1979). This led to the development of a parallel activation hypothesis, in which [Ca2+]i 

activates cellular ATP consumption and a rise in [Ca2+]m that increases ATP production 

through stimulation of the TCA cycle and ATP-Synthase (Balaban 2002). However, 

substantial debate exists regarding the dynamic changes of ADP within the working heart, 

likely due to the fact that ADP is not directly measured in P31 studies but calculated based 

on measurements of ATP, PCr, and internal pH. There have been reports that immediately 

following a rise in the heart workload, a sharp rise of Pi occurs, along with a sharp 

decline of PCr, suggesting a 2-3-fold rise in ADP (up to ~50-100 µM) (From, Petein et al. 

1986, From, Zimmer et al. 1990, Elliott, Smith et al. 1994). Such a rise in ADP would 

have a robust influence on mitochondrial function, with oxygen consumption 

measurements identifying an apparent Km of 20-30 𝜇M for  ADP (Chance and Williams 

1955). A similar stimulatory effect of a rise in Pi on mitochondrial respiration has been 

well documented, although the rise is often initiated from a non-physiologic initial 

condition of 0 mM Pi (Papa, Quagliariello et al. 1970, Lemasters and Sowers 1979, 
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Vinnakota, Bazil et al. 2016). The uncertainty regarding metabolite dynamics in the heart 

has lead to the persistence of a second prominent hypothesis for regulation of ATP 

production through feedback from the hydrolysis products of ATP (Chance and Williams 

1955). Where a rise in [ADP]m and [Pi]m and a loss of [ATP]m would lower the ΔGATP. 

 The parallel activation mechanism for regulation of ATP production has as many 

or more open questions as the ATP hydrolysis end-product mechanism. Of particular 

concern is the observation, initially presented in the TCA cycle introduction, that NADH 

has yet to be shown to increase with a corresponding rise in cardiac workload (Katz, 

Koretsky et al. 1987, Heineman and Balaban 1993, Brandes and Bers 1996, Brandes and 

Bers 1997, Brandes and Bers 1999, Brandes and Bers 2002, Maack, Cortassa et al. 2006). 

Without a rise in NADH there can be no enhancement of electron donation to the ETC. 

These findings raise a critical question; whether the proton-motive force increases during 

times of high cellular ATP consumption to thermodynamically stimulate ATP production, 

and if so, what is the role of [Ca2+]m in this process?  The reports in the literature suggest 

that during strenuous cellular activity, the major component of the proton-motive force, 

ΔΨm, does not become more negative (i.e., hyperpolarize). In isolated freely contracting 

cardiomyocytes, ΔΨm was unchanged following 𝛽-adrenergic stimulation (Maack, 

Cortassa et al. 2006). Whole-heart examination showed ΔΨm depolarization in response 

to an increase in cardiac workload (Wan, Doumen et al. 1993). In addition to these cell-

wide depolarization of ΔΨm, other studies have reported stochastically occurring transient 

depolarization of an individual mitochondria in cardiac cells (Duchen, Leyssens et al. 

1998, Wang, Fang et al. 2008, Lu, Kwong et al. 2016). These transient mitochondrion 
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depolarizations become more frequent during increased work  or when the cells are 

stimulated to contract (Gong, Liu et al. 2014, Lu, Kwong et al. 2016). The described 

stochastic depolarization of ΔΨm in these studies was attributed to cell-wide or localized 

(sub-cellular) rise of Ca2+. Excluding Ca2+ from the solution bathing the cells or addition 

of an inhibitor of MCU prevented the occurrence of ΔΨm depolarizations (Duchen, 

Leyssens et al. 1998, Lu, Kwong et al. 2016). It remains unclear how physiological levels 

of Ca2+ can trigger mitochondrial depolarization and if this process is  purely the result of 

movement of positive charge into the matrix. Importantly, if the proton-motive force 

declines when cellular activity rises, then the parallel activation mechanism hinges on a 

non-thermodynamic, [Ca2+]m-dependent stimulation of ATP production by ATP-Synthase.       

 No single explanation related to the availability of ATP generating substrates nor 

the ability to modify the protonmotive force has been adequately supported with data to 

explain the mechanism by which mitochondria increase their rate of ATP synthesis. This 

has led to the hypothesis that the activity of the ATP-Synthase is directly modulated to 

allow the molecular motor to operate faster despite static thermodynamic conditions. 

Direct activation of ATP Synthase by [Ca2+]m is a prominent hypothesis albeit poorly 

supported with little quantitative data (Territo, Mootha et al. 2000). A putative Ca2+ 

binding site has yet to be identified on ATP Synthase, however a radioactive 45Ca2+ 

binding assay found the F1 β subunit binds Ca2+ with low affinity and moderate capacity 

that is unlikely to be relevant at physiological [Ca2+]m (Hubbard and McHugh 1996). 

Additionally, there are a reports of a Ca2+ binding ATPase inhibitor (CaBI) protein 

purified from bovine heart mitochondria, however a gene was never identified and the 
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topic has not been actively pursued (Yamada and Huzel 1989). Other potential 

mechanisms of direct modulation of ATP Synthase activity including post-translational 

modifications, are reviewed in (Long, Yang et al. 2015).  

 Aside from the clear role of ΔΨm in the thermodynamic control of ATP-Synthase, 

numerous studies have shown the molecular motor is highly sensitive to voltage 

(Maloney and Schattschneider 1980, Knox and Tsong 1984, Kaim and Dimroth 1999). 

The sensitivity of the ATP synthase described by Peter Dimroth’s group has led to the 

prevailing view that dynamic voltage-dependent regulation of ATP synthase, though 

highly cooperative with a Hill coefficient of 8 (Nguyen and Jafri 2005), is not relevant as 

the effect of ΔΨm is saturated beyond -100 mV. This work was done using reconstituted 

liposomes, and other studies, though less elegant, do suggest mammalian mitochondria 

remain sensitive to voltage beyond -150 mV (Knox and Tsong 1984). ATP-Synthase may 

be modified through one or more of the above mechanisms, however the data are limited.  

 This leaves the field of mitochondrial bioenergetics lacking a comprehensive 

mechanism for dynamic regulation of ATP production. This is particularly important in 

cardiac tissue where function is coupled to drastic consumption of cellular energy stores. 

Chapter 2 will now re-introduce the important signaling molecule Ca2+ and provide a 

detailed computational investigation of “local-control” of EC coupling in heart. Chapter 3 

quantitatively investigates how cardiac mitochondria sense [Ca2+]i signals. Chapter 4 

provides a novel mechanism by which [Ca2+]m acts to regulate mitochondrial energy 

production. This work will be then be discussed, in Chapter 5, in the context of future 

applications, particularly in the context of cardiac disease.   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Chapter 2 - Ryanodine Receptor Sensitivity Governs the Stability and Synchrony of 

Local Calcium Release during Cardiac Excitation-Contraction Coupling  1

Abstract  

 Calcium-induced calcium release is the principal mechanism that triggers the cell-

wide [Ca2+]i transient that activates muscle contraction during cardiac excitation-

contraction coupling (ECC). Here, we characterize this process in mouse cardiac 

myocytes with a novel mathematical action potential (AP) model that incorporates 

realistic stochastic gating of voltage-dependent L-type calcium (Ca2+) channels (LCCs) 

and sarcoplasmic reticulum (SR) Ca2+ release channels (the ryanodine receptors, RyR2s). 

Depolarization of the sarcolemma during an AP stochastically activates the LCCs 

elevating subspace [Ca2+] within each of the cell’s 20,000 independent calcium release 

units (CRUs) to trigger local RyR2 opening and initiate Ca2+ sparks, the fundamental unit 

of triggered Ca2+ release. Synchronization of Ca2+ sparks during systole depends on the 

nearly uniform cellular activation of LCCs and the likelihood of local LCC openings 

triggering local Ca2+ sparks (ECC fidelity). The detailed design and true SR Ca2+ pump/

leak balance displayed by our model permits investigation of ECC fidelity and Ca2+ spark 

fidelity, the balance between visible (Ca2+ spark) and invisible (Ca2+ quark/sub-spark) SR 

Ca2+ release events. Excess SR Ca2+ leak is examined as a disease mechanism in the 

context of "catecholaminergic polymorphic ventricular tachycardia (CPVT)", a Ca2+-

dependent arrhythmia. We find that RyR2s (and therefore Ca2+ sparks) are relatively 

 Wescott AP, Jafri MS, Lederer WJ, Williams GSB (2016) Ryanodine Receptor Sensitivity 1

Governs the Stability and Synchrony of Local Calcium Release during Cardiac Excitation-
Contraction Coupling. The Journal of Molecular and Cellular Cardiology, 92: 82-92. 
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insensitive to LCC openings across a wide range of membrane potentials; and that key 

differences exist between Ca2+ sparks evoked during quiescence, diastole, and systole. 

The enhanced RyR2 [Ca2+]i sensitivity during CPVT leads to increased Ca2+ spark 

fidelity, resulting in asynchronous systolic Ca2+ spark activity. It also produces increased 

diastolic SR Ca2+ leak with some prolonged Ca2+ sparks that at times become 

“metastable” and fail to efficiently terminate. There is a huge margin of safety for stable 

Ca2+ handling within the cell and this novel mechanistic model provides insight into the 

molecular signaling characteristics that help maintain overall Ca2+ stability even under 

the conditions of high SR Ca2+ leak during CPVT. Finally, this model should provide 

tools for investigators to examine normal and pathological Ca2+ signaling characteristics 

in the heart. 

Introduction 

 The coupling of electrical stimuli to cardiac contraction requires the synchronous 

release of calcium (Ca2+) from thousands of Ca2+ release units (CRUs) across each 

cardiac myocyte. Local control of Ca2+ release at individual CRUs is an important feature 

of excitation-contraction coupling (ECC) that is required for the “graded” release of 

sarcoplasmic reticulum (SR) Ca2+ during systole (Niggli and Lederer 1990, Stern 1992). 

Each CRU is composed of a number of (~6) L-type Ca2+ channels (LCCs) within the 

sarcolemmal (SL) transverse tubule (TT) membrane or exterior SL membrane that are 

positioned across a dyadic "subspace" (~15 nm) from a para-crystalline array of 

(~10-300) type 2 ryanodine receptors (RyR2) within the junctional SR (JSR) membrane 

(Franzini-Armstrong, Protasi et al. 1998, Baddeley, Jayasinghe et al. 2009). During 
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systole, the action potential (AP) depolarization of the sarcolemma (including the TTs) 

activates the LCC current which elevates local (i.e., subspace) Ca2+ to activate and open 

the clustered RyR2s in the JSR to produce a "triggered" Ca2+ spark. The Ca2+ spark is the 

fundamental unit of Ca2+-induced Ca2+-release (CICR) at a given CRU. The signal 

process is a high-gain positive feedback mechanism, which can operate with great 

stability due to the local Ca2+ signaling. It is the stochastic recruitment of triggered Ca2+ 

sparks that translates the electrical AP to the [Ca2+]i transient and the cardiac contraction 

during ECC. Despite over 20 years of experimental and computational study, questions 

still abound regarding quantitative details of Ca2+ sparks and CICR dynamics at 

individual CRUs during systole and diastole.  

 Many mathematical models have been developed to investigate the mechanisms 

governing CICR and ECC. However, to our knowledge, a fully stochastic, local control 

computational model of mouse AP dynamics with a realistic CRU formulation and 

physiological SR Ca2+ pump/leak balance has not been produced, until now. We have 

constrained the biophysical parameters of our model to match those of the mouse 

ventricular myocyte, as the mouse is by far the most commonly studied animal in 

biological research. To date, one of the most influential mouse cardiomyocyte models 

was developed by Bondarenko and colleagues in 2004 (Bondarenko, Szigeti et al. 2004). 

Their model has been adapted by numerous groups to study the molecular regulation of 

ECC, myosin cross-bridge cycling and contraction, as well as whole-heart function 

(Koivumaki, Korhonen et al. 2009, Li, Niederer et al. 2010, Li, Louch et al. 2011, Land, 

Niederer et al. 2012, Petkova-Kirova, London et al. 2012, Mullins and Bondarenko 
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2013). While these modeling efforts have provided exciting new data, they contain two 

critical features, common in many cardiac Ca2+ signaling models, that limit their 

mechanistic relevance: 1) They use a single "local [Ca2+]i " level that is identical for all 

RyR2s and LCCs (i.e., common pool) (DiFrancesco and Noble 1985, Nordin 1993, Luo 

and Rudy 1994, Luo and Rudy 1994, Pandit, Clark et al. 2001, Saucerman, Brunton et al. 

2003, Bondarenko, Szigeti et al. 2004, Iyer, Mazhari et al. 2004, Puglisi, Wang et al. 

2004, Zhu and Clancy 2007, Grandi, Pandit et al. 2011, Amanfu and Saucerman 2014). 2) 

They use non-physiological RyR2 gating schemes (Keizer and Levine 1996, Winslow, 

Rice et al. 1999, Mahajan, Shiferaw et al. 2008) or terminate Ca2+ release from the SR 

using a non-physiological [Ca2+]i-dependent inactivation scheme for RyR2 (Rice, Jafri et 

al. 1999, Hinch, Greenstein et al. 2004, Shannon, Wang et al. 2004, Hinch, Greenstein et 

al. 2006, Groff and Smith 2008). These two features are utilized in many cardiomyocyte 

computational models across species to either alleviate computational demand, enable 

Ca2+ spark termination, or both. We find that under normal conditions, using a 

physiological description of RyR2 gating, depletion of the [Ca2+]jsr promotes the 

stochastic termination of Ca2+ sparks in a realistic timespan (Sobie, Dilly et al. 2002, 

Williams, Chikando et al. 2011). The model presented here does not contain either of 

these two non-physiological features; and thus, our mathematical description of cardiac 

ECC is the most mechanistic to date.  

 Here, we advance our previous computational model formulation presented in 

Williams et al., 2011 from a local control, quiescent cardiomyocyte model with 

physiological RyR2 gating and realistic local Ca2+ signals to a full ECC model with 
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systolic Ca2+ signaling and robust AP generation. We have previously shown how three 

SR Ca2+ leak pathways (Ca2+ sparks, Ca2+ quarks, and rogue RyR2s) combine to balance 

the activity of the SR Ca2+-ATPase (SERCA2a) during prolonged periods of diastole, or 

quiescent conditions [34]. During diastole, spontaneous Ca2+ sparks form the primary 

pathway for SR Ca2+ leak. Additional Ca2+ release occurs through “non-spark” events that 

represent the opening of single RyR2s (i.e., Ca2+ quarks) or the opening of only a few 

RyR2s (i.e., Ca2+ sub-sparks) which fail to induce a full Ca2+ spark and are invisible by 

conventional confocal imaging modalities (Brochet, Xie et al. 2011). There is also a small 

population of RyR2s distributed sporadically throughout the network SR, known as 

“rogue” RyR2s, that form a third route for SR Ca2+ leak (Sobie, Song et al. 2006, 

Lukyanenko, Ziman et al. 2007, Baddeley, Jayasinghe et al. 2009). SR Ca2+ pump/leak 

balance is a critical feature of cardiomyocyte Ca2+ homeostasis required for normal 

muscle function and overall survival. Realistic SR Ca2+ leak/pump dynamics gives the 

model significant relevance when studying pathological conditions related to changes in 

SR Ca2+ release (i.e., high “leak” conditions) or elevated SR Ca2+ content (i.e. load). 

 The pathophysiological Ca2+ signaling that arises from “leaky” RyR2s has been 

linked to diverse cardiac pathologies including catecholaminergic polymorphic 

ventricular tachycardia (CPVT), an inherited arrhythmogenic disorder characterized by 

syncope and sudden cardiac death. While specific mutations may confer different 

pathologies in CPVT (e.g., autosomal dominant RyR2 mutations and autosomal recessive 

calmodulin, triadin, and calsequestrin (CASQ2) mutations), the development of overly 

sensitive RyR2s (assuming identical SR Ca2+ load) that display increased PO appears to 
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be a common theme in CPVT (van der Werf and Wilde 2013). The model presented here 

is uniquely capable of investigating abnormal Ca2+ leak dynamics such as this because of 

the mechanistic formulation of Ca2+ sparks and SR Ca2+ leak it contains. Here we conduct 

a quantitative assessment of quiescent, diastolic, and systolic Ca2+ sparks and “invisible” 

Ca2+ leak pathways in the environment of enhanced RyR2 PO and reduced JSR buffering, 

designed to simulate a genetic “knock-in” murine model of CASQ2-R33Q driven CPVT 

(Chen, Valle et al. 2013). Our findings support those previously identified experimentally 

for the basal differences between wild-type (WT) and CASQ2-R33Q mutant 

cardiomyocytes (i.e. decreased amplitude of global [Ca2+]i transients at slow, 0.2 Hz, 

pacing and decreased total SR Ca2+ content in CPVT myocytes) (Terentyev, Nori et al. 

2006, Rizzi, Liu et al. 2008, Brunello, Slabaugh et al. 2013, Liu, Denegri et al. 2013). 

Our model identifies new critical differences in local Ca2+ signals that may ultimately 

serve as the substrate for cellular arrhythmia (Ca2+ waves) and the rare, but deadly 

arrhythmia, CPVT. 

 The physiological, mathematical model of ECC presented here provides novel, 

important findings that change our understanding of Ca2+ signaling at both the local and 

global (cell-wide) levels. One key achievement in this model is a novel formulation for 

the LCC that is sensitive to changes in local Ca2+, a critical feature necessary for local 

control of CICR. Important new findings of this model include the following: 1) 

Quiescent, diastolic, and systolic Ca2+ sparks differ in a number of ways, including 

frequency and amplitude; 2) Quantitative details describing the relative insensitivity of 

RyR2s (and, therefore, Ca2+ sparks) to LCC openings; 3) Simulated CPVT mutations lead 
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to prolonged and at times, metastable Ca2+ sparks that increase the probability of 

activating neighboring CRUs; and 4) Ca2+ spark fidelity is significantly altered during 

CPVT and results in asynchronous systolic Ca2+ spark activity and increased diastolic SR 

Ca2+ leak. This model accounts for how local Ca2+ and realistic SR Ca2+ pump/leak 

balance influences global Ca2+ dynamics during ECC. These features offer a critical step 

towards development of a realistic whole cardiomyocyte spatial model of ECC.  

Model Formulation 

 Here, we present a whole-cell local control, Monte Carlo model of ECC in the 

mouse cardiac ventricular myocyte. The description of CICR from Williams et al. has 

been modified to include a novel stochastic model for LCCs that completes the 

physiologic CRU (Williams, Chikando et al. 2011). The stochastic RyR2 formulation has 

been updated to integrate the most recent biophysical characterization of the channel. 

Additionally, key SL membrane channels and transporters (see Fig. 2.2.1 a) have been 

incorporated into the model to facilitate robust AP generation. The resulting 

compartmental model of a mouse ventricular myocyte has numerous independent CRUs 

(i.e., N = 20,000), each containing multiple stochastically gated LCCs and RyR2s (i.e., 

NL = 6 and NR = 50, respectively) that are instantaneously coupled (see Eq. S56) to a 

local, dyadic subspace [Ca2+] ([Ca2+]ds) (Williams, Chikando et al. 2011). Each CRU is 

associated with an individual junctional SR (JSR) compartment that is depleted during its 

own CICR and is refilled through transport from the network SR (NSR) compartment. 

Changes in bulk myoplasmic [Ca2+] ([Ca2+]i) are generated via efflux of Ca2+ from each 

individual CRU subspace compartment (see in Fig.1 A). The model contains 

�54



physiological representations of SERCA2a (Eq. S35), Na+/Ca2+ exchanger (NCX) (Eq. 

S37), and the plasma membrane Ca2+ ATPase (PMCA) (Eq. S38) to facilitate SR Ca2+ re-

uptake and myoplasmic Ca2+ extrusion. For this study, we assume no [Ca2+]i buffering by 

the mitochondria and do not include a compartment for this organelle nor formulations 

for the associated Ca2+-handling proteins. Recent studies have shown that under 

physiological conditions there is minimal mitochondrial contribution to direct changes in 

[Ca2+]i signals (Bassani, Bassani et al. 1994, Lu, Ginsburg et al. 2013, Williams, Boyman 

et al. 2013, Boyman, Chikando et al. 2014). The Monte Carlo model presented here 

consists of 2N + 20 ordinary differential equations (ODEs) representing the time-

evolution of membrane voltage (V), various intracellular ion concentrations (i.e., [Ca2+],

[K+],[Na+]), and membrane current gating variables (see Eqns. S9-S17). The 

concentration balance equations, consistent with Fig. 2.1, can be found in the SI (Eqns. 

S2-S7). Each ODE was solved in Matlab using the first-order Euler method with variable 

time-step designed to ensure stability. A mathematical description of critical model 

components is presented below and includes: LCC, RyR2, SL membrane potential, and 

spatial sarcomere model.  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Figure 2.1. Diagram of SR Ca2+ leak model and Ca2+ channel models  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Figure 2.1. Diagram of SR Ca2+ leak model and Ca2+ channel models. a) Model 
compartments, Ca2+ fluxes, and various membrane currents (black arrows). Only one 
of the cell's N = 20,000 CRUs is shown for visual clarity and IK+ represents all K+ 
currents described fully in Supporting Materials. b) Transition-state diagram for the 7-
state continuous-time, discrete-state Markov chain describing a single LCC. Transitions 
labeled as; va represent voltage-dependent activation transitions, vi represent voltage-
dependent inactivation transitions, vd represent voltage-dependent deactivation 
transitions, and ci represent Ca2+-dependent inactivation transitions (See SI for 
formulation of these rates)  c) Transition-state diagram for the 2-state continuous-time, 
discrete-state Markov chain representing a single RyR2 channel. Note, each CRU 
consists of 6 LCCs and 50 RyR2s.  



LCC model.  

 While numerous LCC models exist (Luo and Rudy 1994, Jafri, Rice et al. 1998, 

Sun, Fan et al. 2000, Hinch, Greenstein et al. 2004, Williams, Huertas et al. 2007, 

Mahajan, Shiferaw et al. 2008, Williams, Molinelli et al. 2008, Hashambhoy, Greenstein 

et al. 2010), few are capable of generating realistic LCC current in a local control model. 

Specifically, the dynamics of Ca2+-dependent inactivation must be modified when an 

LCC is experiencing realistic local Ca2+ concentrations (i.e., [Ca2+]ds). We developed a 

novel LCC formulation where each voltage activated LCC is represented by a 7-state 

Markov chain containing six inactivated or closed states and one open state (state 7 

represented in white in Fig. 2.1 b). Voltage-dependent inactivation (VDI) is achieved by 

transitions from either the open state (state 7) or the closed state (state 2) to the VDI 

states (states 1 and 6) highlighted in blue (see Fig. 2.1 b). Similarly, Ca2+-dependent 

inactivation (CDI) is modeled by transitions from either the open state or the closed state 

to the CDI states (states 3 and 4) highlighted in green (see Fig. 2.1 b). State 5 highlighted 

in red (see Fig. 2.1 b) represents a transient “activated” (but not open) state designed to 

achieve physiological LCC current rise times. Figure S2 A shows that the model 

generates a realistic IV curve peaking between 0-10 mV, consistent with experimental 

results (Rose, Balke et al. 1992).The LCC dynamics in response to both voltage- and 

Ca2+-dependent inactivation is displayed in Fig. S2 B. While similar in number of states 

to Mahajan et al., 2008, our novel description of transition rates between LCC states 

facilitates our ability to model local control of ECC by: 1) making the channels sensitive 

to realistic [Ca2+]ds, and 2) permitting the use of a our vectorized channel gating approach 
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to solving stochastic channels (Jafri Williams Patent). The second point is critical in order 

to reduce the computational demand of six 7-state LCCs present in each of our N = 

20,000 CRUs. Junctional and non-junctional LCC formulations and the kinetics for LCC 

transitions can be found in the SI (see Eqns. S25-S34 and Table S3).  

RyR2 model.  

 Recent work in lipid-bilayers by Michael Fill and co-workers (Chen, Valle et al. 

2013) as well as others (Tencerova, Zahradnikova et al. 2012, Cannell, Kong et al. 2013, 

Laver, Kong et al. 2013) has shown that under “near-physiological” conditions (e.g., 

Mg2+, SR Ca2+, etc.) RyR2s are much less sensitive to Ca2+ than previously thought. We 

have modified our RyR2 model (depicted in Fig. 2.1 c) to account for these updated 

experimental characterizations of RyR2 Ca2+ sensitivity. Our current RyR2 gating leads to 

a EC50 of ~33 µM compared to our earlier work (Williams, Chikando et al. 2011) where 

RyR2 EC50 was closer to 10 µM. This change in RyR2 [Ca2+]i sensitivity has allowed us 

to remove the allosteric coupling factors previously required to "quiet" the RyR2 channel 

gating under quiescent conditions. This assumption does not preclude a physical 

connection between neighboring RyR2s, but simply does not assert that this physical 

connection is the basis for propagating conformational changes between RyR2s. 

Additionally, we have updated our luminal Ca2+ sensitivity function,  (see Eq. S45 and 

Walker et al., 2014 (Walker, Williams et al. 2014)), which reflects the most recent 

biophysical characterizations of RyR2 gating with varied luminal Ca2+ levels. With 

normal or reduced SR Ca2+ content  has minimal effect on RyR2 PO, however, during SR 

Ca2+ overload  results in a drastic increase in RyR2 PO, see Fig. S1 A. A complete 
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description of the junctional and non-junctional RyR2 formulations can be found in the SI 

(S43-S47). The Ca2+ spark dynamics (e.g., duration, amplitude, frequency, and fidelity) 

shown in Fig. 2.2, when using the modified (𝜙) and without inter-channel coupling 

remain remarkably similar to those shown in previous work (Williams, Chikando et al. 

2011). Taken together, our LCC and RyR2 formulations are able to reproduce the graded 

nature of RyR2 flux, a hallmark of “local control” of CICR, in relation to membrane 

potential and high ECC gain (~20 fold at V = 0 mV) as measured by peak RyR2 flux 

divided by peak LCC flux (see Fig. S2 C and D) (Fabiato 1985).  

 The RyR2 gating parameters for both WT and CPVT conditions are given in 

Table 1, where k+ is the RyR2 opening rate, k- is the RyR2 closing rate, Km is the half 

maximal point for RyR2 PO as a function of [Ca2+]i, and βjsr is the total concentration of 

buffer within the JSR. The RyR2 steady-state open probability in response to changes in 

[Ca2+]i for WT and CPVT simulations is shown in Fig. S1 B. The effect of decreased k- 

and slight rise in k+ on RyR2 PO is consistent with the ~ 2 fold reduction in Km caused by 

CASQ2-R33Q mutation examined in (Chen, Valle et al. 2013). The 57% reduction in βjsr 

is designed to simulate the altered CASQ2 expression seen in CASQ-R33Q knock-in 

mice (Rizzi, Liu et al. 2008). 

Sarcolemmal membrane potential.  

 In this study, two forms of electrical stimuli are utilized to trigger LCC opening 

and CICR, “voltage clamp” and “current clamp”. The “voltage clamp” protocol forces a 

step change in SL membrane potential while a small inward current, Iapp, is applied in the 

“current clamp” protocol to elicit an action potential. The SL membrane potential during 
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"current-clamp" mode is governed by a single ODE (Eq. S1). The formulation of the K+ 

currents used here can be found in the SI (see Eqns. S12 – S22) and are primarily based 

on the currents from the mouse action potential model by Bondarenko and co-workers 

[5]. The fast Na+ current is adapted from (Fox, McHarg et al. 2002) and is also outlined in 

the SI (see Eqns. S9-S11, S22, and S23).  

Spatial sarcomere model.  

 To further elucidate the physiologic consequences of “leaky” RyR2s we 

developed a 3 dimensional (3D) spatial implementation of our local control model that 

represents a transverse subsection of a cardiomyocyte (see Eq. S57). This spatial model 

represents a single sarcomere (M-line to M-line) centered on a Z-line and contains 

equally distributed CRUs, separated from one another by 600 nm (Chen-Izu, McCulle et 

al. 2006). Linescan images were generated by assessing levels of Ca2+-bound Fluo4 

concentration [CaF] (see Eq. S58) over time with optical blurring and Gaussian white 

noise added afterwards, consistent with previous work by Smith et al. (Smith, Keizer et 

al. 1998). While a whole cell 3D spatial model integrating 20,000 CRUs would be ideal, 

it is beyond the scope of the current work, however the model presented here could serve 

as the backbone of such a model in the future.  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Results 

Quiescent Ca2+ Sparks and SR Ca2+ Leak.  

 Ca2+ leak dynamics, at physiological RyR2 sensitivity, are shown in Fig. 2.2 for 

quiescent conditions (prolonged rest/diastole) and include experimentally visible Ca2+ 

sparks and invisible Ca2+ sub-sparks and Ca2+ quarks. The Ca2+ sparks shown in Fig. 2.2 

are consistent with quiescent Ca2+ sparks observed in small rodents in both frequency 

(~150 cell-1 s-1) and duration (~20 ms). Note that Ca2+ spark duration is measured by the 

duration of the number of open RyR2s within a CRU (NR,O, see Fig. S3). Prior work has 

shown that RyR2 currents of this duration yield F/F0 signals consistent with experimental 

recordings (Smith, Keizer et al. 1998, Sobie, Dilly et al. 2002). We observe here, and 

previously (see (Williams, Chikando et al. 2011)), that Ca2+ quarks occasionally lead to 

Ca2+ sparks via the regenerative nature of CICR. Note that these Ca2+ quarks while 

frequent are very brief (~2-5 ms) and account for a small fraction of SR Ca2+ leak under 

normal SR Ca2+ load conditions (see (Williams, Chikando et al. 2011)). While a Ca2+ 

quark represents the opening of a single RyR2 we observe that sometimes multiple 

RyR2s, open but fail to trigger a Ca2+ spark, we term these events, “Ca2+ sub-sparks”. 

This detailed, molecular mechanism for SR Ca2+ leak gives this model of ECC increased 

relevance for studying local regulation of Ca2+ signaling as well as pathophysiological 

modulation of Ca2+ dynamics. 
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Figure 2.2. Quiescent Ca2+ spark and non-spark Ca2+ leak dynamics  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Figure 2.2. Quiescent Ca2+ spark and non-spark Ca2+ leak dynamics. Shown are 
spontaneous Ca2+ sparks (large events), Ca2+ quarks (single RyR2 events), and Ca2+ 
sub-sparks (multi-RyR2 events). Each color represents the behavior from a unique CRU 
within the whole-cell model. Only 10% of the cell's 20,000 CRUs are shown (for 
clarity). See Fig. S2 for and [Ca2+]jsr dynamics. 



Action Potential and Global CICR Dynamics.  

 The mouse action potential, shown in Fig. 2.3 a, is more effective at recruiting 

LCC current, shown in Fig. 2.3 b, than a voltage clamp to 0 mV. This surprising result is 

due to the combination of the rapid upstroke of the AP (activating the voltage-activated 

states of the LCC) followed by the rapid repolarization (due to the outward K+ currents) 

which increases the driving force for Ca2+ entry (Sah, Ramirez et al. 2003). The time to 

peak for the [Ca2+]i transients during current clamp is influenced by the rapid recruitment 

of LCC current during an AP (see Fig. 2.3 b). Despite synchronous and uniform exposure 

of each LCC within the model to the same membrane potential, not all CRUs activate to 

trigger a Ca2+ spark during systole. The subsection on ECC fidelity, the probability that 

an LCC opening will activate CICR and trigger a Ca2+ spark, investigates this 

phenomenon in greater detail. The membrane dynamics and the underlying membrane 

currents for our mouse AP formulation are depicted in Fig. S7 and are consistent with 

Bondarenko et al. (Bondarenko, Szigeti et al. 2004). The resulting AP has an APD90 (time 

to 90% recovery of depolarization) of ~40 ms, which is consistent with whole cell 

ruptured patch clamp and microelectrode recordings of mouse APs (Anumonwo, Tallini 

et al. 2001, Signore, Sorrentino et al. 2013). Additional [Ca2+]i and AP dynamics are 

shown in Figs. S7, S10, and S11. Global Ca2+ dynamics in response to both current- (Fig. 

2.3 c-d) and voltage-clamp (Fig. 2.3 e-f) conditions highlight key differences of these 

excitation methods. The dashed lines represent the initial [Ca2+]i transient after a 

prolonged period of quiescence. The SR content is equivalent between the current- and 

voltage-clamp protocols. While [Ca2+]nsr only depletes moderately (15-25%) during an 
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AP, the fraction of total SR Ca2+ released (~50% during an AP) is greater due to the 

strong depletion of [Ca2+]jsr (see Fig. S3) and significant buffering (βjsr) present in the JSR 

compartment (see Table 1). [Ca2+]i and [Ca2+]nsr dynamics shown in Fig. 2.3 c-f are 

provided for both simulated WT and CPVT conditions, using gating parameters and total 

JSR buffering, described in Table 1. Consistent with high ECC gain observed 

experimentally, during a single AP, ECC gain is 12-25 depending on SR Ca2+ content.

Table 1. RyR2 gating dynamics and JSR buffering under normal and pathological 
conditions. 

k+ (s-1 µM-η,ryr) k- (s-1) RyR2 Km (µM) βjsr (mM)

WT 0.2 425 33 30

CPVT 0.275 120 16 13
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Figure 2.3. Global [Ca2+]i dynamics during ECC  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Figure 2.3. Global [Ca2+]i dynamics during ECC. Shown is a) membrane potential and 
b) respective whole-cell LCC currents, where solid black are representative results during 
current-clamp conditions following an applied current to generate an AP and dashed is 
representative of a voltage-clamp stimulus to 0 mV. c) [Ca2+]i transients and d) NSR Ca2+ 
dynamics shown for current-clamp stimulus. e) [Ca2+]i transients and f) NSR Ca2+ 
dynamics shown for voltage-clamp stimulus. For c-f, blue traces represent WT conditions 
while red traces depict CPVT. Additionally, solid lines represent [Ca2+]i and [Ca2+]nsr 
dynamics at steady-state while dashed traces represent the first transient after quiescence.  



Ca2+ Sparks and SR Ca2+ Leak during ECC.  

 Systolic and diastolic Ca2+ sparks (and Ca2+ quarks) elicited by LCC openings 

during (and following) an AP are shown in Fig. 2.4. Each color indicates activity from a 

different CRU within the 20,000 CRU compartmental model. The bulk cytosol and NSR 

dynamics displayed in Fig. 2.3 result from the integration of local Ca2+ signals at the 

dyadic subspace and JSR level, see Fig. 2.4, synchronized during the AP interval 

(indicated by the blue bar between 10-50 ms). We show that at steady-state, 1 Hz pacing, 

~7,000 Ca2+ sparks are recruited during an action potential, or roughly 35% of the CRUs 

within a cardiomyocyte are activated for a given electrical stimulus. Systolic Ca2+ sparks 

displayed in Fig. 2.4 are roughly the same amplitude and duration as quiescent Ca2+ 

sparks (see Fig. 2.2), even though they are initiated at a much lower SR Ca2+ content, 

[Ca2+]nsr ~700 µM at 1 Hz pacing vs. [Ca2+]nsr ~950 µM during quiescence. Further 

comparison of systolic Ca2+ release and quiescent Ca2+ leak as functions of [Ca2+]nsr can 

be found in the subsection, Dependence of Spontaneous and Triggered SR Ca2+ release 

on SR Ca2+ Content. Interestingly, diastolic Ca2+ sparks, shown in Fig. 2.4, are less 

frequent and noticeably smaller (with a peak [Ca2+]ds < 100 µM due to lower SR Ca2+ 

content, see Fig. 2.3 d) than Ca2+ sparks displayed during quiescent conditions (see Fig. 

2.2). See Restitution of Ca2+ spark Fidelity subsection below for analysis of how Ca2+ 

sparks and Ca2+ quark dynamics "restore" following an AP. 
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Figure 2.4. Systolic and diastolic Ca2+ spark and non-spark Ca2+ release dynamics 
during an AP 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Figure 2.4. Systolic and diastolic Ca2+ spark and non-spark Ca2+ release dynamics 
during an AP. (similar to blue line in Fig. 2.3 a). Each colored line represents the 
behavior from a different CRU within the whole-cell model. Only 10% of the cell's 
20,000 CRUs are shown (for clarity in the display).



Implications of Leaky RyR2s on CICR.  
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Figure 2.5. CPVT Ca2+ spark and Ca2+ leak dynamics. Influence of increased RyR2 
open probability and reduced JSR buffering on Ca2+ dynamics during a) quiescent 
conditions (See Fig. S5 for NR,On and [Ca2+]jsr dynamics) and b) ECC. Each color 
represents activity from a different CRU within the whole-cell model. For clarity only 
10% of the cell's 20,000 CRUs are shown.

Figure 2.6. Pro-arrhythmic Ca2+ release behavior during CPVT. a) Stochastic RyR2 
gating during quiescent, CPVT conditions and b) simulated transverse line-scan of 
quiescent Ca2+ release dynamics (as F/F0) during CPVT conditions. Realistic noise and 
confocal blurring are added after simulation (see SI). 



 The influence of leaky RyR2s, a hallmark of CPVT (Lehnart, Mongillo et al. 

2008), on Ca2+ sparks, Ca2+ quarks, SR Ca2+, and systolic [Ca2+]i transients is shown in 

Fig. 2.5 and S6. Figure 5 A shows Ca2+ spark and Ca2+ quark dynamics of the model 

during quiescence under simulated CPVT conditions. These “leaky” RyR2s result in 

longer Ca2+ sparks (~50 ms). In some cases, Ca2+ sparks fail to fully terminate and even 

attempt to reactivate (see thick purple line in Fig. 2.5 a). These "unstable" Ca2+ release 

events are reminiscent of the "metastable" Ca2+ sparks described by Stern et. al., 2013 

(Stern, Rios et al. 2013). While each quiescent Ca2+ spark is smaller in peak [Ca2+]ds (due 

to lower [Ca2+]nsr) they more than make up for it in both increased frequency (~500 Ca2+ 

sparks cell-1 s-1) and duration. If only RyR2 PO is altered, see Fig. S4, we again see 

“unstable” Ca2+ sparks as well as increased Ca2+ spark frequency, while Ca2+ spark 

frequency and termination are normal with lower JSR buffering alone, see Fig. S5. To 

better visualize these “metastable” Ca2+ sparks we incorporated our CRU formulation 

into a 3D model of Ca2+ diffusion within a single sarcomere (centered on z-line). A 

representative simulated linescan shown in Fig. 2.6 (see SI for more details) dramatically 

shows the resulting unstable CICR during simulated CPVT conditions. A representative 

linescan for normal, WT conditions is shown in Fig. S9.  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Figure 2.5. CPVT Ca2+ spark and Ca2+ leak dynamics  
Figure 2.6. Pro-arrhythmic Ca2+ release behavior during CPVT 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 In addition to altered quiescent Ca2+ spark and Ca2+ leak dynamics observed 

under CPVT conditions (see Fig. 2.5 a), we have examined the influence of CPVT 

channels on CICR dynamics during ECC (see Fig. 2.3 and Fig. 2.5 b). After prolonged 

quiescence, WT [Ca2+]i transient amplitude is greater than CPVT (see Fig. 2.3 c and e), 

similar to what was shown experimentally at 0.2 Hz pacing frequency of CASQ-R33Q 

knock-in cardiomyocytes (Liu, Denegri et al. 2013). This is likely due to greater [Ca2+]nsr 

under WT conditions ([Ca2+]nsr = ~950 µM vs. ~800 µM, WT and CPVT respectively). As 

expected, the increased sensitivity of RyR2s to [Ca2+]i under CPVT conditions 

corresponds to more Ca2+ sparks (though smaller in mass) recruited during a 1 second 

interval of steady-state 1 Hz AP pacing, ~11,000 (see Fig. 2.5 b). There is a clear increase 

in late systolic and diastolic Ca2+ sparks under CPVT conditions. At steady-state 1 Hz 

pacing, we show little difference between WT and CPVT [Ca2+]i transient amplitude (see 

Fig. 2.3 c and e). If only RyR2 PO is altered, the steady-state [Ca2+]i transient is larger 

than WT with asynchronous late systolic Ca2+ spark activity, while reduced JSR buffering 

results in a smaller [Ca2+]i transient than WT, see Fig. S8. The rate that Ca2+ sparks occur 

and the restitution of Ca2+ spark fidelity (the probability that opening of a single RyR2 

will trigger a Ca2+ spark) following an AP is discussed below.  

Restitution of Ca2+ Spark Fidelity. 

 Following the burst of Ca2+ sparks produced by an AP there is an immediate, 

rapid drop in the overall rate of Ca2+ sparks. Fig. 2.7 a-b shows the average rate of Ca2+ 

sparks over time following an AP binned into 100 ms (WT and CPVT, respectively). Ca2+ 

spark fidelity is near 60% during the AP (see Fig. 2.9 h), but falls below steady-state 
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diastolic levels immediately after the AP with Ca2+ quarks and Ca2+ sub-sparks 

dominating SR Ca2+ leak for WT conditions during diastole (see Fig. 2.4). Under normal 

conditions, at steady-state, the probability that a Ca2+ quark will induce a Ca2+ spark is < 

2% during diastole. There is a slow restitution of Ca2+ spark fidelity that corresponds to 

the time course for [Ca2+]nsr refilling after ECC (see Fig. 2.3 d). This suggests that 

[Ca2+]nsr levels are responsible for governing the balance between invisible (Ca2+ quarks) 

and visible (Ca2+ sparks) leak. This is consistent with prior work that showed that visible 

Ca2+ leak transitions to invisible leak as SR Ca2+ content declines (Zima, Bovo et al. 

2010, Williams, Chikando et al. 2011). The decline in the total number of Ca2+ leak 

events, Ca2+ sparks, Ca2+ sub-sparks, and Ca2+ quarks corresponds well with the decline 

of the [Ca2+]i transient (see Figs. 3 C and 7) and suggests that [Ca2+]i plays a critical role 

in governing the overall Ca2+ leak rate. The restitution of Ca2+ spark fidelity under 

simulated CPVT conditions (see Fig. 2.7 b) is similar to WT but with two critical 

quantitative differences. 1) The number of Ca2+ sparks following the AP spark burst is 

much higher and 2) the Ca2+ spark fidelity is significantly greater (about 10-fold in this 

example) with ~30% of RyR2 openings resulting in a Ca2+ spark (both likely due to the 

higher RyR2 PO). The increased Ca2+ spark rate and higher RyR2 PO both increase the 

likelihood of aberrant activity (e.g., early after depolarizations (EADs), Ca2+ waves, etc.).  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Figure 2.7. Restitution of Ca2+ spark fidelity following an action potential 
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Figure 2.7. Restitution of Ca2+ spark fidelity following an action potential. For WT 
(n = 400, blue, a) and CPVT (n = 65, red, b) The total number Ca2+ release events (Ca2+ 
Sparks and Ca2+ Sub-Sparks) are plotted (left y-axis) with the black cross-hatch 
showing the number of Ca2+ sparks. Ca2+ spark fidelity is represented by black circles 
(far right y-axis). Ca2+ release events and Ca2+ spark fidelity during an AP initiated 
[Ca2+]i transient are binned into 100ms bins. Note that Ca2+ spark fidelity during the AP 
bin (0-100 ms) is not shown, but is ~0.6 for WT and ~0.8 for CPVT conditions. 



ECC Fidelity.  

 The sensitivity of RyR2s to LCC openings has been a focus of numerous studies 

since the first experimental measurements by Santana et al., 1996 (Santana, Cheng et al. 

1996). Note that the likelihood of a LCC opening will trigger a Ca2+ spark, termed “ECC 

fidelity”, is distinct from “Ca2+ spark fidelity”. The inverse relationship between ECC 

fidelity (defined as the number of Ca2+ sparks divided by the number of LCC openings) 

and membrane potential is shown in Fig. 2.8 a is primarily due to declining driving force 

for Ca2+ entry via the LCC and the brief duration of an LCC opening (~ 0.5 ms). When 

the membrane is significantly depolarized (V>= 0 mV) numerous LCC openings are 

required to trigger a single Ca2+ spark. ECC fidelity is lower in normal conditions than 

during pathological states such as CPVT (see red line), with a pronounced increase in 

RyR2 sensitivity to brief LCC openings at more negative membrane potentials (-40 to -10 

mV), see Fig. 2.8 a. As expected, there are no significant differences in the number of 

LCC openings between WT and CPVT conditions, see Fig. 2.8 b. However, “leaky” 

RyR2s result in an increased number of Ca2+ sparks, shown in Fig. 2.8 c, across all 

membrane potentials. The substantial increase in Ca2+ spark sensitivity to brief LCC 

openings and resulting increase in Ca2+ spark frequency under CPVT conditions likely 

creates an environment that could promote instability and arrhythmia.  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Figure 2.8. ECC fidelity  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Figure 2.8. ECC fidelity. a) ECC fidelity (measured as number of Ca2+ sparks divided 
by the number of LCC openings during a 200 ms voltage pulse to the various test 
potentials). b) Number of LCC openings per CRU (N-1) during same conditions as (a). 
c) Number of Ca2+ sparks per N CRUs during same conditions as (a). For all tests (a-c) 
WT results are shown in blue and simulated CPVT conditions are shown in red. 



Dependence of Spontaneous and Triggered SR Ca2+ Release on SR Ca2+ Content.  

 Consistent with our prior work, we show that as SR Ca2+ content declines, Ca2+ 

quarks and Ca2+ sub-sparks (i.e. “non-spark” based leak), begin to account for the 

majority of SR Ca2+ leak, see Figs. 9 A and C. Under normal conditions, quiescent Ca2+ 

sparks are infrequent at [Ca2+]nsr < 750 µM and reach ~150 Ca2+ sparks per cell per 

second at steady-state quiescent [Ca2+]nsr of ~ 950 µM. Ca2+ spark frequency during 

CPVT was significantly greater across a broad range of SR Ca2+ content and compares 

well with experimental results (Knollmann, Chopra et al. 2006, Uchinoumi, Yano et al. 

2010). Experimentally invisible Ca2+ leak events, Ca2+ quarks and Ca2+ sub-sparks, 

quantified in Fig. 2.9 c as non-sparks, were stable across SR Ca2+ load for WT 

conditions, but decreased with increasing [Ca2+]nsr under CPVT conditions. Average Ca2+ 

spark duration (ASD) for WT conditions was relatively constant, ~20 ms, regardless of 

SR Ca2+ load, see Fig. 2.9 c. However in the CPVT state, Ca2+ sparks fail to efficiently 

terminate above a [Ca2+]nsr of 1 mM resulting in ASD > 100 ms. Near quiescent steady-

state SR Ca2+ content, WT Ca2+ spark fidelity is ~0.15 and increases above a [Ca2+]nsr of 1 

mM, see Fig. 2.9 g. Leaky RyR2s have greater Ca2+ spark frequency and decreased 

invisible Ca2+ leak events which contribute to the overall increase in Ca2+ spark fidelity 

of, ~0.55, at quiescent steady-state SR Ca2+ content of ~800 µM. 

 Systolic Ca2+ release is also sensitive to SR Ca2+ load, with Fig. 2.9 b showing the 

increase in number of Ca2+ sparks during the first 100 ms following the start of an AP 

with increasing [Ca2+]nsr. RyR2s during simulated CPVT promote greater recruitment of 

Ca2+ sparks during an AP, while “invisible” Ca2+ release events decrease with increasing 
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[Ca2+]nsr under normal and CPVT conditions, see Fig. 2.9 d. Ca2+ spark duration during 

systole, shown in Fig. 2.9 f, is relatively stable at ~20 ms and ~50-60 ms, for WT and 

CPVT respectively. The depletion of the [Ca2+]nsr during the [Ca2+]i transient likely 

underlies the added stability of systolic ASD even under “leaky” RyR2 conditions. While 

Ca2+ spark fidelity under normal conditions is ~0.5 at [Ca2+]nsr of ~700 µM (steady-state 

1 Hz pacing) and can increase to > 0.7 at high SR Ca2+ content (Fig. 2.9 h), Ca2+ spark 

fidelity is much less dynamic during CPVT. At 1 Hz steady-state pacing [Ca2+]nsr is ~650 

µM and Ca2+ spark fidelity is already > 0.7 and only slightly rises with increasing SR 

Ca2+ content (Fig. 2.9 h).  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Figure 2.9. Effect of SR Ca2+ load on spontaneous and triggered SR Ca2+ release 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Figure 2.9. Effect of SR Ca2+ load on spontaneous and triggered SR Ca2+ release. a-b) 
Number of Ca2+ sparks during quiescence and systole (the first 100 ms after an AP), 
respectively. c-d) Number of Ca2+ quarks and sub-sparks (invisible leak events) during 
quiescence systole, respectively. e-f) Average Ca2+ spark duration during quiescence and 
systole, respectively. g-h) Ca2+ spark fidelity during quiescence and systole, respectively 
For all tests (a-h) WT results are shown in blue and CPVT conditions are shown in red, 
with steady-state quiescent [Ca2+]nsr marked by * and diastolic [Ca2+]nsr marked by #.  



Discussion 

 A novel mathematical model of ECC in mouse heart has been presented. The 

model builds upon our previous stochastic description of quiescent RyR2 mediated SR 

Ca2+ leak where Ca2+ spark and “invisible”, Ca2+ sub-spark events combine to balance the 

activity of SERCA2a (Williams, Chikando et al. 2011). Importantly, it includes a novel, 

7-state Markov chain formulation of the LCC where transitions depend on membrane 

potential and also on [Ca2+]ds thereby allowing for the generation of a realistic LCC 

current. The model also includes a quantitative description of the electrical behavior of 

the myocyte with detailed descriptions for the SL current components found in the 

external sarcolemma and in the transverse and axial tubule system. With LCC and AP 

membrane current components in place, the model can simulate systolic and diastolic 

Ca2+ dynamics while capturing key details of individual CRU activity (e.g., LCC and 

RyR2 openings, [Ca2+]ds, and [Ca2+]jsr). This unique tool allows us to explore 

characteristic properties of elementary Ca2+ sparks, the summation of local signals during 

ECC, as well as pathological Ca2+ dynamics derived from conditions associated with 

“leaky” RyR2s.  

 Local Ca2+ Release Underlies [Ca2+]i Transients.  

 The Ca2+ spark is the fundamental unit for both diastolic and systolic SR Ca2+ 

release in cardiomyocytes. The stochastic opening of SR RyR2 channels mediates 

“invisible” sub-spark Ca2+ release which has the potential to induce a full Ca2+ spark 

through CICR. As shown in (Williams, Chikando et al. 2011) Ca2+ sparks are the major 

contributor to SR Ca2+ leak within the resting cardiomyocyte and play an important role 
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in cellular Ca2+ homeostasis by balancing SERCA2a activity. Ca2+ sparks observed after 

long periods of rest have equivalent characteristics (i.e. frequency, amplitude, duration, 

and decay constant) whether they occur due to spontaneous RyR2 opening or are evoked 

experimentally through transient LCC opening during membrane depolarization. We 

show that Ca2+ sparks elicited through ECC are of similar size and duration to those 

observed during quiescence. In the diastolic period after a [Ca2+]i transient the 

cardiomyocyte CRUs are less capable of participating in CICR. The induction of a Ca2+ 

spark quickly results in depletion of [Ca2+]jsr for that CRU, and when taken across the 

~7,000 CRUs activated during ECC leads to a large decrease in SR Ca2+ content. This 

leads to a decrease in diastolic Ca2+ spark amplitude and Ca2+ spark fidelity, as diastolic 

Ca2+ spark frequency is diminished dramatically and the proportion of “invisible” leak, 

Ca2+ quarks, rises. Our findings highlight the critical importance of SR Ca2+ content and 

RyR2 Ca2+ sensitivity in controlling Ca2+ spark frequency and, while not the focus of 

this study, may help to explain the low quiescent Ca2+ spark rate in other animals 

including larger mammals. 

Insights into Pathological Conditions Related to “Leaky” RyR2s.  

 We observe significant abnormalities affecting Ca2+ pump/leak balance, local Ca2+ 

sparks, and whole-cell Ca2+ homeostasis in our simulation of CASQ2-R33Q mutant 

cardiomyocyte. We incorporated two critical features in the pathogenesis of CASQ2-

R33Q mediated CPVT, reduced JSR Ca2+ buffering and enhanced RyR2 PO and [Ca2+]i 

sensitivity. Decreased JSR Ca2+ buffering seemed to limit global [Ca2+]i transient 

abnormalities, while the reduction in k- and slight increase in k+ that increased RyR2 
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[Ca2+]i sensitivity and PO under CPVT conditions were the critical alterations that lead to 

aberrant Ca2+ handling. Under these conditions Ca2+ sparks are not well synchronized by 

the AP and persist into "late" systole as the RyR2s are much more sensitive to openings 

of neighboring RyR2s and LCCs. While Ca2+ spark fidelity and rate decline after ECC 

under both WT and CPVT conditions, the decline is far less pronounced for the “leaky” 

RyR2 state. In fact, the Ca2+ spark fidelity for CPVT conditions is always much greater 

than that of WT. Individual CPVT Ca2+ sparks display all the hallmarks of unstable Ca2+ 

release such as delayed termination and even reactivation of the CRU. The “metastable” 

sparks are capable of activating neighboring transverse CRUs which has the potential to 

induce an arrhythmogenic Ca2+ wave. The dynamic difference between ECC fidelity 

displayed by CPVT conditions compared to WT at more negative potentials (-40 to -10 

mV) might prime the cell for EADs and possibly delayed afterdepolarizations (DADs). 

Under normal conditions there should be little SR Ca2+ release at these potentials. 

However, increased release of SR Ca2+ due to “leaky” RyR2s may lead to buildup of 

[Ca2+]i over time and activate [Ca2+]i-dependent currents, notably Incx. The baseline 

differences in local and global Ca2+ signals between simulated WT and CPVT mutation 

cardiomyocytes in the current study may form the molecular basis for cellular Ca2+ waves 

and possibly the rare but lethal ventricular arrhythmia during CPVT.  

Mouse Model to Human Translation.  

 We designed our model to recapitulate the electrophysiology and Ca2+ handling 

properties of the mouse as it is the most commonly used animal in biomedical research. It 

should, however, be noted the Ca2+ signaling components in our model respond 
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appropriately to different AP waveforms. While our model was designed to reproduce 

mouse AP dynamics during ruptured patch conditions, Fig. S11 A shows minimal 

difference in Ca2+ signals after steady-state stimulation with an AP based on those 

recorded from perforated patch measurements (Macianskiene, Bito et al. 2003). 

Additionally, our model can respond to longer duration APs (APD90 of ~250-350 ms) 

typical of larger mammals such as rabbit, see Fig. S11 B (Puglisi, Yuan et al. 1999). 

While not the focus of the present study, future work could adapt our model to fit large 

mammal (human, canine, or rabbit) cardiomyocyte biophysical characteristics (i.e. SL 

membrane channels, transporters, and detailed Ca2+ handling properties). Importantly, the 

principles of Ca2+ pump/leak balance, inherent in our model design, are critical for 

modeling Ca2+ signaling regardless of species. SL Ca2+ fluxes regulate [Ca2+]i, while the 

balance of SERCA2a [Ca2+]i reuptake and RyR2 based SR Ca2+ leak control [Ca2+]nsr 

levels. Any change to the delicate balance of SL or SR Ca2+ fluxes will shift steady-state 

[Ca2+]i and [Ca2+]nsr. When comparing mice and humans, the increased NCX activity in 

cardiomyocytes of larger mammals promotes extrusion of [Ca2+]i and results in depletion 

of [Ca2+]nsr of during quiescence. As shown in Williams et al., 2011, the lower resting 

[Ca2+]nsr of large mammals likely leads to a shift of SR Ca2+ leak from primarily visible 

(e.g., Ca2+ sparks) toward more invisible leak pathways (e.g., Ca2+ quarks and sub-

sparks). Furthermore, the increased Incx may also predispose human cardiomyocytes to 

EADs and possibly DADs, especially under conditions characterized by “leaky” RyR2s 

as presented here.  
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Future Challenges.  

 While the present work provides much insight into cardiac CICR dynamics during 

both quiescence and ECC under physiological and pathological conditions, it is still just a 

stepping stone in a sequence of model development. We think a whole-cell spatially 

resolved model of the entire cardiomyocyte will be necessary to more completely 

investigate CICR instabilities (e.g., Ca2+ waves, Ca2+ alternans, etc.). Such a model could 

better investigate the alterations in Ca2+ signaling in an environment that promotes CPVT 

arrhythmia. A comprehensive whole-cardiomyocyte spatial model with robust β-

adrenergic signaling may provide important insight into the conditions that elicit deadly 

arrhythmia in patients with CPVT and account for the rarity of sudden cardiac death. The 

physiological Ca2+ spark and Ca2+ leak dynamics presented here which now provide 

novel insights into normal and pathological cardiac Ca2+ signals in mouse heart, should 

serve as a solid base for that new work.  
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Chapter 3 - Thermodynamics Govern the Physiological Activity of the MCU to 

Control Mitochondrial Calcium Dynamics in the Heart  1

Abstract 

 In heart muscle cells, rhythmic [Ca2+]i elevations occur to activate the cellular 

contractile apparatus. This process places the heart under constant high energetic demand 

unlike any other tissue in the body. [Ca2+]i signals may also enter the mitochondria to 

help stimulate the regeneration of ATP stores. Cellular anatomy facilitates a favorable 

mitochondrial Ca2+ signaling environment as the ends of IFMs are in close proximity 

(50-100 nm) to cardiac Ca2+ release units (CRUs), the source of the elementary SR Ca2+ 

release event, the Ca2+ spark. During both local and global Ca2+ release events, 

microdomains of [Ca2+] approaching 10-20 µM may form near the ends of the IFMs 

closest to the CRUs. [Ca2+]i signals combined with the highly negative inner 

mitochondrial membrane potential, provides a strong driving force for the uptake of 

[Ca2+]i into the mitochondrial matrix via the mitochondrial Ca2+ uniporter (MCU). The 

balance of Ca2+ influx via the mitochondrial Ca2+ uniporter (MCU) and Ca2+ extrusion 

via the mitochondrial Na+/ Ca2+ exchanger (NCLX) determine [Ca2+]m level. However, 

the [Ca2+]m in working cardiomyocytes and beat-to-beat dynamics is controversial. 

Quantitative details regarding the regulation of mitochondrial Ca2+ uptake and extrusion 

remain unavailable. We present single cardiomyocyte experiments to reveal the [Ca2+]m 

signaling range in intact cells. The regulation of the MCU complex by [Ca2+]i and ΔΨm is 

explored in detail using isolated ventricular mitochondria. The novel, comprehensive 

 Wescott AP, Kao JP, Lederer WJ, Boyman L. Manuscript in Preparation1
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measurements of heart muscle [Ca2+]m signaling presented here clarify, quantitatively, 

how mitochondrial Ca2+ uptake is regulated. 

Introduction 

 The existence and the general features of specialized Ca2+ transport systems in the 

inner mitochondrial membrane (IMM) have been known for decades. In fact, it was first 

observed over 50 years ago that mitochondria can accumulate Ca2+ in a process that 

depends on ΔΨm, with a resulting changes in function (Slater and Cleland 1953, Slater 

and Cleland 1953). Yet, only in the last 8 years have the molecular identities of key 

proteins that comprise the mitochondrial Ca2+ signaling pathway been discovered. The 

mitochondrial Ca2+ uniporter (MCU), which is the predominant pathway for Ca2+ entry 

into the mitochondrial matrix, is now known as a macromolecular ion-channel complex, 

coded by 5 genes in humans (Kamer and Mootha 2015). The mitochondrial Na+/Ca2+ 

exchanger (NCLX), the main pathway for Ca2+ efflux from the mitochondrial matrix, was 

also cloned and recently shown to be essential for life (Palty, Silverman et al. 2010, 

Luongo, Lambert et al. 2017). Mitochondrial Ca2+ signaling appears to be a selective 

advantage for eukaryotic life, with phylogenetic analysis revealing the MCU and its 

homologs are found across all major branches of metazoan lifeforms (Bick, Calvo et al. 

2012).  

 The molecular identity of the mitochondrial Ca2+ uniporter (MCU, CCDC109A 

gene) was discovered in parallel by two groups in 2011  (Baughman, Perocchi et al. 2011, 

De Stefani, Raffaello et al. 2011). A rapid series of studies ensued to identify the 

molecular composition of the MCU complex and determine how each constituent 

�85



contributes to channel function. The exact molecular composition of the MCU complex is 

an active area of debate, however MCU along with the proteins MCUb (a dominant 

negative homolog of MCU) (Raffaello, De Stefani et al. 2013), EMRE (or Essential 

MCU Regulator) (Sancak, Markhard et al. 2013), MICU 1 (Perocchi, Gohil et al. 2010), 

and MICU 2 (Plovanich, Bogorad et al. 2013), are widely considered to be components 

of the MCU complex. Other potential MCU complex proteins include MCUR1 or MCU 

Regulator 1 (Mallilankaraman, Cardenas et al. 2012),  SLC25A3, an IMM phosphate 

carrier (Hoffman, Chandramoorthy et al. 2014), and possibly Uncoupling Proteins 1, 2, 

and 3 (Motloch, Gebing et al. 2016), however the role of each of these proteins in the 

MCU complex is controversial. Ultimately, the role of each MCU complex component in 

channel function still remains poorly characterized. This is in large part due to a lack of 

quantitative studies, particularly in the physiological range of [Ca2+]i < 5 µM, in which all 

of the necessary measurements are made to do a complete thermodynamic analysis of 

mitochondrial Ca2+ uptake. 

 The earliest quantitative studies of mitochondrial Ca2+ uptake were conducted 

using radioactive 45Ca2+. Mitochondria were shown to have a high capacity for Ca2+ 

accumulation that appeared to be dependent on the metabolic substrate used and the 

presence of bioenergetic inhibitors (Deluca and Engstrom 1961, Vasington and Murphy 

1962). The influence of substrate and metabolic inhibitor on mitochondrial Ca2+ uptake 

was likely a function of altered ΔΨm. Numerous mitochondrial Ca2+ uptake studies have 

been conducted since using cells and mitochondria isolated from a diverse array of 

mammalian tissues; such studies were reviewed in quantitative detail in a 2013 meta-
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analysis study by the Lederer laboratory (Williams, Boyman et al. 2013). Their analysis 

of the available literature data detailed 2 critical findings: 1) Across cell-types MCU flux 

is small relative to other [Ca2+]i removal pathways such as the SR Ca2+ ATPase (SERCA) 

and the Na+/Ca2+ exchanger (NCX) and 2) MCU flux appears to be activated by [Ca2+]i 

with a half-saturation constant for MCU open probability (Po) ~100 µM (Williams, 

Boyman et al. 2013). Critical to our understanding of MCU biophysics are the patch-

clamp experiments conducted on isolated IMM vesicles known as “mitoplasts”.  

Particularly, work by the Clapham laboratory characterized the mitochondrial uniporter 

as a highly selective, ΔΨm sensitive, inwardly rectifying ion channel (Kirichok, 

Krapivinsky et al. 2004). Mitoplast data have been confirmed and further developed by a 

number of independent groups using mitoplasts from HEK cells (Vais, Tanis et al. 2015, 

Vais, Mallilankaraman et al. 2016), murine heart (Joiner, Koval et al. 2012, Motloch, 

Gebing et al. 2016), and human heart (Michels, Khan et al. 2009). Interestingly, 

metabolically active tissues with the highest density of mitochondria per cell volume 

(heart and drosophila flight muscle) were shown to have the lowest mitoplast MCU 

activity (Fieni, Lee et al. 2012). 

 Dissecting the structure and function of the MCU complex is a massive 

undertaking that has drawn the interest of a number a high profile laboratories. Recently, 

the pentameric structure of the MCU pore was identified using a combination of nuclear 

magnetic resonance and electron microscopy (Oxenoid, Dong et al. 2016). While 

numerous aspects of the channel pore and selectivity filter “DIME” motif were 

confirmed, no clear exit pathway for the ion was observed (Oxenoid, Dong et al. 2016). 
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This study expressed MCU in the absence of EMRE, thus the finding is consistent with 

functional studies showing EMRE is essential for Ca2+ conductance (Sancak, Markhard et 

al. 2013). EMRE is of particular interest to the field as was recently proposed to function 

as a [Ca2+]m sensor for MCU (Vais, Mallilankaraman et al. 2016). While regulation of 

MCU by a [Ca2+]m sensor has only been suggested in one manuscript, there is a large 

often conflicting body of evidence for regulation of MCU by [Ca2+]i signals. 

 “Gate-keeping” is the current terminology in the mitochondrial Ca2+ uptake field 

used to characterize the role of Mitochondrial Ca2+ Uptake (MICU) 1, 2, and possibly 3 

proteins on MCU function. While MICU 3 is predominately expressed in the central 

nervous system and is not fully localized to mitochondria, MICU 1 and MICU 2 are 

thought to be localized to the intermembrane space between the outer and inner 

mitochondrial membranes (Plovanich, Bogorad et al. 2013). MICU 1 and MICU 2 are 

thought to form heterodimers and convey [Ca2+]i sensitivity through EF hand domains, 

which were recently estimated to have an overall Ca2+ dissociation constant Kd,MICU1MICU2 

= 620 nM (Kamer, Grabarek et al. 2017). The prevailing paradigm in the mitochondrial 

Ca2+ uptake field has MICU1 regulating the threshold for initiating MCU activity, with 

the protein acting as a critical barrier to uptake at low [Ca2+]i levels (Mallilankaraman, 

Doonan et al. 2012, Csordas, Golenar et al. 2013) this function is then “tuned” to a lower 

[Ca2+]i affinity by MICU2 (Payne, Hoff et al. 2017). However, others believe MICU1 and 

MICU2 act in opposition, with MICU1 activating the MCU complex while MICU2 

predominately inhibits the channel activity (Patron, Checchetto et al. 2014). Tissue 

dependent protein and mRNA expression patterns have identified heart mitochondria as 
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having low MCU and MICU1 abundance, with proportionally greater presence of 

MICU2 (Paillard, Csordas et al. 2017, Zaglia, Ceriotti et al. 2017). This is thought to 

explain the increase in heart mitochondrial Ca2+ uptake at low [Ca2+]i with reduced 

cooperative behavior as [Ca2+]i increases compared to liver mitochondria (Paillard, 

Csordas et al. 2017).  

 Using the newly available molecular information, several groups generated 

murine models lacking the expression of MCU in order to investigate its physiological 

role. Ablation of MCU was not detrimental and did not appear to influence the cardiac 

performance in global MCU-null mice generated by gene-trap approach (Pan, Liu et al. 

2013, Holmstrom, Pan et al. 2015). Marked differences between MCU knockout animals 

and the control animals were only evident during strenuous activity in the models 

generated by conditional cardiac-specific knockout of MCU (Kwong, Lu et al. 2015, 

Luongo, Lambert et al. 2015). In these conditional models, the lack of MCU was 

associated with weakened ability to increase the cardiac output following 𝛽-adrenergic 

stimulation, which was attributed to reduced [Ca2+]m-dependent activation of key 

mitochondrial dehydrogenases (Kwong, Lu et al. 2015, Luongo, Lambert et al. 2015).  

These findings further support the view that mitochondrial Ca2+ influx is involved in the 

regulation of mitochondrial ATP production and are in agreement with the conclusions of 

prior studies by the Balaban laboratory (Territo, Mootha et al. 2000, Territo, French et al. 

2001). Nevertheless, the magnitude, dynamics, and overall importance of [Ca2+]m signals 

in physiology and pathophysiology remain mechanistically unresolved. 
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 Studies of MCU flux to date including those used in the (Williams, Boyman et al. 

2013) meta-analysis contain the following significant flaws in their experiment design. 1) 

At low, physiological, extra-mitochondrial [Ca2+] ([Ca2+]extra,free) these studies often 

utilize unaccounted for Ca2+ buffers in the solutions such as EGTA. An additional error 

occurs with the calculation of MCU flux which has historically been taken as the 

derivative of the free Ca2+ in the bath solution. A measurement of MCU flux must be 

based on the total Ca2+ change in the extra-mitochondrial environment ([Ca2+]extra,Total). 2) 

Quantitative analysis of modulation of the MCU flux cannot be done (without making 

numerous assumptions) as the [Ca2+]m and  ΔΨm are often not measured. In order to do a 

complete mechanistic analysis of MCU flux [Ca2+]extra,free, [Ca2+]extra,Total, [Ca2+]m, and  

ΔΨm must be measured. Together, these data allow one to account for driving force 

changes that can drastically influence MCU activity. 3) Patch-clamp of inner 

mitochondrial membrane preparations, known as mitoplasts, have provided the most 

quantitive and complete analysis of MCU channel function. However these studies have 

relied on extremely high, non-physiological, [Ca2+]extra,free in order to generate sufficient 

current that can be recorded. Additionally, it is difficult to know if all of the constituents 

of the MCU complex remain associated with the channel in the mitoplast after the 

extremely harsh techniques necessary to generate these IMM vesicles (hypo-osmotic 

shock or high-pressure french press). The fluorescence based quantitative study presented 

here looks to achieve a more complete biophysical representation of mitochondrial Ca2+ 

uptake. This study aims to test the hypothesis that the MCU is a [Ca2+]i and  ΔΨm 

regulated channel in the heart. 
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 This investigation also aims to build upon our prior quantitative studies that 

showed mitochondrial Ca2+ uptake does not shape the [Ca2+]i transient or alter local Ca2+ 

sparks (Boyman, Chikando et al. 2014). We look to test the hypothesis that both cytosolic 

and mitochondrial Ca2+ signals occur with similar periodicity, and to characterize the 

[Ca2+]i dependence of [Ca2+]m dynamics. These new data build upon prior observations of 

[Ca2+]m dynamics in cardiomyocytes which identified local gradients of Ca2+ across 

single mitochondria, [Ca2+]m transients, during extremely low frequency pacing 0.1-0.2 

Hz (Lu, Ginsburg et al. 2013).  

Methods 

Isolation of adult cardiomyocyte. Isolated ventricular myocytes were obtained from 

adult male Sprague-Dawley rats (250-300 g). Rats were deeply anesthetized by inhalation 

of vaporized isoflurane and heparinized (720 U per Kg). Ten minutes after heparin was 

injected, the heart was rapidly excised and rinsed with ice cold 500 µM EGTA isolation 

buffer containing 130 mM NaCl, 5.4 mM KCl, 0.5 mM MgCl2, 0.33 mM NaH2PO4, 10 

mM D-glucose, 10 mM Taurine, 25 mM HEPES, and 0.01 unit/mL insulin (pH 7.4) 

(adjusted with NaOH). The aorta was quickly cannulated for Langendorff perfusion. The 

heart coronary arteries were perfused at 37 °C for 2 min with EGTA isolation buffer and 

then perfused for 7 min with isolation buffer supplemented with 1 mg/mL collagenase 

(type II; Worthington Bio-chemical, USA), 0.06 mg/mL protease (XIV), 0.06 mg/mL 

Trypsin, and 0.3 mM CaCl2. The ventricles were cut down, minced, and kept in the same 

buffer for additional 6 minutes at 36◦ C. The myocardium was dispersed to form a cell 

suspension, which was then filtered through a Nylon mesh filter (300 µm). The filtrate 
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was spun at 180 g and the cell containing pellet was resuspended in isolation buffer 

supplemented with 2 mg/mL BSA. Ca2+ was gradually added at 4 increments of 0.4 mM 

every 12 minutes. Cells were allowed to pellet by sedimentation, resuspended in NT 

solution, and were used within 4 hours of isolation. 

Cardiomyocyte [Ca2+]m and [Ca2+]i Measurements. Cardiomyocytes were perfused 

throughout experiments with a normal Tyrode's (NT) bath solution containing (in mM): 

KCl 5, HEPES 5, glucose 5.5, MgCl2 0.5, NaCl 140, NaH2PO4 0.33, CaCl2 1.8, and 

Cytochalasin-D 0.08, adjusted to pH 7.4 with NaOH. A whole-cell voltage-clamp 

protocol was used for electric triggering of [Ca2+]i transients (EPC10, HEKA Elektronik, 

Germany). The membrane potential of a patched cardiomyocyte was stepped from a 

holding potential of -80 mV to 0 mV for 100 ms every two seconds (0.5 Hz). Micro-

electrode pipettes (Series Resistance 1.7-2.2 MΩ ) were filled with an intracellular 

solution containing (in mM): KCl 20, K aspartate 100, tetraethylammonium chloride 20, 

HEPES 10, MgCl2 4.5, di-sodium ATP 4, di-sodium creatine phosphate 1, Rhod-2, 

Tripotassium Salt, 0.05, pH 7.2. To simultaneously measure [Ca2+]m and [Ca2+]i, confocal 

line-scan imaging was carried out along the transverse axes of a patch-clamped 

cardiomyoytes. [Ca2+]m was measured using a mitochondrially targeted Ca2+-sensitive 

fluorescent protein-probe MityCam, 48 hours after adenoviral transduction at 600 MOI 

(excited by the 488 nm Aragon laser line, emission 505-530 nm), [Ca2+]i was measured 

with the Ca2+-sensitive fluorescent indicator Rhod-2 (Tripotassium salt) dialyzed into the 

cytosol via the patch pipette (excited by the 543 nm Helium-neon laser line, emission 

570-650 nm). For calibration of the fluorescence signals, at the end of each trial the 
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patched cardiomyocyte was perfused sequentially with two calibration solution applied 

via a local micro-perfusion. The first solution was a NT solution devoid of Ca2+ (chelated 

with 5 mM EGTA) and supplemented with the Ca2+ ionophore, Ionomycin (2 µM). The 

second was a NT solution with 10 mM Ca2+ supplemented with Ionomycin (2 µM). For 

more details about the calibration please see (Boyman, Chikando et al. 2014). [Ca2+]i in 

µM was obtained from the measured Rhod-2 fluorescence (FRhod) according to the 

following: 

[Ca2+]i=Kd,R2[FRhod -FRhod,Min]/[FRhod,Max -FRhod]. 

where FRhod,Min is the fluorescence intensity of Rhod-2 in the absence of Ca2+ and 

FRhod,Max is the fluorescence of the Ca2+-saturated Rhod-2. The Ca2+ dissociation constant 

of Rhod-2 (Kd,R2) was taken as 2.5 µM (See Appendix II:  Extended Data Fig. 1 c). 

[Ca2+]m in µM was obtained from the measured MityCam fluorescence (FMityCam) 

according to the following: 

[Ca2+]m=Kd,MityCam[FMityCam,Max -FMityCam]/[FMityCam -FMityCam,Min]. 

where FMityCam,Max was the fluorescence intensity of MityCam in the absence of Ca2+, 

FMityCam,Min was the fluorescence of the Ca2+ saturated MityCam. The Ca2+ dissociation 

constant of MityCam (Kd,MityCam) was taken as 0.2 µM (See Fig. 3.1 d). 

Mitochondria isolation. 6-10 week old Sprague-Dawley rats (250-300 g) were 

anesthetized using Isofluorane (10 minutes) and administered heparin IP (720 U per Kg, 

5 minutes). A thoracotomy and fast excision of the heart was performed, with removal of 

the atria. The ventricles were minced in ice cold isolation buffer (IB) containing (in mM): 

KCl 100, MOPS 50, MgSO4 5, EGTA 2, NaPyruvate 10, K2HPO4 10. The minced tissue 
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is washed repeatedly with IB until clear of blood. The remainder of the preparation was 

conducted in a cold room (4 oC). 20 mL of IB containing tissue was transferred to a 

Potter-Elvehjem grinder and homogenized on high for 2 seconds followed by 4 

repetitions using a 1 micron clearance pestle on low. The homogenate was centrifuged for 

8 min at 600g after which the supernatant was transferred to a new centrifuge tube. The 

pellet was then resuspended with 10 mL IB, then centrifuged for 8 min at 600g. The 

second supernatant is pooled with the first and centrifuged again for 8 min at 600g. The 

final supernatant was transferred to a clean centrifuge tube and spun at 3200g for 8 min. 

The resulting supernatant was discarded and the pellet was considered the mitochondrial 

sample. The mitochondrial pellet was then resuspended in resuspension buffer base 

solution (RB) consisting of (in mM): KCl 100, MOPS 50, K2HPO4 1 or 10. RB1 was 

supplemented with NaPyruvate (10 mM) and with experiment specific acetoxymethyl 

(AM) ester forms of the calcium indicators Rhod-2 AM (3 µM) or Fura-2 AM (5 µM) or 

the pH indicator BCECF AM (10 µM) and EGTA (10-40 µM). Mitochondria were loaded 

with the respective dye for 30 min after which they were pelleted at 3200g for 8 min. The 

pellet was then resuspended in RB2 supplemented with NaPyruvate (1 mM) and 

depending on the experiment EGTA (0-40 µM) when no EGTA was used, 10 µM Fluo-4 

was present. Mitochondria in RB2 were pelleted at 3200g for 8 min. A third and final 

resuspension and pelleting was done using RB3 consisting of base and EGTA, (0-40 µM). 

When no EGTA was used, 10 µM Fluo-4 was present. The concentration of mitochondria 

in mg/mL was quantified by Lowry assay with a typical rat heart yielding ~15 mg 

mitochondrial protein. Mitochondria isolated from this preparation exhibited typical 
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respirometry outputs (Qubit MitoCell 37 oC - State 3: 178.4+/-10.6 nmol/mg/min, State 4 

+ Oligomycin A: 11.6+/- nmol/mg/min, RCR 12.3+/-1.46, Substrate 1 mM Pyruvate and 

0.5 mM Malate) and (Seahorse XFe96 Analyzer 37 oC - State 3: 110.2+/-11.5 nmol/mg/

min, State 4 + Oligomycin A: 11.6+/-2.6 nmol/mg/min, RCR 9.4+/-1.6, Substrate 10 mM 

Glutamate and 5 mM Malate).  

Measuring the dissociation constants of Ca2+ indicators. Ca2+ addition fluorescence 

titration curves were done to measure the dissociation constants (Kd) of the indicators 

used (See Extended Data Fig. 1). The Kd of Fluo-4, Fluo-4FF, and Rhod-2 were 

measured in the experimental buffers using the method by Eberhard M & Erne P 

(Eberhard and Erne 1991), (Extended Data Fig. 1 a-c). The Kd of Fura-2 loaded via their 

acetoxymethyl (AM) form into the matrix of isolated mitochondria was measured by 

using the Ca2+ ionophore Ionomycin to equilibrate the free mitochondrial Ca2+ ([Ca2+]m) 

with the free extra mitochondrial Ca2+ ([Ca2+]extra, free), (Extended Data Fig. 1 d).   

∆Ψm Calibration. TMRM was calibrated using the method developed by Scaduto and 

Grotyohann, (Scaduto and Grotyohann 1999), using different concentrations of 

mitochondria, as shown in Extended Data Fig. 2 a-d. TMRM was excited at 546 +/- 5 

nM and 573 +/- 5 nm, 593-643 emission. The TMRM ratio 573/546 was measured after 

titrating different amounts of the uncoupling compound 2,4-Dinitrophenol (DNP), see 

Extended Data Fig. 2 a. Mitochondria were pelleted and the concentration of free 

TMRM in the extra-mitochondrial solution ([TMRM]i) was measured for each DNP 

addition, see Extended Data Fig. 2 b. ∆Ψm was calculated based on the Nernstian 

relationship between the [TMRM]i and [TMRM]m where [TMRM]m, was obtained for 
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each DNP addition, see Extended Data Fig. 2 c, from the measured total concentration 

of TMRM in the buffer ([TMRM]total), measured [TMRM]i, and the TMRM binding 

coefficients identified in (Scaduto and Grotyohann 1999). The linear fit to the RTMRM vs 

∆Ψm, provided a linear calibration function for each mitochondrial concentration tested, 

see Extended Data Fig. 2 d . 

Measurements of mitochondrial Ca2+ influx. Measurements of mitochondrial Ca2+ 

influx were carried out using Stopped-Flow instrument (SF-300x, KinTek, USA). For 

physiological extra-mitochondrial free Ca2+ ([Ca2+]extra,free < 4 µM) experiments, Fura-2 

AM loaded mitochondria (4 mg per ml) in uptake assay buffer (ABu) were rapidly mixed 

by the Stopped-Flow with equal volume of uptake assay buffer (ABu) supplemented with 

Ca2+. Thereby, a step-wise increase of [Ca2+]extra,free occurs within 1 ms from about 50 nM 

to as high as 3 µM. The ABu consists of (in mM): KCl 130 (Trace Select, Sigma Aldrich), 

HEPES 20, Pyruvic acid 10, Malic acid 5, K2HPO4 1, and Fluo-4 0.003 (Pentapotassium 

Salt, Thermo Fisher), pH 7.2 with KOH. The ABu was made with analytical grade 

deionized water (OmniSolv® LC-MS, Sigma Aldrich) and contains less then 50 nM of 

residual [Ca2+]. Under these experimental conditions, Fluo-4 was the single significant 

buffer of extra-mitochondrial Ca2+. Therefore, Fluo-4 fluorescence can be used for 

measurements of [Ca2+]extra,free and the total extra-mitochondrial Ca2+ ([Ca2+]extra,Total) both 

in units of µM, using the following equations:                         

[Ca2+]extra,free = Kd,Fluo4 [FFluo-4 -FFluo-4,Min] / [FFluo-4,Max -FFluo-4] 

where FFluo-4,Min was the fluorescence intensity of Fluo-4 in the absence of calcium 

(measured with 2 mM of EGTA in the AB) and FFluo-4,Max was the fluorescence of the 
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calcium saturated Fluo-4 (measured with 2 mM [Ca2+] in the AB). The Ca2+ dissociation 

constant of Fluo-4 (Kd,Fluo4) was taken as 0.72 µM (See Extended Data Fig. 2).Fluo-4 

binds to Ca2+ with 1-to-1 stoichiometry, allowing the calculation of [Fluo-4:Ca2+] in units 

of µM: 

[Fluo-4: Ca2+] = [FFluo-4 -FFluo-4,Min] / [FFluo-4,Max -FFluo-4, Min] 

The sum of [Ca2+]extra,free and the concentration of Ca2+ bound to Fluo-4 ([Fluo-4:Ca2+]) 

yield the [Ca2+]extra,Total: 

[Ca2+]extra,Total = [Ca2+]extra,free + [Fluo-4:Ca2+] 

The first derivative of the time-dependent measured [Ca2+]extra,Total is the mitochondrial 

Ca2+ influx. In these experiments mitochondrial Ca2+ influx was completely blocked by 1 

µM of Ru360 and was therefore identified as MCU flux (Jmcu) and scaled to a liter of 

cardiomyocyte cytosol (µM s-1) (Williams, Boyman et al. 2013). To measure [Ca2+]m, 

mitochondria were loaded with Fura-2 AM (excited with 340 nM and 380nm, 491-501 

emission) signals were measured in parallel for each injection set. [Ca2+]m calibration was 

done using the following equation:  

[Ca2+]m = Kd,F2mβ[RF2 -FF2,Min]/[FF2,Max -FF2]  

where Kd,F2m = 0.26 µM, obtained as described above see Extended Data Fig. 1 d and β 

(F380,min/ F380,max) of 2.5-2.8 measured daily. Fura-2 RMax (340nm/380nm) and RMin were 

obtained daily for for both Stopped-Flow and plate-reader assays. TMRM was used to 

measure ∆Ψm  in mV (calibration described above). The total MCU Ca2+ conductance 

(Gmcu) was obtained from the measurements of Jmcu, [Ca2+]i, [Ca2+]m, and ∆Ψm according 

to the following: 
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Jmcu = Imcu /(2FVi), Imcu = Gmcu (∆Ψm-ECa2+) 

where Vi is the myoplasm volume, 18 pL, and ECa2+ is the Nernst reversal potential for 

Ca2+. The number of open MCU channels per mitochondrion (NPo) were obtained from 

the measurements of Jmcu, [Ca2+]i, [Ca2+]m, and ∆Ψm  according to the following: 

NPo = Gmcu/gmcu 

where gmcu is single channel MCU conductance (Kirichok, Krapivinsky et al. 2004). For 

experiments where [Ca2+]extra,free  was stepped to values between 4-12 µM, 1 µM Fluo-4FF 

(Kd,Fluo4FF = 21.6 µM, see Extended Data Fig. 2) was used instead of Fluo-4. These 

experiments were carried out with a lower concentration of mitochondria for only 5 

seconds (1 mg per ml post mix) with ABu supplemented with 10 µM of EGTA. Since 

EGTA is saturated with Ca2+ when the [Ca2+]extra,free is >3.5 µM, these experiments were 

analyzed in the same manner as the experiments with Fluo-4. Fluo-4 and Fluo-4FF were 

excited at 485 nm, 520-542 emission. Fura-2 was excited with 340 nM and 380nm, 

491-501 emission. TMRM was excited at 546 nM and 573 nm, 593-643 emission. 

Valinomycin ∆Ψm clamp: mitochondrial Ca2+ influx. ∆Ψm clamp experiments were 

carried out using a BMG LABTECH CLARIOstar plate reader. ∆Ψm clamp was achieved 

using valinomycin and a K+ gradient established between the mitochondria and the extra-

mitochondrial solution. Mitochondria were in the presence of 100 mM K+ for the ~3 hour 

isolation and were thus loaded to a steady-state level while the extra-mitochondrial 

solution was varied from 0 to 70 mM K+. No mitochondrial substrates were used for 

these assays. Two primary buffers were used (in mM): 1) K+ Free Buffer - Gluconic Acid 

130, Tetramethyl Ammonium Hydroxide 130, MgCl2 1, HEPES 20, and EGTA 0.01, pH 
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7.2 with HCl and 2) High K+ Buffer - KGluconate 130, KCl 5, MgCl2 1, HEPES 20, and 

EGTA 0.01 pH, 7.2 with KOH. Buffers were supplemented with 2 µM TMRM per 1 mg 

per mL mitochondrial protein. Valinomycin was used at a final concentration of 1 µM. 

The mitochondrial Ca2+ influx vs ∆Ψm assay was conducted with parallel measurement of 

TMRM and Ca2+ influx using Fluo-4FF (as described above) all experiments were 

conducted at a [Ca2+]extra,free of 15-17 µM. 

Radioactive 45Ca2+ binding assay. Radioactive 45Ca2+ was used to characterize the Ca2+ 

binding properties of isolated mitochondria (specific activity of 26.57 mCi/mg, 

ParkinElmer, USA). To prevent MCU Ca2+ uptake, mitochondria were treated with FCCP 

(1 µM) and Ru360 (5 µM) prior to and during the experiments. Titrations were done by 

additions of 2.5 µM “hot” Ca2+ and varying concentrations of “cold” Ca2+ in 0.5 mL of 

total volume. 5 minutes after addition of Ca2+, 5 µL of the mitochondria suspension was 

transferred to a scintillation tube and the mitochondria suspension was centrifuged in 

filtered centrifugal tubes with a molecular cut-off of 3 kDa (Amicon Ultra, Milipore, 

Ireland). Radioactivity in the 5 µL filtrate and in 5µL of the mitochondria suspension was 

analyzed via a scintillation counter (LS 3801, Beckman, USA). Radioactivity in 

mitochondria suspension was a measure of total Ca2+, the filtrate radioactivity was taken 

as was the free Ca2+ fraction, and the difference was taken as bound Ca2+. 

Statistics. All results are presented as mean ± s.e.m. All experiments were repeated 

independently with at least three separate sample preparations. Statistical analysis was 

performed using either OriginPro 2018 or Matlab R2016a statistical package all with α = 

0.05. Where appropriate, column analyses were performed using an unpaired, two-tailed 
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t-test (for two groups) or one-way ANOVA with Bonferroni correction (for groups of 

three or more). Data fitting convergence was achieved with a minimal termination 

tolerance of 10-6. P values less than 0.05 (95% confidence interval) were considered 

significant. All data displayed a normal distribution and variance was similar between 

groups for each evaluation. 

Results 

Measuring Cardiomyocyte [Ca2+]m Dynamics  

 The ability of mitochondria to sense changes in [Ca2+]i and subsequently undergo 

a reciprocal change of [Ca2+]m level is critical for any hypothesis in which [Ca2+]m 

regulates mitochondrial metabolism. To investigate the [Ca2+]m signaling range in healthy 

cardiomyocytes undergoing excitation-contraction coupling, we utilized the genetically 

encoded mitochondrially targeted sensor MityCam, see Fig. 3.1 a. As previously shown 

in (Lu, Ginsburg et al. 2013, Boyman, Chikando et al. 2014) MityCam localizes within 

the mitochondrial matrix and displays a similar brick-like mitochondrial pattern as the 

potentiometric dye TMRM, see Fig. 3.1 b. We found that MityCam responds well to 

cellular [Ca2+]i signals, as shown in Fig 3.1 c, where 10 mM caffeine-evoked SR Ca2+ 

release yields a rise in [Ca2+]m as indicated by MityCam fluorescence. Note that 

MityCam’s fluorescence intensity decreases when bound with Ca2+. We carried out our 

own test of MityCam’s  Ca2+ dissociation constant, Kd,MityCam, of 198 nM see Fig. 3.1 d, 

using the protocol described in (Lu, Ginsburg et al. 2013). We were unable to reproduce 

Ru360 mediated effects on intact cardiomyocytes as the drug appeared to be impermeable 

to cells in our hands (Lu, Ginsburg et al. 2013).  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Figure 3.1. MityCam; a mitochondrial targeted Ca2+-sensitive fluorescent-protein 
probe expressed in heart muscle cells  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Figure 3.1. MityCam; a mitochondrial targeted Ca2+-sensitive fluorescent-protein probe 
expressed in heart muscle cells. a)AiryScan image of a cardiomyocyte after 48 hrs infection 
with adenoviral MityCam 600 MOI. b) Confocal image of a cardiomyocyte loaded with 50 nM 
TMRM. c) Top; Confocal line-image from an intact cardiomyocyte expressing MityCam, 
Bottom; The time-course of changes in [Ca2+]m from the confocal florescence measurements. 
Caffeine (10 mM) was applied for 10 seconds via a local a micro-perfusion system to rapidly 
trigger Ca2+ release from the sarcoplasmic reticulum at the indicated times (highlighted with 
gray shading). d) MityCam fluorescence versus [Ca2+]m . Note that MityCam emission 
decreases when bound to Ca2+. Measurements are with Saponin-permeabilized cardiomyocytes, 
[Ca2+]m is set using the Ca2+ ionophore Ionomycin (2 µM). The Extracellular (bath) solution 
contains Rhod-2 (Tripotassium Salt, cell impermeant) to measure the bath [Ca2+], a proton 
ionophore Carbonyl cyanide m-chlorophenyl hydrazone (CCCP, 500 nM) to set the 
mitochondrial pH, rotenone (400 nM) to block the ETC and the production of ROS, and 
oligomycin (5 mM) to block reverse-mode consumption of ATP by the ATP synthase, pH 7.8. 
Fit line is a single-site binding model (n = 30 cells).



Cardiomyocyte [Ca2+]i and [Ca2+]m Dynamics 

 Whole-cell voltage clamp experiments were utilized to simultaneously measure 

[Ca2+]i (Rhod-2 Tripotassium Salt) and [Ca2+]m (MityCam) signals during ECC. The 

protocol displayed in Fig. 3.2 a was used to test patched cardiomyocytes expressing 

MityCam across conditions of quiescence, 0.5 Hz pacing, and finally pacing in the 

presence of the β-adrenergic agonist isoproterenol. Each phase of the protocol should 

result in an increasing rise in [Ca2+]i signal, and produce a corresponding rise in [Ca2+]m. 

Representative line-scans of MityCam and Rhod2 fluorescence, taken on the transverse 

axis of the cardiomyocyte, are displayed in Fig. 3.2 b. The corresponding representative 

time-course of calibrated [Ca2+]i and [Ca2+]m are displayed in Fig. 3.2 c; the inset shows a 

step-wise increase in [Ca2+]m upon initiation of 0.5 Hz pacing. A total of 9 

cardiomyocytes were tested with this protocol, each assessed for MityCam and Rhod2 

response to Ca2+ free and high Ca2+ solution as described in the methods. We find, see 

Fig. 3.2 d, that [Ca2+]m in the quiescent patched cardiomyocyte is ~200 nM, similar to 

100-150 nM measured in (Lu, Ginsburg et al. 2013, Boyman, Chikando et al. 2014),  

while the [Ca2+]i is ~150 nM. With the initiation of 0.5 Hz electric field stimulation both 

the time-averaged [Ca2+]i and [Ca2+]m rise to steady-state 350 nM and 500 nM levels, 

respectively, see Fig. 3.2 d. Isoproterenol induces a further rise in [Ca2+]i to over 500 nM 

with a corresponding rise in [Ca2+]m to a new steady state of 600 nM, see Fig. 3.2 d. Prior 

studies identified the presence of [Ca2+]m  transients, a ~ 30 nM gradient between the 

region of the mitochondria nearest the m-lines and the region nearest the z-lines during 

low frequency 0.1-0.2 Hz pacing (Lu, Ginsburg et al. 2013). To investigate the presence 
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of [Ca2+]m  transient in our experiments, we assessed the frequency dependence of both 

the Rhod2 and MityCam signals. Averaged power analysis after applying a Fast Fourier 

transform of both Rhod2 and MityCam signals is displayed in Fig. 3.2 e-f, respectively. 

Note the periodicity of the Rhod2 pacing traces, with peaks every 0.5 Hz, as expected for 

the [Ca2+]i transients, while MityCam shows no distinct power over this frequency  range.  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Figure 3.2. [Ca2+]m  dynamics  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Figure 3.2. [Ca2+]m  dynamics. a, Protocol: To stimulate [Ca2+]i transients the membrane 
potential was stepped repeatedly from a holding level of -80 mV to 0 mV every 2 seconds. 
Isoproterenol (500 nM) was applied at the times indicated. b, Confocal line-scan images from a 
cardiomyocyte expressing MityCam; top panels showing the fluorescence of Rhod-2 
(Tripotassium salt, loaded via the patch-clamp pipette), lower panels showing MityCam 
fluorescence. Note that the fluorescent emission from MityCam decreases when bound with 
Ca2+. c, The time-course of changes in [Ca2+]i and [Ca2+]m from the respective fluorescent 
measurements shown in panel b. d, Time averaged [Ca2+]m vs. time averaged [Ca2+]i (n= 9 
cells).  e-f, Fast Fourier transform showing the frequency composition of [Ca2+]i and [Ca2+]m 
signals (n= 9 cells). 



Mitochondrial Ca2+ Uptake - Physiological Ca2+ levels 

 The positive relationship between cardiomyocyte [Ca2+]i and [Ca2+]m level 

indicates that heart mitochondria are sensitive to changes in workload through [Ca2+]i 

signaling. However, it remains unclear if mitochondria respond preferentially to local 

micro-domains of [Ca2+]i nearest to the CRUs. Such preferential regulation would be 

expected should mitochondrial Ca2+ uptake display allosteric modulation by [Ca2+]i (i.e. 

the “gate-keeping” hypothesis). To test for the [Ca2+]i threshold dependence of 

mitochondrial Ca2+ uptake, a principle component of the “gate-keeping” hypothesis, we 

set out to quantitatively measure mitochondrial Ca2+ uptake at physiological [Ca2+]i. This 

was achieved using Stopped-Flow fluorometry to measure in sequence [Ca2+]extra,free, 

[Ca2+]extra,Total, [Ca2+]m, and ∆Ψm. Figure 3.3 a-c shows color matched representative 

traces of [Ca2+]extra,free, [Ca2+]m, [Ca2+]extra,Total, and ∆Ψm (inset of Fig. 3.3 b) over the 

range of free [Ca2+]extra,free of 500 nM to 3 µM. Note that the range of [Ca2+]extra,Total is 

actually of 1.6 µM to 5.4 µM for these experiments. This difference highlights the 

importance of using visible buffers (no EGTA) for mitochondrial Ca2+ uptake tests in the 

physiological [Ca2+]i range, in this case 3 µM [Fluo4], see methods for more detail. 

Another critical note for these assays is the need to assess the influence of internal 

filtration effect on your optical system. We found that the Stopped-Flow generated a 

linear rise in Fmax up to ~4-5 µM [Fluo4] and chose to work with 3 µM to be avoid non-

linear loss of Fmax signal. All data in Fig. 3.3 is fit empirically to quadratic equations to 

generate the least squared fits. Mitochondrial Ca2+ uptake is termed Jmcu, as the changes 

in Ca2+ are fully inhibited by 1 µM Ru360 see Fig 3.3 a grey trace. The derivative with 
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respect to time of the fits to [Ca2+]extra,Total are shown in Fig 3.3 d; note that the flux 

appears to decrease as [Ca2+]extra,free declines and [Ca2+]m rises. Throughout the 20 

seconds of each test there is no marked change in ∆Ψm (inset of Fig. 3.3 b), which 

remains hyper-polarized in the -170 to -180 mV range. 

Figure 3.3. Mitochondrial Ca2+ uptake - Physiological [Ca2+]i Range 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Figure 3.3. Mitochondrial Ca2+ uptake - Physiological [Ca2+]i Range.  
a, Representative time-dependent measurement of extra-mitochondrial free Ca2+ (i.e., 
[Ca2+]extra,free). b, corresponding time-dependent measurement of matrix free Ca2+ (i.e., [Ca2+]m). 
Inset showing the corresponding time-dependent measurement of ΔΨm. c, corresponding time-
dependent measurement of total extra-mitochondrial Ca2+ ([Ca2+]extra,Total). d, MCU Ca2+ influx 
(Jmcu, from the measurements of [Ca2+]extra,Total).



Mitochondrial Ca2+ Uptake - Supra-physiological Ca2+ levels 

 The ends of mitochondria nearest the SR Ca2+ release sites, the CRU, are thought 

to be exposed to elevated [Ca2+]i of 4-10 µM. Investigating the dependance of 

mitochondrial Ca2+ uptake in this range should allow the observation of potential 

sigmoidal behavior sif the MCU undergoes allosteric modulation by [Ca2+]i, a tenant of 

the “gate-keeping” hypothesis. We quantitatively measured mitochondrial Ca2+ uptake at 

supra-physiological [Ca2+]i, using Stopped-Flow fluorometry to measure in sequence 

[Ca2+]extra,free, [Ca2+]extra,Total, [Ca2+]m, and ∆Ψm. Figure 3.4 a-c shows color matched 

representative traces of [Ca2+]extra,free, [Ca2+]m, [Ca2+]extra,Total, and ∆Ψm (inset of Fig. 3.4 

b) over the range of free [Ca2+]extra,free of 3.9 µM to ~12 µM. Note that the range of 

[Ca2+]extra,Total (not including the Ca2+ bound to EGTA as it is not dynamic over this range 

of [Ca2+]extra,free) is closer to the [Ca2+]extra,free in this case as only 1 µM Fluo4-FF is used. 

[Ca2+]extra,free and [Ca2+]extra,Total data in Fig. 3.4 are fit to linear lines while [Ca2+]m and 

∆Ψm are fit empirically to quadratic equations to generate the least squared fits. 

Mitochondrial Ca2+ uptake is termed Jmcu, as the changes in Ca2+ are fully inhibited by 1 

µM Ru360, see Fig 3.4 a grey trace. The derivative with respect to time of the fits to 

[Ca2+]extra,Total are shown in Fig 3.4 d. Throughout the 5 seconds of each test there is slight 

depolarization of ∆Ψm (inset of Fig. 3.4 b), which is still highly negative but now in the 

-155 to -170 mV range.  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Figure 3.4. Mitochondrial Ca2+ uptake - Supra-physiological [Ca2+]i Range 
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Figure 3.4. Mitochondrial Ca2+ uptake - Supra-physiological [Ca2+]i Range.  
a, Representative time-dependent measurement of extra-mitochondrial free Ca2+ (i.e., 
[Ca2+]extra,free). b, corresponding time-dependent measurement of matrix free Ca2+ (i.e., [Ca2+]m). 
Inset showing the corresponding time-dependent measurement of ΔΨm. c, corresponding time-
dependent measurement of total extra-mitochondrial Ca2+ ([Ca2+]extra,Total). d, MCU Ca2+ influx 
(Jmcu, from the measurements of [Ca2+]extra,Total).



[Ca2+]i Dependence of Mitochondrial [Ca2+]i Uptake 

 To assess the influence of [Ca2+]i on MCU function we combined flux data from 

physiological [Ca2+]i and supra-physiological [Ca2+]i tests, amounting to a total of n = 63 

evaluations. These tests spanned from [Ca2+]i < 500 nM to [Ca2+]i ~12 µM. Figure 3.5 a 

shows Jmcu fit well to a linear function, with a slope of 1.2. In order to remove the 

influence of thermodynamics on MCU activity, each Jmcu measurement was converted to 

a current and normalized to its driving force (equivalent to ∆Ψm - ECa); this is a measure 

of conductance, G, which scaled to the minimal measured conductance, see Fig 3.5 b. 

These data again show a linear relationship between Gmcu/Gmcu,min and [Ca2+]i. To go one 

step further, we utilized our measurements of [Ca2+]extra,free and published mitoplast data 

that identified the overall Ca2+ half-activation constant of 19 mM for MCU to estimate 

single channel conductance, gmcu for our system (Kirichok, Krapivinsky et al. 2004). 

Thereby, NPo  can be calculated as Gmcu/gmcu for each measurement. This is displayed as 

a function of [Ca2+]extra,free in Fig. 3.5 c. Note how MCU NPo is hardly increased over the 

range of investigated [Ca2+]extra,free; as denoted by the linear fit with a positive slope of 

only 0.116. These results provide quantitative evidence that cardiac MCU is not 

allosterically regulated by [Ca2+]i, and indicate that mitochondrial Ca2+ uptake is simply a 

function of thermodynamics.  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Figure 3.5. Analysis of [Ca2+]i dependence on MCU Activity  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Figure 3.5. Analysis of [Ca2+]i dependence on MCU Activity. a, Jmcu measurements vs. [Ca2+]i 
(y= 1.2*x from numerous experiments represented in Figures 3.3 and 3.4, n= 63). b, The Ca2+ 

conductance of MCU vs. [Ca2+]i (y= 6.76*x+0.3 from numerous experiments represented in 
Figures 3.3 and 3.4, n= 63). c, The number of open MCUs vs. [Ca2+]i (y= 0.116*x+7.48 from 
numerous experiments represented in Figures 3.3 and 3.4, n = 63)



Influence of Voltage on Mitochondrial Ca2+ Uptake 

 The absence of allosteric [Ca2+]extra,free sensitivity to MCU mediated mitochondrial 

Ca2+ uptake prompted us to explore other potential regulators of the channel. We used a 

modified plate-reader version of our supra-physiological [Ca2+]i assay to assess 

mitochondrial Ca2+ uptake at different ∆Ψm. In this assay, described in detail in the 

methods section, we used valinomycin and K+ gradients to establish different ∆Ψm. 

Figure 3.6 a depicts averaged traces of [Ca2+]extra,free decline over time for three different 

∆Ψm groups, -155 mV in blue, -122 mV in red, and -92 mV in black, as well as -155 mV 

+ 1 µM Ru360 in grey. While the single channel analysis of MCU by (Kirichok, 

Krapivinsky et al. 2004) showed a robust ~10 fold reduction in MCU Po over a similar 

voltage range, we found a ~2 fold reduction in Jmcu. This reduction in Jmcu corresponds 

well with the ~1.7 fold reduction in driving force due to depolarization of ∆Ψm. These 

data further support the hypothesis that activity of the MCU is driven by thermodynamics 

and not allosteric or voltage sensitive molecular changes.  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Figure 3.6. Mitochondrial Ca2+ uptake - ΔΨm Sensitivity 
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Figure 3.6. Mitochondrial Ca2+ uptake - ΔΨm Sensitivity. a, Averaged time-course of [Ca2+]i 
following injection of Ca2+, using valinomycin and K+ gradients to set ΔΨm and 14-16 µM of 
[Ca2+]extra,free to initiate mitochondrial Ca2+ uptake (n = 6 for Ru360, n= 4, 7, 4 for  ΔΨm = -155, 
-122, -92 mV groups, respectively). b, Jmcu, vs. ΔΨm for the experiments shown in panel a (n = 6 
for Ru360, n= 4, 7, 4 for  ΔΨm = -155, -122, -95 mV groups, respectively).



Ca2+ Binding to Mitochondrial Lipids vs. Mitochondrial Ca2+ Uptake 

 To ensure that the measurements of mitochondrial Ca2+ uptake presented above 

are true measurements of Jmcu and not a result of another binding process, we conducted 

radioactive 45Ca2+ binding assays. These experiments were conducted using mitochondria 

pre-treated with 5 µM Ru360 and 1 µM FCCP (drugs remained present throughout the 

assay) to prevent mitochondrial Ca2+ uptake, see methods for more details. Our 

experiments using solutions with and without Mg2+ showed a low affinity binding of Ca2+ 

to mitochondrial membranes, as expected for lipid binding both with a Ca2+ dissociation 

constant of ~45 µM both with and without Mg2+, see Fig. 3.7 a. To place these binding 

data in the context of Jmcu, we converted Jmcu to units of nmole Ca2+ removed from the 

extra-mitochondrial solution per mg mitochondrial protein over a single second. This 

analysis shows that Jmcu is at least 2 orders of magnitude greater than mitochondrial 

membrane binding across the range of [Ca2+]extra,free examined, see Fig. 3.7 b (and note 

that the axis are logarithmic). These data suggest that all Jmcu presented above is a true 

representation of MCU activity and not a derivative of mitochondrial lipids binding Ca2+ 

or any other invisible Ca2+ buffer within our preparation.  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Figure 3.7. Characterization of Ca2+ binding to mitochondria 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Figure 3.7. Characterization of Ca2+ binding to mitochondria. a, The amount of Ca2+ bound 
to mitochondria as measured by 45Ca2+ titration curve.  Extra mitochondrial free Ca2+ ([Ca2+]extra, 
free) is taken as the total added [Ca2+] minus bound [Ca2+] (Red circles. n=6 repetitions, Black 
circles. n=9 repetitions, 2-3 mitochondria preparations). To prevent MCU Ca2+ uptake, 
mitochondria were treated with FCCP (1 µM) and Ru360 (5 µM) prior to and during the 
experiments.  Fit lines are to a single (non-cooperative) binding site model. b, Quantitative 
comparison of mitochondria Ca2+ binding (Black and Red circles from panel a) and the amounts 
of MCU Ca2+ uptake within 1 second (blue circles, taken from Figure 3.5 a).  Note that the Y 
axis is logarithmic. 



Discussion 

 A novel investigation of cardiac mitochondrial Ca2+ uptake and cardiomyocyte 

[Ca2+]m dynamics has been presented. This study builds upon our previous interest in the  

widely-held hypothesis that mitochondria can shape [Ca2+]i signals, while our own 

pharmacological and laser induced depolarization of ΔΨm did not alter the global [Ca2+]i 

transient nor properties of local Ca2+ sparks (Boyman, Chikando et al. 2014). In the 

current study, we characterized the physiological range of [Ca2+]m in cardiomyocytes 

undergoing excitation-contraction coupling. These data are critical to shaping our 

understanding of how [Ca2+]m signals may regulate mitochondrial function. Additionally, 

our current work provides a thorough quantitative measurement of mitochondrial Ca2+ 

uptake and allows for complete thermodynamic analysis of the process. These data build 

upon concepts presented in (Williams, Boyman et al. 2013), however we provide primary 

new data with biophysical analysis of the Jmcu with limited assumptions, as all necessary 

parameters are now measured. The unique quantitative results outlined above suggest 

that: 1) cardiac mitochondrial Ca2+ uptake is a low-pass filter of [Ca2+]i signals, 2) the 

open probability of MCU is low and not allosterically modulated by [Ca2+]i, and 3) MCU 

activity is less sensitive to changes in ΔΨm than previously reported. These findings 

suggest that [Ca2+]m is unlikely to be modulated on a beat-to-beat basis and that [Ca2+]m is 

likely less sensitive to [Ca2+]i microdomains than previously anticipated. Mitochondrial 

Ca2+ signaling in heart is a tightly controlled system under physiological conditions that 

limits wide-swings in [Ca2+]m. 
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Cardiomyocyte [Ca2+]m Dynamics 

 The ability of mitochondria to respond to changes in cellular energy usage 

requires a signal from the cytosolic environment to the mitochondria. The identity of such 

a signal remains a controversial topic in the mitochondrial research field, with groups 

suggesting it is a change in metabolites such as adenosine diphosphate (ADP), inorganic 

phosphate (Pi), or adenosine triphosphate (ATP) (Chance and Williams 1955, Beard 

2006, Vinnakota, Bazil et al. 2016). Others suggest that since ADP concentrations do not 

appear to change, the signal must be another molecule, such as Ca2+ (Balaban, Kantor et 

al. 1986, Balaban 2002, Glancy and Balaban 2012). To test the hypothesis that [Ca2+]m 

changes in response to physiological alterations in excitation-contraction coupling we 

simultaneously measured and calibrated both [Ca2+]i and [Ca2+]m signals in patched 

cardiomyocytes. Our data confirmed that [Ca2+]m in the quiescent myocyte is low, nearly 

equivalent to the resting [Ca2+]i. With the initiation of 0.5 Hz electrical stimulation, we 

saw a rise in [Ca2+]m that reached a maximum of 600 nM when pacing was conducted in 

the presence of isoproterenol. These data corresponded well with the time-averaged 

[Ca2+]i level that also started at ~150 nM during quiescence and rose to ~500 nM during 

pacing in the presence of isoproterenol. This [Ca2+]m signaling range is a lower than the 

proposed range of sensitivity of mitochondrial TCA dehydrogenases (in the ~10-20 µM 

range) (Denton, Randle et al. 1972, Denton, Richards et al. 1978, McCormack and 

Denton 1979). However, it remains unclear what the overall sensitivity of mitochondrial 

ATP production is to [Ca2+]m, as quantitative measurements have yet to be presented in 

the literature. 
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 Cardiac muscle cells are highly organized, with specific regions of the cellular 

anatomy tuned for local regulation. Ca2+ signaling in particular is highly dependent on the 

local architecture of the cardiomyocyte; this includes the formation and termination of the 

Ca2+ spark (Niggli and Lederer 1990, Stern 1992, Cheng, Lederer et al. 1993, Laver, 

Kong et al. 2013, Stern, Rios et al. 2013), myofilament sensitivity to the [Ca2+]i gradient 

across the sarcomere (Previs, Prosser et al. 2015), and has been proposed to play a role in 

the mitochondria through the formation of [Ca2+]m transients (Lu, Ginsburg et al. 2013). 

Our measurement of both [Ca2+]i and [Ca2+]m during excitation-contraction coupling 

allowed us to analyze the frequency dependence of both signals by applying a Fast 

Fourier Transform to convert the signals to the frequency domain. In this case the [Ca2+]i 

transients serve as an ideal control highlighting perfect periodicity of 0.5 Hz electrical 

stimulation. However, we saw no such frequency dependence of the [Ca2+]m signal, 

suggesting an absence of [Ca2+]m transients matching beat-to-beat with the [Ca2+]i 

transients. These data suggest that the mitochondria act as a low-pass filtered version of 

the [Ca2+]i and are not tuned to adapt abruptly to changes in [Ca2+]i on a beat-to-beat 

basis. It remains unclear if such a signal can inform the mitochondria of energy needs of 

the cardiomyocyte and induce a change in mitochondrial function. 

Regulation of Mitochondrial Ca2+ Uptake 

 There have been numerous studies investigating mitochondrial Ca2+ uptake dating 

back more than 50 years. However, to the best of our knowledge, none have measured a 

true Jmcu as shown in the above data, which must be based off of the changes in 

[Ca2+]extra,Total within the bath over the physiological range of [Ca2+]extra,free. Most studies 
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utilize buffers such as EGTA to limit [Ca2+]m rise throughout the isolation procedure and 

while the mitochondria wait in assay buffer. In the low, physiological [Ca2+]i range, this 

would result in the observation of little to no Jmcu, when in fact there is mitochondrial 

Ca2+ uptake. Such an experimental flaw could lead to the hypothesis that a [Ca2+]i 

threshold exists prior to which no mitochondrial Ca2+ uptake occurs, a key component of 

the “gate-keeping” hypothesis.  Additionally, all of our Jmcu dependence on [Ca2+]extra,free 

data is well fit to the simplest of functions, a linear line. This is in direct contradiction to 

many studies attempting to show [Ca2+]i dependent allosteric modulation of MCU 

activity by fitting data to sigmoidal curves (Mallilankaraman, Doonan et al. 2012). 

Particularly this is true the data presented in (Paillard, Csordas et al. 2017), in which both 

cardiac and liver mitochondria were tested, where the data could be represented as well 

or better if fit to a linear line. Measuring time-dependent changes of [Ca2+]extra,free, 

[Ca2+]extra,Total, [Ca2+]m, and ΔΨm allowed us to go one step further in our analysis and 

normalize  Jmcu to the driving force for Ca2+ entry, giving a measure of conductance for 

the MCU within our system. Again, we saw a linear relationship between conductance 

and [Ca2+]extra,free, providing no sign of allosteric regulation. Our final effort in this 

analysis was to utilize the single channel MCU conductance relationship reported by 

(Kirichok, Krapivinsky et al. 2004) to normalize our measured Gmcu by an estimated 

single channel conductance gmcu. The result of Gmcu/gmcu gives an estimate of NPo which 

if plotted as a function of [Ca2+]extra,free shows only a slight positive relationship. These 

data and analysis do not support the hypothesis that MCU activity is allosterically 

regulated by [Ca2+]extra,free. It remains difficult to correlate isolated mitochondria Jmcu with 

�118



mitoplast Imcu, as the mitoplast current seems to be much larger than would be anticipated 

by isolated mitochondria tests, see (Williams, Boyman et al. 2013). Because the mitoplast 

isolation requires a harsh protocol, it is possible that some MCU complex components are 

lost upon removal of the outer mitochondrial membrane. Additionally, these currents are 

obtained using extremely high [Ca2+]extra,free, which may induce nonlinear effects. There is 

also always a risk of pipette leak when conducting electrophysiology experiments, which 

may also contribute to larger currents recorded. 

 Another key difference between the data presented above and that in the field is 

the influence of ΔΨm on MCU activity. We find that Jmcu decreases linearly with 

depolarization of ΔΨm (causing a reduction in the driving force for mitochondrial Ca2+ 

uptake). Our data supports, the hypothesis that Jmcu changes are directly proportional to 

driving force changes. This is in contradiction with prior mitoplast single MCU channel 

recordings that displayed a massive ~10 fold drop in MCU Po over a similar ΔΨm range 

(Kirichok, Krapivinsky et al. 2004, Michels, Khan et al. 2009). While the Jmcu data 

presented above is the result of a population of mitochondria exposed to ~15 µM 

[Ca2+]extra,free, single channel recordings require substantially more Ca2+ to generate a 

measurable current. It is possible that the currents at low potential are too small to 

accurately measure at the single channel level and, again, leak in the system may 

influence these results.  

 The time-dependent measurements of MCU flux in the data presented above show 

fluxes that are either linear (5 second experiment) over time or declining (20 second 

experiment) over time, see Figs. 3.3 d and 3.4 d. This suggests that as [Ca2+]m rises and 
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[Ca2+]extra,free declines over the course of the experiment, Jmcu becomes sensitive to loss of 

driving force. This is in agreement with prior reports by the Clapham laboratory 

suggesting the MCU is not inhibited by [Ca2+]m over the tested range of 100 nM to 10 

µM, although their data was not shown (Kirichok, Krapivinsky et al. 2004). However, a 

recent report by the Foskett laboratory suggested MCU does undergo [Ca2+]m-dependent 

inactivation by a mechanism that requires the C-terminus of EMRE (Vais, 

Mallilankaraman et al. 2016). Their data suggested a biphasic relationship in which 

mitoplast MCU current is inactivated, to ~25% initial, as [Ca2+]m levels rise to ~400 nM 

in the pipette, this inactivation was lost at [Ca2+]m above 400 nM. Future work is needed 

to further validate [Ca2+]m-dependent inactivation, ideally using multiple techniques in 

addition to mitoplast measurements alone. 

Future Challenges 

 There is a need for better molecular tools to assess the presence of MCU complex 

components in primary cells such as cardiomyocytes. Current antibodies contain 

substantial non-specific binding that limit use to a small number of groups that have 

access to numerous control cell lines. Additionally, it is unclear how MCU activity is 

modulated by different post-translation modifications, such as phosphorylation, S-

nitrosylation, and oxidation. Prior studies of this subject matter have been met with 

substantial skepticism (Joiner, Koval et al. 2012, Fieni, Johnson et al. 2014). Of particular 

importance is conducting knock-out studies of the various MCU complex components 

using more quantitative biophysical techniques to accurately determine the role of these 

proteins in channel function. This has started to occur with the increased use of the 
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patched-mitoplast electrophysiology technique. A complete biophysical characterization 

of the mitochondrial Na+/Li+/Ca2+ exchanger (NCLX) is also of critical importance, 

particularly in heart where cardiac specific conditional knock-out of the transporter in 

adult mice led to spontaneous death within 2-3 weeks (Luongo, Lambert et al. 2017). The 

balance of Jmcu and Jnclx determine the steady-state [Ca2+]m level, making it critical to 

understand how these fluxes are regulated in both physiological and pathophysiological 

conditions. Additional work is needed to characterize Ca2+ buffers within the 

mitochondrial matrix, as they are important determinants of the time-delay between Ca2+ 

signaling in the cytosol and in the mitochondria. While abnormally elevated [Ca2+]m is 

associated with necrotic cell death through a ROS and mitochondrial permeability 

transition pathway, it is unclear what magnitude constitutes abnormally elevated [Ca2+]m. 

What [Ca2+]m is too high for mitochondria to function properly and is this level the same 

in healthy vs. disease states and between tissue types? Further studies are needed to 

clarify this important pathophysiological pathway. 
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Chapter 4 - Mitochondrial ATP Production is Regulated Throughout The Effects of 

Calcium on the Mitochondrial Inner Membrane Potential  1

Abstract 

 ATP-Synthase catalyzes one of the most important biochemical reactions in the 

cell converting adenosine diphosphate (ADP), inorganic phosphate (Pi), and water into 

the cellular energy currency Adenosine triphosphate (ATP). This reaction is the endpoint 

of what is known as oxidative phosphorylation, the establishment of the electrochemical 

proton-motive force across the inner mitochondrial membrane (IMM) through a series of 

oxidative-reduction reactions in the tri-carboxylic acid (TCA) cycle and electron 

transport chain (ETC) followed by the use of this energy gradient to power ATP 

generation. The ability of mitochondria to modulate their synthesis rate of ATP is of huge 

importance in metabolically active organs such as heart. Previous studies have identified 

Ca2+-sensitive enzymes in the TCA cycle that could in theory lead to the faster reduction 

of critical electron donating molecules within the mitochondria. In fact, nearly every 

aspect of mitochondrial metabolism has been proposed to contain one or more proteins 

with activity modified by the available Ca2+ in the mitochondrial matrix ([Ca2+]m). To 

date, quantitative studies measuring [Ca2+]m and associated changes in ATP production 

have not been conducted, leaving the magnitude of [Ca2+]m needed to stimulate oxidative 

phosphorylation and the specific biophysical mechanisms that enhance ATP synthesis 

unclear. The proton-motive driving force that supports ATP-Synthase has never been 

observed to change in a manner that would promote regulation of energy production, 

 Wescott AP, Kao JP, Lederer WJ, Boyman L. Manuscript in Preparation1
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leaving the field of mitochondrial bioenergetics searching for possible allosteric 

regulators of ATP Synthase such as [Ca2+]m and other factors. This study employs 

quantitative experiments to test the hypothesis that [Ca2+]m stimulates ATP production, 

and identifies a novel biophysical mechanism to explain dynamic energy production by 

mitochondria. Here, [Ca2+]m is shown to modulate mitochondrial ATP synthesis by 

potentiating ΔΨm in energy-producing mitochondria. This system takes advantage of the 

voltage-sensitivity of ATP Synthase, which we demonstrate to be in the ideal range for 

physiological signaling. This pathway, shown to be critical for physiological adaptation to 

increases in workload, in cardiomyocytes. 

Introduction 

 The heart undergoes abrupt and extreme changes in workload while maintaining 

near constant levels of ATP. Mitochondria serve to fill this physiological need, with 

~10,000 mitochondria occupying nearly a third of the cardiomyocyte volume, the highest 

mitochondrial volume fraction of all mammalian cell types (Barth, Stammler et al. 1992). 

Given the importance of ATP homeostasis and its disruption in cardiac disease, the 

regulation of mitochondrial ATP production has been an area of active research for many 

decades. While the physiological mechanism that underlies dynamic regulation of ATP 

production remains unclear, critical elements of this mechanism have been identified. 

This has led to two central yet opposing hypotheses that the current study aims to 

quantitatively test. According to one, [Ca2+]m is the predominant regulator of 

mitochondrial metabolism and influences nearly every enzymatic step in ATP production, 

including direct allosteric activation of ATP-Synthase (Balaban 2002, Glancy and 
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Balaban 2012). The second view suggests that [Ca2+]m has at most a minor role, with the 

hydrolysis end-products of ATP (i.e., ADP and Pi) acting as the predominant regulators of 

ATP-Synthase in the working heart (Chance and Williams 1955, Papa, Quagliariello et al. 

1970, Lemasters and Sowers 1979, Vinnakota, Bazil et al. 2016). 

 Protons (H+) flow through ATP-Synthase, across the IMM, and down their 

electrochemical gradient, generating a current that provides the energy to synthesize ATP. 

The electric gradient (ΔΨm) provides the majority of the energy potential, roughly 85%, 

while the chemical proton gradient (∆pHm) provides the rest (Nicholls and Ferguson 

2013). This large energy potential across the IMM is termed the proton-motive force; it is 

a direct result of electron and hydrogen chemiosmotic transfer, and is the coupling factor 

responsible for phosphorylation of ADP to ATP within the mitochondrion (Mitchell 

1961). The proton-motive force may change during physiological cellular activity. An 

increase of the proton-motive force would lead to increased thermodynamic force 

powering the ATP-Synthase. Thermodynamic support of ATP production can also 

increase if the availability of substrates for ATP synthesis, ADP ([ADP]m) and Pi ([Pi]m) 

increases in the mitochondrial matrix, or if the proton-motive force increases.  

 In a seminal series of studies in 1955, Chance and Williams proposed that the 

most plausible dynamic regulator of oxidative phosphorylation is the availability of ADP 

to the mitochondria (Chance and Williams 1955, Chance and Williams 1955, Chance and 

Williams 1955, Chance and Williams 1955, Chance, Williams et al. 1955). This work 

relied on measurements of oxygen consumption by isolated liver mitochondria in 

suspension, where they found that addition of ADP causes an abrupt surge in oxygen 
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consumption in about one second, with an apparent Km of 20-30 𝜇M ADP (Chance and 

Williams 1955). These results were affirmed by numerous subsequent reports in other 

tissues, some of which measured as much as a 10-20 fold increase of mitochondrial 

respiration following addition of ADP (Bishop and Atkinson 1984). Additional studies 

using this technology reported that Pi also stimulates mitochondrial respiration 

(Lemasters and Sowers 1979, Vinnakota, Bazil et al. 2016). To better understand the 

influence of high-energy metabolite changes during cellular work, numerous whole-heart 

31P NMR studies have been conducted, with conflicting results. Some groups reported a 

2-3 fold substrate dependent increase in [ADP] after increased workload (From, Petein et 

al. 1986, From, Zimmer et al. 1990). Other groups suggested that [ADP] does not change 

in response to workload alterations (Balaban, Kantor et al. 1986, Katz, Swain et al. 1989).  

 With no consensus regarding high-energy metabolite dynamics in the working 

heart, alternative hypotheses were proposed for the regulation of mitochondrial ATP 

production, many of which focused on a role for [Ca2+]m. Regulatory actions of Ca2+ in 

the mitochondrial matrix were first identified in the 1970s. In these studies, McCormack 

J.G., Denton R.M., and their co-workers tested a number of enzymatic reactions using 

mitochondrial enzyme extractions in search of enzymatic reactions with sensitivity to 

regulation by Ca2+. Pyruvate dehydrogenase (PDH) was found to be regulated by 

physiological low micro-molar [Ca2+], as well as two dehydrogenases of the tricarboxylic 

acid (TCA) cycle; isocitrate dehydrogenase (ICDH) and 𝛼-ketoglutarate dehydrogenase 

(KDH) (Denton, Randle et al. 1972, Denton, Richards et al. 1978, McCormack and 

Denton 1979). These findings implied that a rise in [Ca2+]m would stimulate the TCA 

�125



cycle, accelerating the reduction of Nicotinamide Adenine Dinucleotide (NAD+) to form 

NADH, which provides the chemical energy used by complex I, NADH dehydrogenase, 

of the ETC. Thus, by stimulating NADH production, [Ca2+]m  could regulate the rate of 

proton pumping by the ETC and influence the proton-motive force that powers the ATP-

Synthase. 

 More recent investigations into the role of [Ca2+]m dynamics in cardiac 

physiology using genetic mouse models lacking MCU provide a strong link to earlier 

biochemical studies (Pan, Liu et al. 2013, Luongo, Lambert et al. 2015). In both global 

MCU knockout and cardiac specific MCU knockout, physiological PDH activity was 

impaired, particularly in the cardiac specific model during times of increased energetic 

demand, such as during β-adrenergic signaling (Pan, Liu et al. 2013, Luongo, Lambert et 

al. 2015). Thus, it appears reasonable that stimulation of NADH production by increases 

in [Ca2+]m contributes to regulation of ATP production. However, if NADH were to act as 

the primary pathway stimulating mitochondrial ATP production at times of need, NADH 

would need to rise beyond its basal levels. A rise in NADH would then provide higher 

chemical energy and electron availability to the ETC to boost the proton-motive force. 

However, such findings have not been reported, and the relative contribution and the 

importance of this pathway amongst others remains unclear. In fact, the primary 

conclusion of numerous experimental studies is that the level of mitochondrial NADH 

does not increase following a physiological increase in whole-heart, isolated trabeculae, 

or single cardiomyocyte workload (Katz, Koretsky et al. 1987, Heineman and Balaban 

1993, Brandes and Bers 1996, Brandes and Bers 1997, Brandes and Bers 1999, Brandes 
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and Bers 2002, Maack, Cortassa et al. 2006). Thus, the effects of [Ca2+]m on the dynamics 

of NADH suggest one of two possibilities: 1) NADH changes are not the primary 

mechanism responsible for the stimulation of ATP production, or 2) NADH, as measured 

by cellular autofluorescence is not a true indicator of NADH and is perhaps a composite 

signal of other metabolically sensitive molecules.  

 The fundamental question remains; how does mitochondrial physiology adapt 

during times of need to allow for increased mitochondrial ATP generation? This is a 

critical cellular phenomenon that must occur if the cellular system is to come to steady-

state during sustained periods of work where ATP production and consumption are 

equivalent. Dynamic control of the proton-motive force would give the mitochondria the 

capability to respond to strenuous cellular activity. However to date, the major 

component of the proton-motive force, which is the negative voltage gradient across the 

IMM (i.e., ΔΨm), has not been shown to become more negative (i.e., hyperpolarize) in 

response to altered energy demand. Studies have been conducted in a range of cell types 

and each report ΔΨm depolarization in response to: antagonist stimulation in 

neuroblastoma cells (Loew, Carrington et al. 1994), cortical neurons firing (Gerencser, 

Chinopoulos et al. 2012), increase in cardiac workload (Wan, Doumen et al. 1993), or no 

change in ΔΨm as shown in contracting cardiomyocytes following 𝛽-adrenergic 

stimulation (Maack, Cortassa et al. 2006). If indeed the proton-motive force declines 

when cellular activity and ATP demand rise, then another mechanism must exist to 

stimulate ATP production, such as direct modulation of ATP-Synthase activity, as 

discussed in Chapter 1.   
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 The study presented here implements a novel set of quantitative tools to explore 

the mechanism of dynamic energy production by mitochondria. We test the hypothesis 

that mitochondrial ATP production is influenced by [Ca2+]m, providing the first 

concurrent measurements of [Ca2+]m and ATP generation. We further test the relationship 

between ATP production rate and ATP-Synthase reactants ADP and Pi, in conjunction 

with [Ca2+]m. Our data provide quantitative support for the Denton-McCormick 

hypothesis, identifying the TCA cycle as the predominant site of [Ca2+]m sensitive 

metabolic steps. We find no evidence for [Ca2+]m sensitivity of mitochondrial enzymes 

responsible for β-oxidation or of ETC complexes II-V. A unique cardiomyocyte in gel 

system was developed to assess mitochondrial and contractile function under conditions 

of increased load, which highlighted the importance of [Ca2+]m-dependent regulation of 

mitochondrial function. In order to dissect the biophysical mechanism by which [Ca2+]m 

exerts a positive influence on ATP synthesis, the relationship between [Ca2+]m and the 

proton-motive force was characterized. These experiments led to identification of 4 key 

findings: 1) [Ca2+]m causes a 2-fold increase in ATP production rate, with a half-

activation constant of 0.6 µM, regardless of the available ADP and Pi, 2) [Ca2+]m acts by 

limiting ΔΨm depolarization in response to ADP to the amount of ~20 mV, 3) [Ca2+]m 

must rise within the mitochondria in advance of the ADP stimulus, 4) 20 mV potential 

energy is insufficient for a 2-fold increase in ATP synthesis purely by thermodynamics, 

however we find that ATP-Synthase kinetics is highly sensitive to voltage in the range 

modified by physiological [Ca2+]m. Our data provide the first quantitative support of a 

novel mechanism by which mitochondria are primed for ATP generation by a rise in 
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[Ca2+]m, enabling the organelles to respond just-in-time to small rises in cellular ADP 

likely to occur during increased cardiac workload.  

Methods 

Isolation of adult cardiomyocyte. Isolated ventricular myocytes were obtained using the 

method described in the Chapter 3 methods section. 

Mitochondria isolation. Mitochondria were isolated using the protocol described in the 

Chapter 3 methods section. Critical for the metabolic assays described below is the use of 

adenine nucleotide depleted mitochondria. Adenine nucleotide depletion is achieved by 

the presence of pyruvate in the early stages of the mitochondrial isolation procedure. 

Measuring the dissociation constants of Ca2+ indicators. The Kd of Fura-2 and Rhod-2 

loaded via their acetoxymethyl (AM) form into the matrix of isolated mitochondria was 

measured by using the Ca2+ ionophore Ionomycin to equilibrate the free mitochondrial 

Ca2+([Ca2+]m) with the free extra mitochondrial Ca2+ ([Ca2+]extra, free),  see Extended Data 

Fig.1 d.   

Measurements of mitochondrial ATP production & [Ca2+]m. Measurements of 

mitochondrial ATP production rate and [Ca2+]m were carried out using a BMG 

LABTECH CLARIOstar plate reader. Rhod-2 AM loaded mitochondria (0.1 mg per mL) 

were mixed in ATP production assay buffer (AB) consisting of (in mM): KGluconate 130, 

KCl 5, K2HPO4 1 or 10, MgCl2 1, HEPES 10, EGTA 0.04, BSA 0.5 mg/mL, D-Luciferin 

(Sigma) 0.005, Luciferase (Roche) 0.001 mg/mL. A luminescence standard curve was 

performed for each day of experimentation over a range of 100 nM to 1 mM ATP with 

Oligomycin A (15 µM) treated mitochondria, see Extended Data Fig. 3 a (inset) and c. 
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The mitochondria were incubated for 2 minutes prior to the start of the assay with Ca2+ 

(0-50 µM added) and metabolic substrates. Assays were initiated by injection of 100 µL 

of ADP (50-500 µM) and luciferin/luciferase in AB to bring the final volume to 200 µL. 

Luminescence signal was recorded for 20 seconds with 1 second integration, see 

Extended Data Fig. 3 a. In the absence of ADP only ~10 nM ATP is present in the 

system. An automated sequence was used to assess each well first for luminescence then 

subsequently for fluorescence, see Extended Data Fig. 3 b. ATP production rates were 

scaled to a liter of cardiomyocyte cytosol (µM s-1) (Williams, Boyman et al. 2013), see 

Extended Data Fig. 3 d. [Ca2+]m was measured via Rhod-2 fluorescence (excitation: 

554+/-4 nm, emission: 607+/-24 nm) with a FMax and FMin obtained for each day of 

experimentation (Rhod-2: FMin 2 mM EGTA, FMax 2 mM Ca2+). [Ca2+]m calibration was 

done (Kd,R2m = 1.74 µM, obtained as described above, see Extended Data Fig. 3 d) with 

the following equation: 

[Ca2+]m = Kd,R2m[FRhod -FRhod,Min]/[FRhod,Max -FRhod].  

Critical for each isolated mitochondria test was the purification of ADP stocks. Briefly, 

NaADP (Sigma) or KADP (Sigma) were dissolved in a reaction buffer containing (in 

mM): NaADP or K ADP 500, Glucose 10, Tris 50, MgCl2 5, and 50 U/mL Hexokinase, 

pH 7.4. The reaction was given 1 hour at 30 oC after which the solution was filtered using 

filtered centrifugal tubes with a molecular cut-off of 3 kDa (Amicon Ultra, Milipore, 

Ireland). The concentration of the ADP stock was re-assessed by measuring absorbance at 

260 nm and using an extinction coefficient of 15,400 M−1cm−1 in the Beer–Lambert law. 
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Measurements of ∆Ψm & [Ca2+]m. Measurements of ∆Ψm and [Ca2+]m were carried out 

using either a BMG LABTECH CLARIOstar plate reader or Stopped-Flow instrument 

(SF-300x, KinTek, USA). In these experiments, Fura-2 AM loaded mitochondria (0.25 

mg per mL) were mixed in ATP production assay buffer (AB) without BSA and 

supplemented with 2 µM TMRM per 1 mg per mL mitochondrial protein. The 

CLARIOstar was used for experiments testing ∆Ψm depolarization over a range of both 

Ca2+ (0-50 µM added) and ADP (0-500 µM) using Pyruvate (1 mM) and Malate (0.5 

mM) for substrate. After a 2 minute incubation with substrate and Ca2+, assays were 

initiated by injection of 100 µL of ADP to bring the final volume to 200 µL. TMRM 

(excitation: 546+/-4 nM and 573+/-5 nm, emission: 619+/-15 nm) and Fura-2 (excitation: 

335+/-6 nM and 380+/-6 nm, emission: 490+/-15 nm) fluorescence were measured within 

the same well for 20 seconds.  Stopped flow measurements are done using using the same 

buffers and 3 distinct protocols. Protocol 1 - mitochondria were pre-incubated for 2 

minutes with Ca2+ and then stimulated with 500 µM ADP. Protocol 2 - Ca2+-free 

mitochondria were simultaneously stimulated with 500 µM ADP and enough Ca2+ to raise 

[Ca2+]m to 1.5 µM. Protocol 3 - Ca2+-free mitochondria were pre-mixed with 500 µM 

ADP followed by mixing with high Ca2+ and constant 500 µM ADP. All 3 protocols were 

executed for 20 seconds. TMRM (excited with 546 nM and 573 nm, 593-643 emission) 

and Fura-2 (excited with 340 nM and 380nm, 491-501 nm emission) signals were 

measured in parallel for each injection set. [Ca2+]m Fura-2 calibration was done as 

described in Chapter 3 methods. TMRM was calibrated as described in the Chapter 3 

methods.  
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Measurements of pHm & [Ca2+]m.  Measurements of pHm and [Ca2+]m were carried out 

using a BMG LABTECH CLARIOstar plate reader. In these experiments, Rhod-2 AM 

and BCECF AM co-loaded mitochondria (0.25 mg per mL) were mixed in AB. The 

mitochondria were incubated for 2 minutes prior to the start of the assay with Ca2+ (0-50 

µM added) and Pyruvate (1 mM) and Malate (0.5 mM). Assays were initiated by 

injection of 100 µL of ADP (0 or 500 µM) in AB to bring the final volume to 200 µL. 

BCECF ratio 500 nm/440 nm (BCECF - excitation: 430+/-5 nm and 500+/-5 nm, 

emission: 540+/-10 nm) and Rhod-2 signals were recorded for 20 seconds. FMax and FMin 

were obtained on each experiment day for each indicator (BCECF: FMin pH = 4.5, FMax 

pH= 9). The pKa of BCECF-AM in isolated mitochondria was determined to be 7.26 

using mitochondria treated with 1 µM FCCP and allowed to equilibrate with the extra-

mitochondrial pH using an array of different pH buffers (see Extended Data Fig. 4 b for 

excitation and emission spectra and, see Extended Data Fig. 4 b for data fit to a 

Michaelis–Menten equation. Acid-loading experiments using iso-osmotic solutions of 

NaAcetate were done to ensure BCECF-AM remained within the mitochondria, see 

Extended Data Fig. 4 d. 

Encapsulation of cardiomyocytes in a resistive hydrogel and measurements of ∆𝚿m 

and sarcomere length.  The 14% Poly vinyl alcohol (PVA) hydrogel was prepared fresh 

on each day of experimentation, 14 g PVA was dissolved in 100 mL NT solution by 

stirring at 90 ◦C, then spun down at 200g to remove air and kept at 25 ◦C. Equal volumes 

of isolated cardiomyocyte suspension and PVA hydrogel were mixed on the glass bottom 

of a plastic imaging chamber (Lab-Tek™ Chambered No 1 Coverglass) and 

�132



supplemented with cell-to-gel linker to a final concentration of 7.5% linker (i.e., 4-armed 

PEG-boronic acid, see SI for synthesis details). Prior to mixing of cardiomyocytes with 

the hydrogel, the cells were incubated for 20 minutes in NT solution (36◦C) supplemented 

with 50 nM TMRM. This NT solution contained Pyruvate (1 mM) and Malate (0.5 mM), 

or diAM-Succinate (Succinic acid diacetoxymethyl ester, 10 µM) and rotenone (5 µM). 

Incubations and subsequent experiments were done in solutions of the same composition. 

The hydrogel was given 4 minutes to cross-link after which the imaging chamber was 

connected to electric stimulation wires and placed inside a microscope stage-top 

incubator (INU TIZW, TOKAI HIT, Japan). The system was given 10 minutes of 

incubation at 36 ◦C. Confocal measurements of ∆Ψm using TMRM and simultaneous 

video-based myocyte sarcomere length measurements were then performed. Line-scan 

confocal imaging was carried out, scanning every 10 ms along the traverse axis of a 

single cardiomyocyte with the 561 laser line (Zeiss 880 Airyscan, Germany). Sarcomere 

length measurements from a live video image at a frame rate of 300 Hz were carried out 

using a 900B:VSL system (Aurora Scientific, Canada). Field electrical stimulation (40 

Volt/cm) triggered contraction at either 1 Hz or 8 Hz using MyoPacer (ION optix, USA). 

Valinomycin ∆Ψm clamp: mitochondrial ATP production.  ∆Ψm clamp experiments 

were carried out using a BMG LABTECH CLARIOstar plate reader. ∆Ψm clamp were 

achieved using valinomycin and a K+ gradient established between the mitochondria and 

the extra-mitochondrial solution. Mitochondria were in the presence of 100 mM K+ for 

the ~3 hour isolation procedure and were thus loaded to a steady-state level while the 

extra-mitochondrial solution was varied from 0 to 70 mM K+. No mitochondrial 
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substrates were used for this assay. Two primary buffers were used (in mM): 1) K+ Free 

Buffer - Gluconic Acid 130, Tetramethyl Ammonium Hydroxide 130, NaH2PO4 1, MgCl2 

1, HEPES 20, and EGTA 0.04, pH 7.2 with HCl and 2) High K+ Buffer - KGluconate 

130, KCl 5, NaH2PO4 1, MgCl2 1, HEPES 20, and EGTA 0.04 pH, 7.2 with KOH. 

Buffers were supplemented with Valinomycin 1 µM, D-Luciferin (Sigma) 0.005, 

Luciferase (Roche) 0.001 mg/mL and 2 µM TMRM per 1 mg per mL mitochondrial 

protein. Mitochondria (0.5 µL of 100 mg per mL) were added to a well and re-suspended 

with a desired [K+]. One injector was used to add a desired amount of K+-free buffer, 

bringing the volume of the well to 190 µL. TMRM measurement was recorded for 30 s to 

allow the mitochondria to establish a steady-state ∆Ψm.  ATP production was initiated by 

an injection of 10 µL 10 mM ADP (500 µM final) and 2 s mixing. Luminescence was 

measured for 15 s with 1 second integration. A final TMRM measurement was recorded 

to ensure no change in ∆Ψm over the course of the experiment. 

Statistics. All results are presented as mean ± s.e.m. All experiments were repeated 

independently with at least three separate sample preparations. Statistical analysis was 

performed using either OriginPro 2018 or Matlab R2016a statistical package, all with α = 

0.05. When appropriate, column analyses were performed using an unpaired, two-tailed t-

test (for two groups) or one-way ANOVA with Bonferroni correction (for groups of three 

or more). Data fitting convergence was achieved with a minimal termination tolerance of 

10-6. P values less than 0.05 (95% confidence interval) were considered significant. All 

data displayed a normal distribution and variance was similar between groups for each 

evaluation.  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Results  

Measuring the [Ca2+]m-dependency of Mitochondrial ATP Production 

 Mitochondria may sense changes in cardiac energy consumption that manifests as 

a result of greater frequency or magnitude [Ca2+]i transients through altered [Ca2+]m. To 

better understand the role of [Ca2+]m in the regulation of mitochondrial metabolism we 

developed a novel ATP production assay in which both [Ca2+]m and ATP production can 

be directly measured, see Extended Data Fig. 3 a. Luciferase/luciferin luminescence was 

shown to be linear over a range of [ATP] from 100 nM to 50 µM. Over this range of 

[ATP], the luminescent signal was also time-stable, a critical feature of the assay as many 

luminescence assays exhibit flash kinetics in which the luminescence decays rapidly over 

time, see Extended Data Fig. 3 a and c.  

 To assess the influence of numerous critical metabolites and Ca2+, mitochondrial 

ATP production was measured over a range of [ADP], a range of [Ca2+]m, and with 1 or 

10 mM [Pi]. Three-dimensional surface maps were generated to highlight the influence of 

both the available [ADP] (x-axis) and [Ca2+]m (y-axis) on ATP production rate (z-axis) as 

shown in Figure 4.1 a-b. We find a ~2-fold increase in ATP production rate in response 

to [Ca2+]m independent of the available [ADP] or [Pi], see Figure 4.1 a-b and Figure 4.2 

a-b. Similarly, we find a ~1.5-fold increase in ATP production rate in response to 

increases in [ADP], see Figure 4.1 a-b and Figure 4.2 a-b. Surprisingly, we did not find 

a positive influence of increased [Pi] on mitochondrial ATP production; when we subtract 

our results with 10 mM [Pi] from our results with 1 mM [Pi] we show little to no 

difference, with no positive influence, see Figure 4.1 c. It is important to note that 

�135



mitochondria were in the presence of either 1 or 10 mM [Pi] throughout the isolation as 

well as the assay. Analysis of our data indicates that the half-activation constant for 

[Ca2+]m stimulation of ATP production is ~0.6 µM regardless of the available [ADP] or 

[Pi], see Figure 4.2 c. Additionally, we find the half-activation constant of ATP 

production for available [ADP] to be ~20 µM regardless of the available [Ca2+]m or [Pi], 

see Figure 4.2 d. These data indicate that both [ADP] and [Ca2+]m are critical but 

independent regulators of ATP production.  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Figure 4.1. [Ca2+]m  amplifies ATP production  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Figure 4.1. [Ca2+]m  amplifies ATP production.   a, Mitochondrial ATP production rates and 
their mutual dependencies on [Ca2+]m and ADP at 1 mM PO4 (n= 142: 37, 38, 38, 29 for 500, 
250, 100, 50 µM ADP, respectively). and b, 10 mM PO4 (n= 127: 28, 27, 30, 42 for 500, 250, 
100, 50 µM ADP, respectively). c, The difference in mitochondrial ATP production rates 
between 1 mM PO4 and 10 mM PO4 (surface plot of a minus b).



Figure 4.2. Quantification of [Ca2+]m  Stimulation of ATP production  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Figure 4.2. Quantification of [Ca2+]m  Stimulation of ATP production.  a, Mitochondrial ATP 
production rates and their dependency on ADP at 1 mM of PO4 when [Ca2+]m  is < 200 nM 
(black circles, n= 5, 3, 3, 3 for 500, 250, 100, 50 µM ADP, respectively) or > 2 µM (blue 
circles, n= 9, 6, 7, 8 for 500, 250, 100, 50 µM ADP, respectively). Data is fit to Michaelis–
Menten equation. b, Mitochondrial ATP production rates and their dependency on ADP at 10 
mM of PO4 when [Ca2+]m  is < 200 nM (grey circles, n= 7, 3, 6, 8 for 500, 250, 100, 50 µM 
ADP, respectively) or 2 µM (light blue circles, n= 5, 5, 7, 5 for 500, 250, 100, 50 µM ADP, 
respectively). c, The levels of [Ca2+]m at which ATP production rate is half maximal expressed 
as the Michaelis constant K0.5,[Ca2+]m. d, The levels of added ADP at which ATP production rate 
is half maximal expressed as the Michaelis constant K0.5,ADP. * P < 0.05, ** P<0.01, *** 
P<0.001.



Identification of [Ca2+]m-regulated Sites of Mitochondrial Metabolism 

 There are numerous enzymatic reaction and biochemical pathways that converge 

on the mitochondria to facilitate metabolism. We tested a number of these pathways at 

low (<200 nM) and physiologically high (> 2 µM) [Ca2+]m. Mitochondrial ATP 

production is again observed to increase ~2-fold in response to physiological [Ca2+]m 

when pyruvate and malate (1 and 0.5 mM, respectively) are used to support oxidative 

phosphorylation, see Figure 4.3 a. An alternative acetyl-CoA-, NADH-, and FADH2-

generating pathway, mitochondrial β-oxidation using palmitoylcarnitine and malate (50 

µM and 2 mM, respectively) ,was tested and displayed no evidence for [Ca2+]m 

sensitivity, see Figure 4.3 b. We continued into the TCA cycle to assess the regulatory 

effects of [Ca2+]m on KDH and found a ~1.5 fold increase in ATP production in response 

to physiological [Ca2+]m when glutamate and malate (1 and 0.5 mM, respectively) are 

used to support oxidative phosphorylation, see Figure 4.3 c. The use of succinate and the 

complex I inhibitor rotenone (1 mM and 1 µM, respectively) allowed us to test the 

influence of complex II of the ETC and onward; interestingly no effect of [Ca2+]m was 

observed, see Figure 4.3 d. We delved further along the ETC using the compound N, N, 

N′, N′-tetramethyl-p-phenylenediamine (TMPD) and the reducing agent ascorbate (0.5 

and 1 mM, respectively) to directly donate electrons to cytochrome c. In this case only 

complex IV is utilized for proton-pumping, and interestingly we again saw no influence 

of [Ca2+]m on ATP synthesis, see Figure 4.3 e. These data and signaling pathways are 

outlined diagrammatically in Figure 4.3, and suggest the influence of physiological 

[Ca2+]m is to be limited to the TCA cycle for stimulation of mitochondria ATP production.  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Figure 4.3. [Ca2+]m  sensitive sites of mitochondrial metabolism  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Figure 4.3. [Ca2+]m  sensitive sites of mitochondrial metabolism.   a, ATP production rates at 
low [Ca2+]m (<200 nm, black bar) and high [Ca2+]m (>2 µM, blue bar) using Pyruvate (1 mM) 
and Malate (0.5 mM) as substrate (n= 10 & 17, low & high), or b, using Palmitoylcarnitine (50 
µM) and Malate (2.5 mM) as substrate (n= 12 & 8, low & high), or c, using Glutamate (1 mM) 
and Malate (0.5 mM) as substrate (n= 10 & 17, low & high), or d, using Rotenone (5 µM, to 
block complex 1) and Succinate (1 mM) as substrate (n= 11 & 18, low & high), or e, using 
TMPD (1 mM) and Ascorbate (1 mM) as direct electron donors to Cytochrome C (n= 11 & 12, 
low & high) for h-l. Abbreviations used in the diagram: PDH, Pyruvate dehydrogenase; TCA, 
Tricarboxylic acid; CI, Complex I; CII, Complex II; CIII, Complex III; CIV, Complex IV; CV, 
Complex V; Q, Ubiquinone; C, Cytochrome c. *** P<0.001.



Influence of [Ca2+]m on the  ΔΨm Component of the Proton-Motive Force 

 The robust influence of [Ca2+]m on mitochondrial ATP production prompted us to 

investigate the biophysical mechanism that underlies this enhanced ability to generate 

energy. We repeated the ATP production assay presented above only in this case measured 

[Ca2+]m and ΔΨm instead of ATP. A three-dimensional surface map was generated to 

highlight the influence of both the available [ADP] (x-axis) and [Ca2+]m (y-axis) on 

steady-state ΔΨm (z-axis) as shown in Figure 4.4 a. Steady-state ΔΨm was defined as the 

endpoint voltage take 20 seconds after the addition of ADP. We found that ADP induced a 

dramatic dose-dependent depolarization of ΔΨm, and that the amount of depolarization 

was reduced in a graded fashion by [Ca2+]m, see Figure 4.4 a. We found that the ΔΨm 

depolarization was inhibited across every ADP addition by the presence of 15 µM 

Oligomycin A to inhibit ATP-Synthase, see red trace in Figure 4.4 b.  Grouping these 

these data by low (<200 nM) [Ca2+]m and physiologically high (> 2 µM) [Ca2+]m allows 

observation of the effect of [Ca2+]m on the “operating voltage” of energy producing 

mitochondria, see blue and black traces in Figure 4.4 b. When exposed to saturating 

amounts of ADP we find that mitochondria with low [Ca2+]m have a steady-state ΔΨm of 

~ -125 mV, while mitochondria with physiologically high [Ca2+]m operate at a more 

negative steady-state ΔΨm of ~ -145 mV, see blue and black traces in Figure 4.4 b. We 

found the ΔΨm half-restoration constant for [Ca2+]m to be ~ 0.4 µM, see Figure 4.4 c, 

similar to the half-activation constant for ATP production. Interestingly, we found the the 

ΔΨm half-depolarization constant for ADP to be ~ 15 µM, see Figure 4.4 d. This suggests 
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that mitochondrial bioenergetic function is even more sensitive to [ADP] changes than 

previously identified in our ATP production data and prior respiration studies. 

Figure 4.4. [Ca2+]m  potentiates 𝚫𝚿m during ATP production  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Figure 4.4. [Ca2+]m  potentiates 𝚫𝚿m during ATP production.   a, Steady-state ΔΨm and its 
mutual dependency on [Ca2+]m and ADP  (n= 133: 27, 21, 20, 25, 18, 22 for 500, 250, 100, 50, 
25, 0 µM ADP, respectively). b, Steady-state ΔΨm and its dependence on ADP when [Ca2+]m  is 
< 200 nM (black circles, n= 12, 14, 20, 16, 42, 24 for 500, 250, 100, 50, 25, 0 µM ADP, 
respectively), or is > 2 µM (blue circles, n= 10, 6, 5, 11, 6, 15 for 500, 250, 100, 50, 25, 0 µM 
ADP, respectively), or in the presence of 15 µM Oligomycin A (red circles, n= 14, 18, 18, 17, 
18, 12 for 500, 250, 100, 50, 25, 0 µM ADP, respectively). Data is fit to Michaelis–Menten 
equation. c, The levels of [Ca2+]m at which ΔΨm  loss is half maximal expressed as the Michaelis 
constant K0.5[Ca2+]m.  d, The levels of added ADP at which ΔΨm loss is half maximal expressed as 
the Michaelis constant K0.5ADP. * P < 0.05, ** P<0.01, *** P<0.001.



 While the above data show an increase in thermodynamic driving force for ATP 

synthesis in mitochondria with physiological [Ca2+]m the sequence dependence of [Ca2+]m 

and ADP signals remained unclear. To better evaluate the dependence, we performed a 

number of protocols on a Stopped-Flow system to obtain high temporal resolution of the 

ΔΨm depolarization. The first protocol was a repetition of the prior plate-reader tests in 

which mitochondria were pre-incubated with different amounts of Ca2+ and pyruvate and 

malate for 2 minutes before rapid mixing with 500 µM ADP, see Figure 4.5 a top panel. 

Again we saw robust ΔΨm depolarization, see Figure 4.5 a middle panel, with a graded 

reduction with increasing [Ca2+]m, see Figure 4.5 a bottom panel. However, when we 

used protocol 2 in which Ca2+ was added at the same time as ADP, we saw no difference 

between the with and without [Ca2+]m groups, see Figure 4.5 b. Interestingly, the [Ca2+]m 

reached similar levels in protocol 2 to those in protocol 1, see Figure 4.5 a and b bottom 

panels, however there was no effect on ΔΨm depolarization in protocol 2. A third protocol 

was tested in which mitochondria were stimulated with 500 µM ADP for 10 seconds prior 

to the addition of Ca2+ while maintaining 500 µM ADP stimulation, see Figure 4.5 c.  

The addition of Ca2+ was able to raise [Ca2+]m to ~2 µM, however no hyperpolarization 

was observed; instead, the mitochondria continued to slightly depolarize,  see Figure 4.5 

c. Depolarization magnitude (ΔΨm,20s-ΔΨm,0s), quantified in Figure 4.5 d, highlights the 

importance of [Ca2+]m  availability prior to ADP. We found no significant difference in 

the rate of depolarization for any group as assessed by the single exponential rate 

constants quantified in Figure 4.5 e. While physiological [Ca2+]m (0.5-3 µM) can reduce 

ΔΨm depolarization it appears critical that [Ca2+]m accumulates prior to a rise in ADP.  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Figure 4.5. Stimulus sequence of [Ca2+]m  potentiation of 𝚫𝚿m 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Figure 4.5. Stimulus sequence of [Ca2+]m  potentiation of 𝚫𝚿m. a, Averaged time-course of 
ΔΨm and [Ca2+]m following rapid mixing of [Ca2+]m pre-loaded mitochondria with 500 µM of 
ADP, Protocol 1 (n= 8, 3, 6, 8, 4 for increasing [Ca2+]m groups, respectively). b, Averaged time-
course of changes in ΔΨm and [Ca2+]m following rapid mixing of mitochondria with high Ca2+ 
and 500 µM of ADP, Protocol 2 (n= 8 & 7 for  with Ca2+ and without Ca2+ groups, respectively). 
c,  Averaged time-course of changes in ΔΨm and [Ca2+]m using mitochondria pre-mixed with 
500 µM of ADP for 10 seconds and then rapidly mixed with high Ca2+ while maintaining 500 
µM of ADP stimulation, Protocol 3 (n= 6). d, The magnitude of ΔΨm  depolarization in 
experiments a-c. e, Exponential rate constant of  ΔΨm  depolarization in experiments a-b. * P < 
0.05, ** P<0.01, *** P<0.001. * is relative to 50 nM [Ca2+]m  protocol 1, # is relative to 
protocol 2.



Influence of [Ca2+]m on the ΔpH Component of the Proton-Motive Force 

 [Ca2+]m-dependent changes in ΔΨm were limited to a ~20 mV increase in potential 

difference across the IMM of ATP-producing mitochondria, which is thermodynamically 

insufficient to account for the ~2-fold rise in ATP production by these mitochondria. 

Therefore, we investigated the change in pHm to identify if any further thermodynamic 

support arose from alteration of the second component of the proton-motive force, ΔpH. 

We utilized the pH-sensitive dye BCECF-AM in combination with the Ca2+-sensitive dye 

Rhod 2-AM. The choice of BCECF-AM is critical as it is well-retained in mitochondria 

compared to other pH-sensitive dyes such as C-SNARF- AM. Through a series of acid-

loading experiments using iso-osmotic additions of Na-Acetate pH 7.2 to acidify the 

mitochondrial matrix we verified that BCECF was inside our mitochondria and sensitive 

to changes in pHm, see Extended Data Fig. 4 c. Using BCECF, we found that the pHm in 

idling (non-ATP producing) mitochondria was slightly more alkaline than 7.75 for both 

mitochondria with low (<200 nM) and physiologically high (> 2 µM) [Ca2+]m, shown in 

Figure 4.6 a. The pHm in mitochondria stimulated to produce ATP with 500 µM ADP was 

found to be ~7.72 for mitochondria with low [Ca2+]m and slightly more acidic than 7.75 

for mitochondria with physiologically high (> 2 µM) [Ca2+]m, shown in Figure 4.6 b.  We 

found no statistical difference among any groups, see quantification in Figure 4.6 c. 

These data suggest that alterations in pHm do not occur in ATP-producing mitochondria, 

and that this component of the proton-motive force does not contribute to [Ca2+]m-

dependent regulation of ATP production.  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Figure 4.6. pHm is stable during ATP production  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Figure 4.6. pHm is stable during ATP production. a, Averaged time-course of pHm when 
[Ca2+]m  is low (black circles, n= 7), or high (blue circles, n= 16) in the absence of ADP, or b, in 
the presence of 500 µM ADP (black circles, n= 9, blue circles, n= 22). c, Quantification of pHm 
in a-b.



Influence of ΔΨm on ATP-Synthase 

 In an attempt to dissect the underlying biophysical mechanism by which [Ca2+]m 

leads to a ~2-fold increase in ATP production, we investigated the influence of [Ca2+]m on 

the proton-motive force (ΔΨm and ΔpH). The observed ~20 mV influence of [Ca2+]m on 

ΔΨm in ATP-producing mitochondria, with no change in ΔpH, is not a sufficient 

thermodynamic increase to promote a 2-fold rise in ATP production. We assessed the 

influence of ΔΨm on ATP production rate by bypassing the TCA cycle and electron 

transport chain and using valinomycin and K+ gradients to establish different ΔΨm. 

Figure 4.7 a shows ATP production rate increasing linearly with ΔΨm until -120 mV, at 

which point the ATP synthesis rate increases dramatically. Over the tested ΔΨm there is a 

29 fold increase in ATP production rate. These data are empirically fit by the black line, 

while the red line represents the expected ATP production rate increase based only on a 

rise in the driving force, see Figure 4.7 a. The inset of Figure 4.7 a shows the proton-

motive force (PMF) for each experiment described in units of mV (PMF = ΔΨm - 59.2 * 

ΔpH) where ΔpH is equal to 0.55 as measured in Figure 4.6. Analysis of the non-linear 

region of ATP production rate vs. ΔΨm shows a 5-fold rise in ATP production rate, see 

Figure 4.7 b. ATP production can be thought of as a composition of two critical 

components 1) thermodynamic driving force, and 2) kinetics of the molecular motor 

where, 

ATP production rate = Kinetic Component * Thermodynamic Component 

 We measure the thermodynamic component and find a ~2.22 fold change in 

thermodynamic driving force, or thermodynamic activation of ATP synthesis, see Figure 
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4.7 b. By dividing the ATP production rate by the thermodynamic activation, we are left 

with the kinetic component which is also shown to increase ~2.2 fold (though non-

linearly), see Figure 4.7 b. These data and analysis highlight that ATP-Sythase is 

sensitive to ΔΨm as both a thermodynamic driving force and a molecular modulator of 

inherent motor function. 

Figure 4.7. 𝚫𝚿m activation of ATP production  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Figure 4.7. 𝚫𝚿m activation of ATP production.   a, Mitochondrial ATP production rates and 
their dependency on ΔΨm (black circles, n= 77). Red line corresponds to expected ATP production 
rates given a constant kinetic coefficient. Blue gradient highlights the range of ΔΨm regulated by 
physiological [Ca2+]m. Inset shows the corresponding proton-motive force (PMF) for each data 
point. b, Fold changes in ATP production rates (black), thermodynamic driving force (red), and 
ATP-Synthase kinetics (blue). 



[Ca2+]m-dependent Preservation of ΔΨm in Working Cardiomyocytes 

 The above experiments were conducted using freshly isolated cardiac 

mitochondria, and identify a critical biophysical role of [Ca2+]m in the regulation of ATP 

production through modulating ΔΨm. To assess this mechanism in fully functioning intact 

cardiomyocytes, we implemented a novel cardiomyocyte in-hydrogel system in which the 

cardiomyocyte sarcolemmal membrane is directly attached to the hydrogel using a 

tetravalent linker, similar to that used by Ye Chen-Izu’s laboratory (Jian, Han et al. 2014). 

A representative three-dimensional image of a cardiomyocyte embedded within hydrogel 

is provided in Figure 4.8. The cardiomyocyte is loaded with 50 nM of TMRM, see 

Figure 4.8 a, while the hydrogel is labeled with fluorescein dye, Figure 4.8 b. The 

hydrogel provides two important functions: 1) the hydrogel forces the cell to contract 

against load, and 2) the hydrogel reduces cell movement during contraction, enabling all 

experiments to be conducted in the absence of contractile inhibitors.  The second point is 

critical as the Myosin ATPase is responsible for the largest proportion of ATP 

consumption in the working muscle cell. This allows us to assess ΔΨm in a truly working 

cardiomyocyte, as verified by use of motion beads in the hydrogel, see Figure 4.8 a.  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Figure 4.8. Cardiomyocyte embedded in Hydrogel 
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Figure 4.8. Cardiomyocyte embedded in Hydrogel. a, 3D reconstruction of confocal Z-stack 
images of a cardiomyocyte loaded with the f luorescent indicator TMRM 
(Tetramethylrhodamine methyl ester perchlorate, 50 nM). b, 3D reconstruction of confocal Z-
stack images showing the fluorescence of fluorescein mixed-in with the polyvinyl-alcohol 
(PVA) hydrogel that embeds the cell shown in a.



 Cardiomyocytes embedded in hydrogel were tested under a number of conditions 

to assess the importance of [Ca2+]m-sensitive pathways in intact working cells. As we and 

others found that the sarcolemmal membrane was impermeable to the potent, hydrophilic 

MCU inhibitor Ru360, we took a metabolic substrate approach. We implemented this 

with single cardiomyoctes, testing two groups of cells 1) a control group of myocytes 

were tested using extracellular Normal Tyrode’s (NT) solution supplemented with 1 mM 

Pyruvate and 0.5 mM Malate to ensure the availability of substrate for [Ca2+]m-sensitive 

pathways to the dissociated cells, refer back to Figure 4.3 a, and 2) one in which NT is 

supplemented with cell-permeant 10 µM diAM-succinate (Ehinger, Piel et al. 2016) and 5 

µM Rotenone. As shown in Figure 4.3 d, mitochondria are able to robustly synthesize 

ATP when the ETC is driven by succinate with complex I inhibition by rotenone. 

Acetoxymethyl ester compounds are known to accumulate within cells at 100 µM or 

greater concentration (Hagen, Boyman et al. 2012). Experiments were conducted at 37 oC 

to allow 8 Hz pacing of the cells while measuring TMRM fluorescence using high 

temporal resolution confocal linescan across the transverse axis of the cell, see Figure 4.8 

a. We found that cardiomyocytes in the presence of pyruvate and malate maintained near 

constant ΔΨm during 3 minutes of 8 Hz pacing, see Figure 4.9 c. However, the diAM-

succinate and rotenone cells depolarized ~10% by the end of 3 minutes of 8 Hz pacing, 

see Figure 4.9 c. This is a similar percent depolarization to that observed after uncaging 

the weak uncoupler DNP in skeletal muscle (Glancy, Hartnell et al. 2015). Three-

dimensional representative linescans are provided in Figure 4.9 a-b, where the same line 

across the cell is scanned repeatedly over time. These representative traces show the 
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stability of ΔΨm in the pyruvate group relative to the depolarization in the diAM-

succinate group. The ~3% depolarization per min in during 8 Hz pacing was reduced 

upon transition to 1 Hz such that no statistical difference between groups was observed 

during this recovery phase, see Figure 4.9 d. Importantly, there were also no statistical 

differences in fractional sarcomere length shortening, indicating the cells from both 

groups performed similar work, see Figure 4.9 e. These data suggest cardiomyocytes rely 

on [Ca2+]m-sensitive pathways to preserve ΔΨm during periods of intense work.  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Figure 4.9. [Ca2+]m-dependent preservation of ΔΨm during cardiomyocyte work  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Figure 4.9. [Ca2+]m-dependent preservation of ΔΨm during cardiomyocyte work. a, 
Fluorescent surface plot demonstrating spatiotemporal changes of ΔΨm and simultaneously 
recorded sarcomere-length. Measurements are done from cardiomyocyte paced via field-
stimulation to contract at 1 or 8 Hz in a bath (extracellular) solution that contains Pyruvate (5 
mM) and Malate (2.5 mM), or b,  diAM-succinate (Succinic acid diacetoxymethyl ester, 10 
µM) and rotenone (5 µM). c, Average ΔΨm fluorescence time course using Pyruvate and Malate 
(black, n = 13 cells), Succinate and rotenone (red, n = 12 cells), and diAM-succinate and 
rotenone (turquoise, n = 12 cells). d, Quantification of ΔΨm depolarization expressed as percent 
change per minute. e, Fractional sarcomere shortening measured simultaneously in the 
experiments shown in o-s. * P < 0.05.



Discussion 
 A novel biophysical investigation of the functional role of [Ca2+]m in 

mitochondrial metabolism has been presented. This study is a continuation of our interest 

in the physiological role of Ca2+ in mitochondria that began in Chapter 3 with an 

investigation of mitochondrial Ca2+ signaling. This work provides a thorough quantitative 

assessment of the influence of Ca2+ on mitochondrial function again providing a complete 

thermodynamic analysis of the mechanism, similar to the work in Chapter 3. This new 

study builds upon decades-old hypotheses regarding the ability of mitochondria to 

regulate ATP synthesis dynamically in the cell. The unique quantitative results outlined 

above suggest that: 1) cardiac mitochondria are capable of increasing ATP production ~2 

fold in response to alterations in [Ca2+]m, 2) the ability to increase ATP production is 

substrate-dependent, with PDH and TCA cycle enzymes providing critical Ca2+ sensitive 

steps, 3) the ETC and ATP-Synthase are not Ca2+ sensitive under our tested conditions, 4) 

[Ca2+]m acts to stimulate ATP production rate by modulating the operating ΔΨm of 

mitochondria, not the ΔpH, 5) [Ca2+]m must rise prior to a rise in cellular ADP to allow 

for ΔΨm potentiation, 6) ATP-Synthase kinetics are highly sensitive to the physiological 

range of ΔΨm -120 to -160 mV, and 7) [Ca2+]m-sensitive pathways are critical for 

maintenance of ΔΨm in working cardiomyocytes. Importantly, these data indicate that 

[Ca2+]m-dependent regulation of mitochondrial ATP synthesis has a half-activation of 0.6 

µM, which appears to be the ideal range as measurements in Chapter 3 indicate a 

cardiomyocyte [Ca2+]m ≈ 0.5 µM at only a 0.5 Hz pacing frequency. These quantitative 

data support a new hypothesis for dynamic regulation of mitochondrial ATP synthesis in 
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which mitochondria are primed for changes in cellular ADP by a preceding rise in 

[Ca2+]m, both of which occur during increased cellular work to prevent loss of ΔΨm in 

response to increased ATP production. This results in a rise in ATP production to balance 

ATP consumption during times of intense cellular work. 

[Ca2+]m-dependency of ATP Production Rate 

 Calcium has long been proposed as a regulator of mitochondrial function, with 

some groups going suggesting it is the predominate modulator of mitochondrial activity, 

see reviews (Glancy and Balaban 2012, Williams, Boyman et al. 2015). Prior to the 

current study, no group had measured [Ca2+]m and ATP production at the same time. In 

fact, prior work had never even measured the [Ca2+] outside of mitochondria during any 

functional study, instead using calculators to estimate the free divalent ion concentrations. 

This led to a number of conflicting reports regarding the role of Ca2+ on mitochondrial  

bioenergetic function (Territo, Mootha et al. 2000, Vinnakota, Dash et al. 2011, Glancy, 

Willis et al. 2013).  

 To quantitatively test the role of [Ca2+]m in mitochondrial ATP synthesis, we 

developed a new ATP production assay that is time-stable, permits calibration, and allows 

for measurement of [Ca2+]m in the mitochondria. We found that mitochondria are capable 

of increasing their ATP production rate by over 100% basal in the presence of pyruvate 

and malate. We found this rise in ATP production rate to occur independent of the 

available ADP or Pi, with a half-activation of 600 nM [Ca2+]m. Interestingly, we did not 

find a stimulatory effect of Pi on ATP production rate; instead the basal rate of ATP 

synthesis was actually lower in mitochondria exposed to greater [Pi]. This discrepancy 
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from the literature can be explained by two possibilities: 1) Prior studies tested 

mitochondria that were not at steady-state [Pi], thus increasing [Pi] from  1 to 10 mM 

simply brought the mitochondria to steady-state faster and yielded increased respiration, 

or 2) The measured increase in respiration was actually due to increased leak of the IMM 

at high [Pi], and not due to an increase in ATP production. As Pi enters the mitochondrial 

matrix via transporters, it is likely a slow process (minutes) to reach steady-state. Our 

data did agree well with the literature regarding ATP production half-activation of ~20 

µM ADP. Interestingly, the sensitivity of ATP production to available ADP was not 

altered by [Ca2+]m or Pi. These lack of a relationship among ADP, [Ca2+]m, and Pi on ATP 

production provided an initial clue that the ATP-Synthase may not be Ca2+-sensitive as 

previously proposed. 

 To test this hypothesis in greater detail we utilized a number of different 

metabolic substrates. We first tested mitochondria β-oxidation, as lipid metabolism is 

thought to contribute to the majority of basal mitochondrial function in the heart. 

Interestingly, we found that mitochondria energized with palmitoylcarnitine and malate 

were not stimulated by physiological [Ca2+]m. As lipids are not stored in cardiac muscle, 

but are taken in from the bloodstream, it makes sense that the regulation may not be at the 

mitochondrial level, at least with regard to Ca2+. We tested KDH by using glutamate and 

malate and found a 50% increase in ATP production rate by physiological [Ca2+]m. 

However, steps involved in ATP production downstream of matrix dehydrogenase, 

evaluated by using succinate and rotenone or TMPD and ascorbate, showed no sensitivity 

to physiological [Ca2+]m. If the ATP-Synthase were to be sensitive to [Ca2+]m, there 
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should have been a change in ATP production rate with a rise in [Ca2+]m for all substrates 

used.  

 These tests provide further validation of the work of Denton and McCormick, 

supporting their hypothesis that NADH increases underlie the [Ca2+]m-dependence of 

ATP production (Denton, Randle et al. 1972, McCormack and Denton 1979). However, 

as described in the Introduction current “measurements” of NADH by autofluorescence 

changes in intact heart, trabaculae, or cardiomyocytes have shown no increase in NADH. 

Unfortunately, there is no currently available NADH or NADPH sensitive dye and only 

recently has a protein sensor been generated and tested using cell culture systems 

(Cracan, Titov et al. 2017). Expansion of this tool and others will likely lead to important 

new discoveries related to NADH in functioning mitochondria or intact cells. 

[Ca2+]m-dependency of the Proton-Motive Force 

 While Ca2+ may stimulate metabolism, it is not a reactant needed for the 

molecular motor, ATP-Synthase, to generate ATP. The absence of downstream ETC and 

ATP-Synthase [Ca2+]m-sensitivity lead us to further explore the mechanism by which ATP 

production rate increased in response to physiological [Ca2+]m elevation. Our 

investigation of the proton-motive force, the driving force for ATP synthesis, resulted in a 

number of interesting findings. We determined that the pH within mitochondria does not 

change during ATP generation. Additionally, we found that steady-state ΔΨm is 

maintained at a more hyperpolarized voltage when mitochondria are pre-incubated with 

[Ca2+]m. However, the effect of [Ca2+]m is lost when the ADP and Ca2+ signal occurred at 

the same time or when mitochondria are stimulated with ADP before Ca2+.  These data 
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show that Ca2+ does not result in the immediate production or enhancement of a 

mitochondrial outward current. This suggests that even if the mitochondria are able to 

increase NADH production through [Ca2+]m stimulation of the TCA cycle, the ETC 

specifically complex I may not be able to use the NADH expeditiously. This may be a 

result of complex I being sensitive to ΔΨm or perhaps activation of another IMM current 

limiting hyperpolarization of ΔΨm.  

Hypothesis of Dynamic Mitochondrial Bioenergetics 

 Prior to our study there were two prevailing views of how mitochondrial 

metabolism is dynamically regulated. The first is the parallel activation mechanism, 

where Ca2+ is the key regulator that “activates” energy-consuming ATPases in the cytosol 

and the energy-producing ATP-Synthase, as well as matrix dehydrogenases (Balaban 

2002). However, the Dr. Balaban (Balaban 2002) highlights the critical flaws of this 

paradigm: there is no known mechanism by which ATP-Synthase is regulated by Ca2+, 

the amount of [Ca2+]m needed and time-dependence of the signal change is unclear, and 

there is no evidence supporting marked increases in NADH during high cardiac 

workload. The second is the metabolite mechanism, where [ADP] and [Pi] changes in the 

cytosol during high workload can increase the production of ATP purely by enhancing the  

driving force for the reaction (Beard 2006, Vinnakota, Bazil et al. 2016). However, there 

is substantial controversy over 31P NMR measurements of ATP, Pi, and phosphocreatine 

with corresponding calculations of ADP changes, as outlined in the introduction. The 

other major flaw in this proposed system is the observation that ADP changes induce a 

robust depolarization of ΔΨm due to proton translocation through the ATP-Synthase. 
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However, it should be noted that the sensitivity of ATP production and ΔΨm 

depolarization to ADP are both 20 µM or less, meaning that only small changes in ADP 

need to occur in the cytosol to trigger a large effect on the mitochondria.  

 We propose that mitochondria utilize [Ca2+]m to prepare for a rise in ADP through 

activation of TCA cycle enzymes. A rise of 10-100 µM ADP is reasonable as current 

estimates of cytosolic ATP concentration are in the 5-10 mM range. Such small changes 

are likely within the error of the ADP calculations from NMR studies of intact working 

heart.  In this case the ΔΨm is not depolarized upon activation of ATP-Synthase by the 

rise in ADP during high workload. Mitochondria are able to generate more ATP through 

this mechanism because the ATP-Synthase is highly sensitive to voltage changes of -120 

to -160 mV. Through use of cardiomyocyte in in-hydrogel experiments, we show that 

substrate for the [Ca2+]m-sensitive pathway is necessary to allow cardiomyocytes to 

preserve ΔΨm during intense workload. 

Future Directions 

 The continued development of new molecular tools to test mitochondrial function 

is critical to the growth of our understanding of mitochondrial bioenergetics. Specifically, 

tools to quantitatively measure key metabolites such as ATP, ADP, Pi, NADH, and 

NADPH in primary cells, ex vivo heart, or ideally, in vivo, are critically important. All of 

our tests were done using healthy heart muscle from rats. Future work is needed to 

expand these results to different healthy tissues, disease conditions, and aged tissues. 

Currently, there are no FDA-approved drugs that directly target the mitochondria (Wang, 

Karamanlidis et al. 2016). The study presented above provides important mechanistic 
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details of mitochondrial bioenergetic function due to the quantitative tests conducted, 

continued quantitative research will help us better define dysfunction of the mitochondria 

and identify novel drug targets to ameliorate mitochondrial maladies.  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Chapter 5: Concluding Remarks 

Summary 

 Understanding how ATP production by mitochondria in heart is regulated is of 

critical important to our conception of heart cell function in both health and disease.  

Under normal contraction workload, the approximately 5-10 mM [ATP] provides an 

energetic reserve of only between 10 to 60 seconds if all ATP production were suddenly 

stopped (Allen and Orchard 1987, Steenbergen, Perlman et al. 1993).  This means that 

ATP production functions as a “just-in-time” system that depends critically on the 

mitochondria and the vascular system to deliver carbon energy stock (as fatty acids, 

carbohydrate and amino acids) and oxygen while removing waste products and CO2.  The 

regulatory system for ATP production must be governed by energy stock, oxygen, waste 

removal and likely many more factors.  This thesis is centered on a core hypothesis, that 

Ca2+ in the mitochondrial matrix, [Ca2+]m, is the major regulator that adjusts 

mitochondrial ATP production rate.  However, other potentially critical factors were not 

ignored, including the influence of ADP and Pi availability on the regulation of ATP 

production.  

 We observed dynamic ATP production (enhanced ~2-fold) by a mechanism of 

[Ca2+]m-dependent potentiation of ΔΨm. This pathway relies on two factors: 1) the 

activation of TCA cycle dehydrogenases as initially proposed by the Denton laboratory, 

and 2) a rise in ADP. The rise in ADP remains a controversial topic that requires the 

development of new tools to directly monitor the time-evolution of this critical metabolite 

in different cellular compartments. Though indirect, we observed mitochondria in intact, 
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load-bearing, cardiomyocytes require the use of Ca2+-sensitive pathways to prevent ΔΨm 

depolarization in times of increased workload. We attribute ΔΨm stability during high 

demand cellular work to [Ca2+]m-dependent matching of ETC proton-pumping (efflux) 

with ADP induced ATP-Synthase proton translocation (influx). This allows more ATP 

production given the same ADP stimulus due to the ΔΨm-sensitivity of the ATP-Synthase. 

 The rise in [Ca2+]m during EC coupling appears to be in the ideal range for 

[Ca2+]m-dependent potentiation of ΔΨm. We found that [Ca2+]m rise is a low pass filtered 

version of the [Ca2+]i signal, reaching only 0.6 µM at 0.5 Hz contractile rate. This leaves 

plenty of room for [Ca2+]m to rise if cardiomyocytes were to be paced faster, while 

staying in the [Ca2+]m-sensitive range of 0.1-3 µM. Our study did not identify any [Ca2+]m 

waves that could lead to non-homogeneous activation of the mitochondria by Ca2+. The  

[Ca2+]m-sensitive range of 0.1-3 µM, is supported by the quantitative investigation of 

MCU-mediated Ca2+ uptake, which showed that the channel is regulated linearly by 

thermodynamics. Thus, a rise in [Ca2+]i during increased workload should drive a linearly 

proportional rise in [Ca2+]m. We did not observe a sigmoidal relationship between [Ca2+]i 

and Jmcu, as others report (Mallilankaraman, Doonan et al. 2012, Csordas, Golenar et al. 

2013, Paillard, Csordas et al. 2017), which could lead to large accumulations in [Ca2+]m 

in response to relatively small changes in [Ca2+]i. 

 The quantitative data presented above can be readily implemented into in silico 

models such as the computational model described in Chapter 2. The mechanistic whole-

cell compartmental model of cardiomyocyte EC coupling presented above is an ideal 

platform to develop further and utilize in future studies of excitation-contraction-
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metabolism (ECM) coupling. Using this model of EC coupling, we found that “local 

control” of 20,000 unique CRUs allows stable and robust [Ca2+]i transient formation, 

which required physiological sensitivity of the RyR2 to Ca2+. When the RyR2 is more 

sensitive to Ca2+ the model generates “meta-stable” Ca2+ sparks that fail to terminate 

efficiently, asynchronous Ca2+ spark activity during EC coupling, and increased diastolic 

Ca2+ leak. While tested in the context of CPVT, this pathological phenomena of “leaky” 

Ca2+ release has also been reported in other cardiovascular diseases (Luo and Anderson 

2013, Marks 2013, McNally, Barefield et al. 2015). A number of important adaptations 

occur to cardiomyocyte EC coupling machinery during diseases such as heart failure, and 

these adaptations are thought to contribute to a [Ca2+]i overload state, reviewed in detail 

(Marks 2013). This includes down-regulation of SERCA protein, up-regulation of NCX 

protein, alterations in RyR2-binding proteins, and activation of PKA and CAMKII 

phosphorylation cascades, amongst many other cellular changes thought to contribute to a 

pathological rise SR Ca2+ leak, [Ca2+]i overload, and arrhythmogenesis (Pogwizd, 

Schlotthauer et al. 2001, Luo and Anderson 2013). Increased SR Ca2+ leak in tandem 

with ROS is also believed to contribute to mitochondrial dysfunction (Santulli, Xie et al. 

2015).  

Mitochondrial Ca2+ in Disease 

 The role of [Ca2+]m overload in mitochondrial dysfunction and disease has been 

heavily investigated but remains poorly defined quantitatively, similar to the details 

surrounding the role of [Ca2+]m in metabolism prior to our work. In fact, the potential role 

of [Ca2+]m in initiating a pathophysiological response in mitochondria has been a topic of 
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research for over 60 years since initial observations of mitochondrial swelling in response 

to exposure to large amounts of Ca2+ (Raaflaub 1953, Hunter, Haworth et al. 1976). 

Interestingly, mitochondrial swelling in response to Ca2+ is also associated with the 

formation of a large conductance pore permeable to sucrose (Hunter, Haworth et al. 

1976), in a mechanism that is dependent on the presence of Ca2+, phosphate, an alkaline 

pH, and is reversible by Ca2+ chelation (Al-Nasser and Crompton 1986). This was termed 

the “mitochondrial permeability transition pore” (mPTP). ADP was shown to influence 

the mPTP by increasing the rate of pore closure upon Ca2+ chelation, but also by 

increasing the number of open pores during this “resealing” period (Crompton and Costi 

1990).  Many biophysical details of the mPTP have been identified including the relative 

size of the pore, ~2.3 nm (Crompton and Costi 1990), and the extremely large 

conductance of 1-2 nS (with multiple sub-conductance states) measured by patched-

mitoplasts (Kinnally, Campo et al. 1989, Petronilli, Szabo et al. 1989).  While the exact 

[Ca2+]m level that induces mPTP opening is unclear, the sensitivity of the mPTP to added 

Ca2+ is increased in the presence of ROS (Crompton, Costi et al. 1987) and decreased in 

the presence of the drug cyclosporin A (Crompton, Ellinger et al. 1988). Interestingly, 

genetic ablation of cyclophilin D, the mitochondrial target of cyclosporin A, was shown 

to be deleterious for cardiac function, especially in response to cardiac injury, prompting 

a hypothesized role for the mPTP in physiological [Ca2+]m release (Elrod, Wong et al. 

2010). The phenomena of transient opening and closure of the mPTP is a very active area 

of research (Duchen, Leyssens et al. 1998, Wang, Fang et al. 2008, Lu, Kwong et al. 

2016). Still it remains unclear exactly how much [Ca2+]m is needed to activate the mPTP 
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under different conditions. The molecular identity of the mPTP is also unknown, with the 

ANT (Halestrap and Davidson 1990), VDAC (Szabo, De Pinto et al. 1993), and ATP-

Synthase (Giorgio, von Stockum et al. 2013, Alavian, Beutner et al. 2014) all having been 

proposed as the mPTP core component, and ANT (Kokoszka, Waymire et al. 2004), 

VDAC (Baines, Kaiser et al. 2007), and ATP-Synthase (He, Ford et al. 2017, Zhou, 

Marinelli et al. 2017) all having been subsequently debunked.  

 Though enigmatic, the mPTP is thought to be a primary mechanism of 

cardiomyocyte cell death in response to re-oxygenation following a period of cardiac 

ischemia (Halestrap 2010). The most common cause of cardiac ischemia is due to a 

blockage of one of the coronary arteries which perfuse the myocardium with nutrients 

and O2. At the cellular level this means that the supply of ATP will start to degrade; in 

fact, after only 15 minutes of ischemia ATP content decreased to 35% of control values 

and dropped to 5% by 60 minutes of ischemia, in a canine model (Jennings, Hawkins et 

al. 1978). Clinical intervention is focused on saving myocardium from necrotic cell death 

by reperfusing the tissue as quickly as possible, typically by placement of a stent to re-

open the artery (Jneid, Addison et al. 2017). Surgical grafting of a bypass vessel is 

standard of care, depending on the location of the coronary occlusion (Serruys, Morice et 

al. 2009). Many of the paradigm-shifting clinical studies regarding ischemia-reperfusion 

(followed by many other aspects of cardiology) stemmed from the Thromobolysis in 

Myocardial Infarction (TIMI) trials led by Eugene Braunwald (Group 1985, Braunwald 

and Sabatine 2012). The pathophysiology of ischemia-reperfusion is an active area of 

research. Particular interest resides in a phenomenon known as ischemic pre-
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conditioning, whereby heart muscle that is exposed to multiple brief periods of ischemia 

are better able to handle prolonged ischemia with subsequent reperfusion (Murry, 

Jennings et al. 1986).  Numerous signaling pathways are thought to be involved in 

ischemic preconditioning, but a specific mechanism remains elusive, see review (Yang, 

Cohen et al. 2010).  The ischemic period is thought to give rise to a number of cytosolic 

changes (including acidification) in the cardiomyocytes that lead to [Ca2+]m overload, 

stimulation of ROS, and mPTP opening (Hockenbery 2016). 

 Before the mitochondria can become “overloaded” with Ca2+, there is thought to 

be a rise in [Ca2+]i. This is in large part due to the loss of cellular ATP, which reduces 

SERCA-mediated SR Ca2+ reuptake and reduces Na+/K+ ATPases removal of cytosolic 

Na+ ([Na+]i). A rise in [Na+]i reduces NCX-mediated [Ca2+]i extrusion. An increase in 

[Ca2+]i should lead to a rise in [Ca2+]m, however it is difficult to identify how much 

[Ca2+]m should rise due to a loss of ΔΨm during ischemia (Zhang, Shang et al. 2013, 

Chouchani, Pell et al. 2014). While the ischemic period is associated with acidification of 

the cytosol (Yan and Kleber 1992) which likely inhibits the mPTP, as described above, 

pH may be the first parameter that recovers during reperfusion (Hockenbery 2016). The 

combination of a rise in [Ca2+]m, stimulation of ROS, and normalization of pH during 

reperfusion, is thought to lead to mPTP opening which, if too pervasive amongst the 

mitochondria, causes persistent energetic failure that results in myocyte death. 

Mitochondrial dysfunction and mPTP opening are also believed to contribute to the 

pathogenesis of neurodegenerative diseases, metabolic disorders (diabetes and obesity), 

and cancer (Wang, Karamanlidis et al. 2016). 
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Future Work 

 The experiments presented here not only provide us with a new understanding of 

how mitochondria work under physiological conditions, but also establish a framework 

for future investigations of mitochondrial dysfunction. There is an ever-growing body of 

evidence that implicates mitochondrial alterations as either the cause of or as a major 

factor in the pathogenesis of multiple diseases yet, there is still no effective therapy that 

specifically targets mitochondrial dysfunction (Wang, Karamanlidis et al. 2016). The 

newly developed optical and biochemical tools that enable the simultaneous measurement 

of multiple mitochondrial output metrics including, ATP production, [Ca2+]i, [Ca2+]m, 

ΔΨm , pHm, and pHi, will be critical to characterize the biophysical changes that occur to 

mitochondria during diseases of the heart or other organs. The importance of this 

quantitative work is elevated further because the major influx pathway, the mitochondrial 

Ca2+ uniporter (MCU) and the major efflux pathway, the mitochondrial Na+/Ca2+ 

exchanger (NCLX), have only recently been identified along with critical subunits and 

components (Palty, Silverman et al. 2010, Kamer and Mootha 2015). The post-

translational modification or compensatory adaptation of the MCU complex (Joiner, 

Koval et al. 2012, Fieni, Johnson et al. 2014, Zaglia, Ceriotti et al. 2017) and NCLX 

(Kostic, Ludtmann et al. 2015, Luongo, Lambert et al. 2017) are fast growing areas of 

study. Quantitative testing using techniques like the ones described above are crucial to 

provide a mechanistic understanding of these proteins in health and disease which may 

hold potential clinical application. Modification of the quantitative protocols described 

above can be readily implemented to investigate NCLX function and clarify the 
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mechanism of transport for this important protein recently shown to be essential for life 

(Luongo, Lambert et al. 2017).  

 There are numerous experiments and measurements that we would like to do, but 

the technology is not yet available. Of particular interest is identifying time-evolution of 

concentrations of metabolites such as ATP, PCr, Cr, ADP, Pi, NADPH (cytosol), NADH 

(mitochondria), and FADH2 in both the cytosol and mitochondrial matrix of working 

heart muscle cells. While a number of genetic sensors for ATP (Nakano, Imamura et al. 

2011, Yoshida, Alfaqaan et al. 2017) or ATP:ADP ratio (Berg, Hung et al. 2009, Tantama, 

Martinez-Francois et al. 2013) have been developed, they have yet to be employed in the 

heart and appear difficult to calibrate. A computational approach with a whole-cell 

compartmental ECM coupling model would be a useful tool to help estimate changes in 

molecules critical to metabolism under different conditions. A large number of 

mathematical representations of mitochondrial metabolism exist and can likely serve as a 

foundation for integrating metabolic reactions into our EC coupling model (Yugi and 

Tomita 2004, Nguyen and Jafri 2005, Beard 2006, Wacquier, Combettes et al. 2016). 

Spatial models of the cardiomyocyte contractile apparatus with nearby mitochondria 

would also be helpful to explore the potential of local metabolite gradients across the 

sarcomere and in the regions between sarcomeres. The computational model and data 

presented here provide critical insights and steps forward for the development of new 

mathematical models as well as new experiments to help us better understand cardiac 

Ca2+ signaling and it’s influence on mitochondrial function.  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Appendix I: Mathematical Modeling Supplement 
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Supporting Material

General Equations

Sarcolemmal Membrane Potential

Sarcolemmal membrane potential. In this study, two forms of electrical stimuli are utilized to trigger LCC opening
and CICR, “voltage clamp” and “current clamp”. The “voltage clamp” protocol forces a step change in sarcolemmal
membrane potential while a small inward current, Iapp, is applied in the “current clamp” protocol to elicit an action
potential. The sarcolemmal membrane potential during ”current-clamp” mode is governed by

−Cm
dV
dt

=
!
ITlcc+ Ilcc,nj+ Incx+ Inak+ Ipmca+ Ik1+ Ikss+ Iktof+ Iktos+ Ib+ Iapp

"
(S1)

where Cm is the membrane capacitance, Ina is the fast sodium (Na+) current, Ik1 is the inwardly rectifying K+
current, Ikss is the non-inactivating steady-state voltage-activated K+ current, Iktof is the rapidly inactivating transient
outward potassium K+ current, Iktos is the slowly inactivating transient outward potassium K+ current, Inak is the
Na+/K+ pump current, Incx is the Na+/Ca2+ exchanger (NCX) current, Ipmca is the plasma membrane Ca2+-ATPase
(PMCA) current, ITlcc is the whole-cell, junctional L-type Ca

2+ (LCC) current, Ilcc,nj is the whole-cell, non-junctional
L-type Ca2+ current, and Iapp is the stimulus current applied during cell pacing. Ib, represents the combined
background Ca2+, Na+, and K+ currents. The formulation of K+ currents can be found below and are primarily
based on the currents from the mouse action potential model by Bondarenko and co-workers [1]. The fast Na+
current is adapted from [2] and is also outlined below.

Concentration Balance Equations

The Monte Carlo model presented here consists of 2N + 4 (N = 20,000) ODEs representing the time-evolution of
various intracellular ion concentrations (i.e., [Ca2+]i, [K+]i, [Na+]i, etc). Consistent with Fig. 1, the concentration
balance equations are

[Ca2+]i
dt

= βmyo
!
JTefflux−Jncx−Jserca+Jbca−Jpmca+Jryr,nj+Jlcc,nj−Jbuffer−JCaF

"
(S2)

[Ca2+]nsr
dt

=
βnsr
λnsr

!
Jserca−JTrefill−Jryr,nj

"
(S3)

[Ca2+]njsr
dt

=
βnjsr
λjsr

!
JTrefill−Jnryr

"
(S4)

[Ca2+]nds
dt

=
βnds
λds

#
Jnlcc+Jnryr−Jefflux

$
(S5)

[Na+]i
dt

=
Am

FVmyo
(Ina+ Ibna+3Incx−3Inak) (S6)

[K+]i
dt

=
Am

FVmyo
(Ik1+ Ikss+ Iktof+ Iktos+ Ibk−2Inak) (S7)

where 1≤ n≤N, λnsr, λjsr, and λds are volume fractions (see Table S1), βjsr and βnsr are constant fraction buffering
constants (see Table S7), and βmyo is the dynamic buffering fraction for the bulk myoplasm (see SI Eq. S45). See
the SI for ODEs which govern gating variables for non-stochastic channels (i.e., K+ and Na+ channels). Note that
all ”whole-cell” flux terms (e.g., Jncx,JTryr, etc.) have units of µM s-1 (scaled to a liter of cytosol) and are defined in
the SI. All currents (e.g., Incx, ITlcc, etc.) have units of pA/pF and are also defined in the SI. Note that the [Ca2+] in
each subspace ([Ca2+]nds) is assumed to be in rapid equilibrium with the [Ca2+] in the respective JSR ([Ca2+]njsr)
and [Ca2+]i(see [8, 7, 6]) allowing Eq. S5 to be reduced to an algebraic expression of the form,

[Ca2+]ds =
Nn
L,OJ

0
lcc+vefflux[Ca2+]i+Nn

R,Ovryr[Ca
2+]njsr

Nn
R,Ovryr+vefflux−Nn

L,OJ
0
lcc

(S8)

1
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where Nn
L,O and Nn

R,O represent the number of open LCCs and RyR2s (respectively) at the nth CRU. The terms
J0lcc and J1lcc are functions of membrane potential (V ) and are defined by Jlcc = J0lcc+ [Ca2+]ndsJ

1
lcc with Jlcc as in

Eq. S25. This is significant in that reduces the number of ODEs (for intracellular ion concentrations) from 2N+4 to
N+4, a nearly 2 fold reduction in computational demand. Each ODE was solved using the first-order Euler method
with a variable time-step designed to ensure stability.

Gating variables for membrane currents.

The gating variables for Na+ membrane currents are governed by the following ODEs,

dmna
dt

= αm,na(1−mna)−βm,namna (S9)

dhna
dt

= αh,na(1−hna)−βh,nahna (S10)

djna
dt

= αj,na(1− jna)−βj,najna (S11)

where

αm =
320(V+47.13)
1−e−0.1(V+47.13)

βm = 80e−V/11

αh = 135∗e(V+80)/−6.8

βh =
7500

1+e−0.1∗(V+11)

αj =
175e(V+100)/−23

1+e0.15∗(V+79)

βj =
300

1+e−0.1∗(V+32)

The gating variables for K+ membrane currents are governed by the following ODEs,

daktof
dt

= (1−aktof)αa,ktof−aktofβi,ktof (S12)

diktof
dt

= (1− iktof)αi,ktof− iktofβi,ktof (S13)

daktos
dt

=
assktos−aktos

τa,ktos
(S14)

diktos
dt

=
issktos− iktos

τi,ktos
(S15)

dakss
dt

=
asskss−akss

τkss
(S16)

(S17)

where

2
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αa,ktof = 180.64e0.03577(V+30)

βa,ktof = 395.6e−0.06237∗(V+30)

αi,ktof =
0.152e−(V+13.5)/7

0.067083e−(V+33.5)/7+1

βi,ktof =
0.95e(V+33.5)/7

0.051335e(V+33.5)/7+1
assktos = (1/(1+e−(V+22.5)/7.7))

τa,ktos = 0.493×10−3e−0.0629V+2.058×10−3)

issktos = (1/(1+e(V+45.2)/5.7))

τi,ktos = (0.27+1.05/(1+e(V+45.2)/5.7)

asskss = (1/(1+e−(V+22.5)/7.7))

τkss = 0.393×10−3e−0.0862V+0.13×10−3

K+ membrane currents

The fast inactivating K+ current is given by,

Iktof = aktofiktofgktof (V−Ek) (S18)

where aktof and iktof are the activation and inactivation gates, respectively, gktof is the conductance, and Ek is the
Nernst reversal potential for K+ (see Eq. S53). The slowly inactivating K+ current is given by,

Iktos = aktosiktosgktos (V−Ek) (S19)

where aktos and iktos are the activation and inactivation gates, respectively, gktos is the conductance, and Ek is the
Nernst reversal potential for K+ (see Eq. S53). The steady-state (non-inactivating) K+ current is given by,

Ikss = akssgkss (V−Ek) (S20)

where akss is the activation gate, gktof is the conductance, and Ek is the Nernst reversal potential for K+ (see
Eq. S53). The always on K+ current is given by,

Ik1 = gk1 (V−Ek) (S21)

where gk1 is the conductance and Ek is the Nernst reversal potential for K+ (see Eq. S53). The background K+
current is given by,

Ibk = gbk (V−Ek) (S22)

where gbk is the conductance and Ek is the Nernst reversal potential for K+ (see Eq. S53).

Na+ membrane current

The fast Na+ current is given by,
Ina =mnahnajnagna (V−Ena) (S23)

where mna,hna, and jna are the gating variables (see Eqs. S9–S11, respectively), gna is the conductance, and Ena
is the Nernst reversal potential for Na+ (see Eq. S52). The background Na+ current is given by,

Ibna = gbna (V−Ena) (S24)

where gna is the conductance and Ena is the Nernst reversal potential for Na+ (see Eq. S52).

3
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Ca2+ Fluxes

L-type Ca2+ Channel Flux

The L-type Ca2+ flux into each of the N diadic spaces (Jnlcc) is given by

Jnlcc =−
Inlcc

zFVmyo
(S25)

where z is the valency for Ca2+, F is Faraday’s constant, and Vmyo is the volume of themyoplasm in µL. Accordingly,
the inward Ca2+ current is given by

Inlcc = Nn
L,OPlcc

!
zFV
Vθ

"#
[Ca2+]ndse

V/Vθ −0.341[Ca2+]o
eV/Vθ −1

$
(S26)

where Vθ = RT/zF, Plcc is the single channel permeability of the L-type Ca2+ channels, and Nn
L,O is the number

of open L-type Ca2+ channels associated with the nth CRU. Therefore, the whole-cell, junctional LCC current is
given by,

ITlcc =
N

∑
n=1

Inlcc (S27)

Non-junctional L-type Ca2+ Channel Flux

The non-junctional L-type Ca2+ flux into the bulk myoplasm (Jlcc,nj in Eq. 3) is given by

Jlcc,nj =−
Ilcc,nj

zFVmyo
(S28)

The inward Ca2+ current is given by

Ilcc,nj = πoLPlcc,nj
!
zFV
Vθ

"#
[Ca2+]ieV/Vθ −0.341[Ca2+]o

eV/Vθ −1

$
(S29)

where πoL is the probability of finding a non-junctional LCC in the open state.
The probability of finding an LCC in each of its 7 states is governed by,

dπL
dt

= πLQ (S30)

where πL is a 1 X ML row vector of state probabilities, Q is the ML X ML infinitesimal generator matrix for the
discrete-state, continuous-time Markov chain used to describe the stochastic gating of the LCC (see Fig. 1 B),
and ML is the number of states in the LCC model (ML=7) . For the seven-state LCC shown in Fig. 1 B, πoL is
seventh entry in πL.

L-type Ca2+ Channel Transitions

va =
e(V−Vθ,1)/Vσ,1

1+eV−Vθ,1/Vσ,1
(S31)

vi = 1− 1
1+e(V+Vθ,2)/Vσ,2

+
0.27

1+e(Vθ,3−V)/Vσ,3
(S32)

vd = 1+Xvd ∗
#
1− e(V−Vtheta,4)/Vsigma,4

1+e(V−Vtheta,4)/Vsigma,4

$
(S33)

c= ([Ca2+]nds)
ηL (S34)
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Sarcoplasmic/Endoplasmic Reticulum Ca2+-ATPase

The sarcoplasmic/endoplasmic reticulum Ca2+-ATPase (SERCA) consumes ATP to pump Ca2+ into the SR from
the myoplasm. Tran and co-workers [5] developed a thermodynamically realistic formulation of the SERCA pump
along with a simplified “two-state” formulation that is implemented here. The SERCA pump flux takes the form,

Jserca = 2vcycleAp (S35)

where Ap is the concentration of SERCA molecules (µM) and vcycle is the cycling rate (s-1) per pump molecule
(see [5])

Na+-Ca2+ Exchanger

The main pathway by which Ca2+ is extruded from the myocyte is the Na+-Ca2+ exchanger (NCX) which can be
described as

Jncx =
−AmIncx
FVmyo

(S36)

Incx = FAImaxncx
[Na+]3i [Ca

2+]oe(ηncxFV/RT)− [Na+]3o[Ca2+]ie(ηncx−1)FV/RT!
(Kncx,na)3+[Na+]3o

"#
Kncx,ca+[Ca2+]o

$#
1+ksatncxe(ηncx−1)FV/RT

$ (S37)

where

FA =

%
[Ca2+]i

2

Kma,ncx2+[Ca2+]i
2

&

and Imaxncx is the maximal NCX current, [Ca2+]o is the extracellular [Ca2+], and [Na+]i and [Na+]o are the intracellular
and extracellular [Na+], respectively. All other parameters are given in Table S9.

Plasma Membrane Ca2+-ATPase

In addition to NCX the sarcolemma extrudes Ca2+ from the cell via a plasmamembrane Ca2+-ATPase flux (PMCA)
of the form

Ipmca = Imaxpmca

%
[Ca2+]i

2

Kpmca2+[Ca2+]i
2

&
(S38)

where Imaxpmca is the maximal PMCA current.

Na+/K+ Pump

The Na+/K+ pump (NAK) drives Na+ out of the cell and K+ into the cell and to maintain Na+ and K+ homeostasis.
The NAK membrane current is given by,

Inak = Imaxnak fnak
1

1+(Km,nai/[Na+]i)1.5
[K+]o

[K+]o+Km,ko
(S39)

fnak =
1

1+0.1245e−0.1VF/RT+0.0365σnake−VF/RT

σnak =
1
7

!
e[Na

+]o/67,300−1
"

where Imaxnak is the maximal NAK current.
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Sarcolemmal Background Ca2+ Leak

The sarcolemma includes a constant background Ca2+ influx which balances Jpmca and Jncx given by

Jbca =− AmIbca
zFVmyo

(S40)

where z is the valency for Ca2+, Ibca = gbca (V−Eca), gbca is the maximal conductance, and Eca is the reversal
potential for Ca2+(see Eq. S51)

Total JSR refill and dyadic subspace efflux terms

The total refill flux from the NSR to each JSR compartment includes the contribution from each CRU and is given
by

JTrefill =
N

∑
n=1

Jnrefill =
N

∑
n=1

vTrefill
N

([Ca2+]nsr− [Ca2+]njsr). (S41)

and similarly, the total flux out of the N dyadic subspaces into the bulk myoplasm is given by

JTefflux =
N

∑
n=1

Jnefflux =
N

∑
n=1

vTefflux
N

([Ca2+]nds− [Ca2+]i). (S42)

Junctional RyR2 Ca2+ Release

The Ca2+ flux through junctional RyR2s is

Jnryr = Nn
R,Ovryr,nj([Ca

2+]njsr− [Ca2+]nds). (S43)

where vryr,nj is the non-junctional RyR junctional release rate in s-1. Therefore, the whole-cell, junctional RyR2
Ca2+flux (JT

ryr) is given by,

JTryr =
N

∑
n=1

Jnryr (S44)

The JSR luminal Ca2+ sensitivity formulation is given by,

φ = φb+

!
[Ca2+]njsr

φm

"ηφ

(S45)

where φb, φm, and ηφ are constants. The influence of φ on RyR2 POcan be seen in Fig. S2.

Non-junctional RyR Ca2+ Channels

The Ca2+ flux from non-junctional or “rogue” RyR2s is

Jryr,nj = πoryr,njvryr,nj([Ca
2+]nsr− [Ca2+]i). (S46)

where vryr,nj is the total non-junctional RyR release rate in s-1 and πoryr,nj is the fraction of open non-junctional RyRs
and solves

dπoryr,nj
dt

= φk+[Ca2+]iηR(1−πoryr,nj)−k−πoryr,nj (S47)

where φ is the RyR2 luminal sensitivity function (see Eq. 1), k+ and k− are transition rates for a individual RyR as
presented in Fig. 1B.
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Slow Buffers

Slow buffers are lumped into the following flux,

Jbuffer =
dCaBtrpn

dt
+
dCaBcalm

dt
+
dCaBslm

dt
(S48)

where dCaBtrpn
dt , dCaBcalmdt , and dCaBslm

dt are ODEs governing the amount of Ca2+ bound to each buffer, given by,

dCaBtrpn
dt

= kon,trpn[Ca2+]i(BTtrpn−CaBtrpn)−koff,trpnCaBtrpn
dCaBcalm

dt
= kon,calm[Ca2+]i(BTcalm−CaBcalm)−koff,calmCaBcalm

dCaBslm
dt

= kon,slm[Ca2+]i(BTslm−CaBslm)−koff,slmCaBslm

Ca2+ Indicators

While not always used, the model is capable of simulation the flux of Ca2+ onto Ca2+ indicators (e.g., Fluo-4) given
by,

JCaF =
d[CaF]
dt

(S49)

where d[CaF]
dt governs the amount of Ca2+ bound to the indicator (F) and is given by,

d[CaF]
dt

=−koff,F[CaF]+kon,F[Ca2+]i
!
[F]T− [CaF]

"
(S50)

where [F]T is the total amount of fluorescent indicator in the cytosolic compartment (e.g., 50 µM) and kon,F and
koff,F are the on and off rates for Ca2+ binding to the fluorescent indicator, respectively.

Nernst reversal potentials

Eca =
RT
zF

log
#
[Ca2+]o
[Ca2+]i

$
(S51)

Ena =
RT
zF

log
#
[Na+]o
[Na+]i

$
(S52)

Ek =
RT
zF

log
#
[K+]o
[K+]i

$
(S53)

where z is the valency for the respective ion.

Dynamic Buffering Fractions

Myoplasmic Buffering

Buffering in the myoplasm is approximated using a dynamic buffering fraction given by

βmyo =

%
1+

BTmyoK
myo
m

(Kmyom +[Ca2+]i)2

&−1

(S54)

where BTmyo is the total myoplasmic buffer concentration, K
myo
m is the half saturation constant for the myoplasmic

buffer.

7



 

�176

Junctional SR Buffering

Buffering in each JSR compartment is approximated using a dynamic buffering fraction given by

βnjsr =

!
1+

BTjsrK
jsr
m

(Kjsrm +[Ca2+]njsr)2

"−1

(S55)

where BTjsr is the total JSR buffer concentration, Kjsrm is the half saturation constant for the JSR buffer.

Fast Subspace

Similar to previous work [7, 8, 6] this model formulation leads to a rapid equilibrium of the [Ca2+]ds with the [Ca2+]i
and [Ca2+]jsr. Thus, in each dyadic subspace we assume a [Ca2+] ([Ca2+]nds,ss) that balances the fluxes in and out
of that compartment,

0=
βds
λds

#
Jnlcc+Jnryr−Jnefflux

$
,

that is,

[Ca2+]nds,ss ≈
Nn
L,O J0lcc+vefflux[Ca2+]i +Nn

R,O vryr[Ca2+]njsr
Nn
R,O vryr+vefflux−Nn

L,O J1lcc
. (S56)

3D Spatial Model

The model describes a single sarcomere ( M-line to M-line) centered on a Z-line that contains numerous equally
distributed CRUs. The model geometry is 4 × 4 × 14 µm with CRUs centered in space and, consistent with
experimental findings, separated from one another by 600 nm [61]. The spatial-temporal evolution of [Ca2+]i and
the Ca2+-bound Fluo4 concentration ([CaF]) were simulated using PDEs for [Ca2+]i diffusion and the diffusion of
Ca2+-bound indicator ([CaF], i.e., Fluo-4). These reaction-diffusion style equations are as follows,

δ[Ca2+]i
δt

%
1
βi

&
= DCai∇2[Ca2+]i+(λdsiJefflux−Jserca−Jncx+Jbca−Jbuffer− JCaF) (S57)

δ[CaF]
δt

= DCaF∇2[CaF]+JCaF (S58)

where λdsi is the volume fraction for subspace to cytosol, βi is the cytosolic dynamic buffering fraction, and the
cytosolic fluxes (e.g., Jefflux,Jserca,Jncx,Jbca,Jbuffer,andJCaF) retain similar formulations to corresponding fluxes in
the compartment model (see above). The PDEs are numerically integrated using a centered difference in space
and forward Euler in time solver and the ODEs for [Ca2+]ds and [Ca2+]jsr remain unchanged. Linescan images
were generated by assessing [CaF] over time after simulated optical blurring and with the addition of Gaussian
noise, as previously described in Smith et al. [62].

Tables of Model Parameters
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Table S1: Model Geometry
Parameter Definition Value
Vcell Cell volume 36 pL
Vmyo Myoplasmic volume 18 pL
Vnsr NSR volume 1.152 pL
Vjsr JSR volume 0.18 pL
Vds Subspace volume 54 nL
λnsr NSR volume fraction 0.064
λjsr JSR volume fraction 0.01
λds Subspace volume fraction 0.003

Table S2: RyR2 Ca2+ Channel Parameters
Parameter Definition Value
NR number of RyR2s per CRU 50
k+ RyR Ca2+ association rate constant 0.2 µM−ηR s-1
k− RyR Ca2+ disassociation rate constant 425 s-1
ηR Ca2+-binding cooperativity factor 2.2
φm Luminal Ca2+ regulation coefficient 0.8025 mM
φb Luminal Ca2+ regulation coefficient 1500
ηφ Luminal Ca2+ regulation coefficient 4
vTryr Total junctional RyR2 release rate 48
vryr single RyR2 release rate vryr/(N×NR)
vryr,nj Total non-junctional RyR2 release rate 9.6
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Table S3: L-type Ca2+ Channel Parameters
Parameter Definition Value
NL Number of LCCs per CRU 6
ML Number of states per LCC 7
ηL Ca2+ cooperativity parameter 2
k25 C2 to A5 rate constant 450 s-1
k16 R1 to R6 rate constant 450 s-1
k34 I3 to I4 rate constant 450 s-1
k21 C2 to R1 rate constant 31.5 s-1
k76 O7 to R6 rate constant 31.5 s-1
k23 C2 to I3 rate constant 0.5µM−ηL s-1
k74 O7 to I4 rate constant 0.5µM−ηL s-1
k12 R1 to C2 rate constant 2 s-1
k32 I3 to C2 rate constant 2 s-1
k75 O7 to A5 rate constant 1800 s-1
k61 R6 to R1 rate constant 500 s-1
k52 A5 to C2 rate constant 500 s-1
k43 I4 to I3 rate constant 500 s-1
k57 A5 to O7 rate constant 400 s-1
k67 R6 to O7 rate constant 0.4444 s-1
k47 R4 to O7 rate constant 0.4444 s-1
Vσ,1 VDA parameter 6
Vθ,1 VDA parameter 2
Vσ,3 VDD parameter 2
Vθ,3 VDD parameter -50
PTlcc Total junctional LCC permeability to Ca2+ 0.0002375
Plcc single junctional LCC permeability to Ca2+ PTlcc/(N×NL)
Plcc,nj Total non-junctional LCC permeability to Ca2+ 0.000475

Table S4: K+ current Parameters
Parameter Definition Value
gktof Maximum Iktof conductance 0.45 mS µF-1
gktos Maximum Iktos conductance 0.135 mS µF-1
gkss Maximum Ikss conductance 0.0405 mS µF-1
gk1 Maximum Ik1 conductance 0.2 mS µF-1
gbk Maximum Ibk conductance 0.0082 mS µF-1

Table S5: Na+ current Parameters
Parameter Definition Value
gna Maximum Ina conductance 10 mS µF-1
gbna Maximum Ibna conductance 0.0016 mS µF-1

10
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Table S6: Pump and Exchanger Parameters
Parameter Definition Value
Imaxpmca Maximal PMCA current 0.1875 pA pF-1
Kpmca Ca2+ half saturation constant for PMCA 0.25 µM
Imaxncx Maximal NCX current 750 pA pF-1
ηncx NCX voltage dependence coefficient 0.35
Kncx,ca Ca2+ half saturation contant for NCX 1380 µM
Kncx,na Na+ half saturation contant for NCX 87500 µM
ksatncx NCX exchange saturation factor 0.1
Kma,ncx NCX allosteric activation constant 0.150 µM
Ap Concentration of SERCA molecules 150 µM
Imaxnak Maximal Inak current 1.408 pA pF-1
Km,nai half saturation for NaK 21000 µM
Km,ko half saturation for NaK 1500 µM

Table S7: Buffering Parameters
Parameter Definition Value
βds Subspace Ca2+ buffering fraction 0.1
βnsr NSR Ca2+ buffering fraction 1
BTmyo Total myoplasmic Ca2+ buffer concentration 132 µM
Kmyom Half saturation constant for myoplasmic Ca2+ buffer 0.6 µM
BTjsr Total JSR Ca2+ buffer concentration 140 × 30 mM
Kjsrm Half saturation constant for JSR Ca2+ buffer 638µM
BTtrpn Total troponin buffer concentration 140
kontrpn Slow troponin buffer on rate 2.37 s-1

kofftrpn Slow troponin buffer off rate 0.032 s-1

BTcalm Total calmodulin buffer concentration 24
koncalm Slow calmodulin buffer on rate 34 s-1
koffcalm Slow calmodulin buffer off rate 238 s-1
BTslm Total sarcolemmal membrane buffer concentration 42
konslm Slow sarcolemmal membrane buffer on rate 100 s-1
koffslm Slow sarcolemmal membrane buffer off rate 1300 s-1
FT4 Total Fluo-4 concentration 50 µM
konF4 Slow sarcolemmal membrane buffer on rate 100 s-1
koffF4 Slow sarcolemmal membrane buffer off rate 110 s-1
FT5N Total Fluo-5N concentration 0 (or 50 if specified) µM
konF5N Slow sarcolemmal membrane buffer on rate 80 s-1
koffF5N Slow sarcolemmal membrane buffer off rate 32,000 s-1

11
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Table S8: Initial Conditions
Parameter Definition Value
V Membrane voltage -81 mV
[Na+]i Myoplasmic [Na+] 10.2 mM
[K+]i Myoplasmic [K+] 143.72 mM
[Ca2+]i Myoplasmic [Ca2+] 80 nM
[Ca2+]o Extracellular [Ca2+] 1.8 mM
[Ca2+]ds Dyadic subspace [Ca2+] 80 nM
[Ca2+]nsr Network SR [Ca2+] 900 mM
[Ca2+]jsr Junctional SR [Ca2+] 900 mM
mna Ina activation gate variable 0.0015
hna Ina inactivation gate variable 0.9849
jna Ina inactivation gate variable 0.9905
aktof Iktof activation gating variable 0.0021
iktof Iktof inactivation gate variable 1
aktos Iktos activation gate variable 2.9871e-04
iktos Iktos inactivation gate variable 0.9994
akss Ikss activation gate variable 0.002
ikss Ikss inactivation gate variable 1
πoryr,nj fraction of open non-junctional RyR2s 0
πolcc,nj fraction of open non-junctional LCCs 0

Table S9: Other Parameters
Parameter Definition Value
F Faraday constant 9.6485×104 coul mol-1
T Temperature 310 K
R Ideal gas constant 8314 J mmol-1 K-1
gbca Maximal backgroung Ca2+ conductance 1.1024 × 10−4 mS µF
vTrefill Total JSR refill rate 2.5 s-1
vTefflux Total rate of Ca2+ efflux out of the susbspace 200 s-1
Am Capacitative area of cell membrane 1.5340×10−4 µF
z Valency for Ca2+ 2
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Supporting Material Figures

Steady-state RyR2 Open Probability
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Figure S1: Steady-state RyR2 open probability (PO) as function of [Ca2+]i. A) RyR2 PO for 3 different [Ca2+]sr
levels B) RyR2 PO for WT and CPVT conditions.

EC Coupling Gain & Gradedness
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Figure S2: EC Coupling Dynamics. A) Peak LCC current from the novel 7-state LCC (see Fig. 1B) as a function
of membrane potential. B) Representative LCC currents for various holding potentials. C) Normalized peak LCC
(blue line) and RyR2 (red line) fluxes as function of membrane potential D) ECC gain as defined as peak of JT
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Quiescent Ca2+ spark dynamics
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Figure S3: Ca2+ Sparks and SR Ca2+ leak under quiescent, normal conditions. Time evolution of A) [Ca2+]ds
B) Nn

R,O, and C) [Ca2+]jsr during a 500 ms simulation of a quiescent cardiomyocyte. Each color represents the
behavior from a different CRU within the whole-cell model. For clarity only 10% of the cell’s 20,000 CRUs are
shown.
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Figure S4: Ca2+ Sparks and SR Ca2+ leak under quiescent, leaky RyR2 conditions. Time evolution of A) [Ca2+]ds
B) Nn

R,O, and C) [Ca2+]jsr during a 500 ms simulation of a quiescent cardiomyocyte. Each color represents the
behavior from a different CRU within the whole-cell model. For clarity only 10% of the cell’s 20,000 CRUs are
shown.
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Figure S5: Ca2+ Sparks and SR Ca2+ leak under quiescent, decreased JSR buffering conditions. Time evolution
of A) [Ca2+]ds B) Nn

R,O, and C) [Ca2+]jsr during a 500 ms simulation of a quiescent cardiomyocyte. Each color
represents the behavior from a different CRU within the whole-cell model. For clarity only 10% of the cell’s 20,000
CRUs are shown.
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Figure S6: Ca2+ Sparks and SR Ca2+ leak under quiescent, CPVT (i.e., leaky RyR2 and decreased JSR buffering)
conditions. Time evolution of A) [Ca2+]ds B) Nn

R,O, and C) [Ca2+]jsr during a 500 ms simulation of a quiescent
cardiomyocyte. Each color represents the behavior from a different CRU within the whole-cell model. For clarity
only 10% of the cell’s 20,000 CRUs are shown.
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Membrane currents
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Figure S7: Membrane potential and key sarcolemmal currents during AP.
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Systolic Ca2+ release dynamics
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Figure S8: Systolic Ca2+ release dynamics with reduced JSR buffering and leaky RyR2s. A) Bulk [Ca2+]i B) Bulk
[Ca2+]sr C) Ca2+ sparks with reduced JSR buffering, and D) Ca2+ sparks during leaky RyR2 conditions.
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WT spatial Ca2+ release dynamics
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Figure S9: Ca2+ release behavior during WT . A) Stochastic RyR2 gating during quiescent, WT conditions and
B) simulated transverse line-scan of quiescent Ca2+ release dynamics (as F/Fo) during WT conditions. Realistic
noise and confocal blurring are added after simulation. Optical blurring was perfomed using a model point spread
function (PSF) consistent with confocal PSFs (i.e., 400 nm in the x,y direction and 800 nm in the z direction).
White noise equalling 10% of F/Fo was added after optical blurring.
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[Ca2+]idynamics during rapid pacing
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Figure S10: Action potentials (left axis, blue line) and [Ca2+]i transients (right axis, red lines) generated by the
model at 8 Hz.
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[Ca2+]i dynamics during perforated-patch APs and Rabbit APs
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Figure S11: A) [Ca2+]i transients (right axis, red lines) generated by the model when membrane potential (V ) is
clamped to an experimental, perforated-patch, mouse AP (left axis, blue line) (digitized from [3]). B) [Ca2+]i tran-
sients (right axis, red lines) generated by the model when membrane potential (V ) is clamped to an experimental,
ruptured-patch, rabbit AP (left axis, blue line) (digitized from [4])
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Extended Data Figure 1. Calibration of fluorescent measurements with Ca2+ indicators. a,      
Fluo-4 Ca2+ titration curve.  Shown is the fraction of Flou-4 bound with Ca2+ at the indicated 
added [Ca2+] amounts. Each point is a triplicate average. b, Fluo-4FF Ca2+ titration curve.  
Shown is the fraction of Flou-4FF bound with Ca2+ at the indicated added [Ca2+] amounts. Each 
point is a triplicate average. c, Rhod-2 Ca2+ titration curve.  Shown is the fraction of Rhod-2 
bound with Ca2+ at the indicated added [Ca2+] amounts. Each point is a triplicate average. 
Titration is done in the absence and presence of PVP (Polyvinylpyrrolidone) in the assay buffer.  
d, Ca2+ titration curve for Fura-2AM or Rhod-2AM loaded mitochondria. Shown is the fraction 
of Fura-2 or Rhod-2 bound with Ca2+ at the indicated free Ca2+ concentration in the 
mitochondrial matrix ([Ca2+]m). Each point is a triplicate average. 1 µM FCCP and 1 µM of the 
Ca2+ ionophore Ionomycin is used to equilibrate [Ca2+]m  with the extra-mitochondrial free 
[Ca2+] (i.e.., [Ca2+]extra, free).  [Ca2+]extra, free is measured with Fluo-5N. Fit line questions for panels 
a-d are detailed in the main methods section.  
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Extended Data Figure 2. Calibration of TMRM measurements. a) Measured TMRM 
fluorescence ratio (F573/F46) over the maximal fluorescence ratio from mitochondria exposed to 
2,4-Dinitrophenol ([DNP]) as indicated. b) Measured extra-mitochondrial TMRM 
concentration. c) The mitochondrial inner membrane potential (∆Ψm). d) ∆Ψm and its 
corresponding TMRM fluorescence ratio. Linear fit lines are as indicated in the inset. 
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Extended Data Figure 3. Calibration of ATP measurements. a) Measured luminescence 
signal calibrated to [ATP] in the well using the inset calibration curve. b) Measured 
mitochondrial matrix free Ca2+ concentration ([Ca2+]m) associated with the ATP measurements 
in a. c) Time-course of raw luminescence signal over 20 s. d) ATP production rate based off of 
the linear fit to measurements in a and scaled to units of µmol per liter cytosol. 
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Extended Data Figure 4. Calibration of pHm measurements. a-b) Excitation and emission 
spectra of mitochondria loaded with BCECF (2′,7′-Bis(2-carboxyethyl)-5(6)-carboxyfluorescein 
acetoxymethyl ester). Measurements are done at the indicated pH levels (1 µM FCCP is used to 
equilibrate pHm and the extra-mitochondrial buffer pH). c) Measured fluorescence ratio from 
BCECF loaded mitochondria at the indicated mitochondrial pH values (pHm). d) pHm 
measurements following exposure to sodium acetate at the indicated concentrations.  
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